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1. ABSTRACT 

Collagen, the most abundant structural protein in the human body, plays a pivotal 

role in tissue integrity and regeneration, making it an essential biomaterial for various 

medical applications. This doctoral research explored innovative applications of collagen-

based biomaterials in the dental field, focusing on their use for soft and hard tissue 

regeneration, oral wound healing, as well as enhancement of implant integration and 

vascularization. The project addressed the critical challenges associated with peri-implant 

and periodontal tissue repair by leveraging the unique properties of type I collagen, 

including biocompatibility and bioactivity. The research was conducted through a series of 

in vitro, ex vivo, and in vivo experiments, systematically investigating the biological 

responses of collagen-based biomaterials. Key areas of study included (i) the evaluation of 

a liquid collagen formulation for oral wound healing, (ii) the design of collagen coatings 

for innovative dental implant surfaces aimed at improving osseointegration, and (iii) the 

assessment of tissue regeneration and angiogenic properties of a collagenated xenograft. 

Overall, the findings demonstrated that collagen-based biomaterials promoted 

cellular adhesion, proliferation, and differentiation while facilitating vascularization and 

mechanotransduction. Moreover, a novel implant design, together with a collagen coating 

of the screw, was developed and tested both on soft and hard tissue cells and an in vivo 

animal model, showcasing enhanced cell-implant interactions, which are critical for 

maintaining peri-implant tissue health. Subsequently, several in vitro assessments and 

numerical simulations of the biomechanical behavior of the novel collagen-coated implant 

were conducted. Furthermore, the collagenated xenograft demonstrated significant 

potential in promoting tissue regeneration and angiogenic properties. The tested 

biomaterials were shown to support the integration of both soft and hard tissues, 

emphasizing their dual functionality in preventing biofilm adhesion and ensuring 

mechanical stability. 

Despite these promising outcomes, challenges remain in optimizing the physical 

and biochemical properties of collagen-based biomaterials to match the hierarchical 

structure of the natural extracellular matrix. Future directions include exploring a better 

functionalization of the coating on the implant surfaces, incorporating bioactive molecules 

to enhance regenerative and antimicrobial capacities, and investigating the potential of the 

collagen-coated surface in improving tissue integration in further cellular, animal, and 

human studies.  
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This research highlighted the regenerative potential of collagen-based 

biomaterials in the dental field, offering new paradigms for improving the clinical 

outcomes of implant therapies and regenerative procedures. The findings set the stage for 

further advancements in biomaterial science and regenerative medicine, aiming to enhance 

both functional and aesthetic results for patients. 
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2. INTRODUCTION 

2.1. COLLAGEN IN PERIODONTAL AND PERI-IMPLANT 

TISSUES 

Collagen constitutes approximately 30% of the total protein content within the 

human body, rendering it the most prevalent protein across various biological systems. As 

the principal structural protein of the extracellular matrix (ECM), collagen plays a vital 

role in the integrity and functionality of a wide range of connective tissues, including 

cartilage, bone, blood vessels, skin, and the cornea. Among the 28 known collagen 

subtypes, types I, II, and III collectively account for approximately 80–90% of the total 

collagen present in the body, underscoring their significance in numerous structural roles. 

Although "minor collagens" exist in smaller quantities, they fulfill essential functional 

roles crucial for the proper functioning of complex tissues, thereby illustrating the diverse 

functionalities of collagen within the human body [1]. The variations among different 

collagen types are intricately associated with their unique structural and biological 

functions at various levels: submolecular, molecular, and supramolecular. These variations 

enable collagens to provide specialized support that meets the specific mechanical and 

biochemical requirements of different tissues [2]. Among the various collagen types, type I 

collagen is particularly noteworthy as it is the most abundant, comprising approximately 

70% of the entire collagen family. This collagen subtype is extensively studied and 

acknowledged for its fundamental role as the primary fibrous component of connective 

tissues throughout the body. Type I collagen is crucial for maintaining the structural 

architecture, shape, tensile strength, and elasticity of a diverse array of biological tissues, 

including skin, bone, ligaments, and tendons [2].  

As an essential component of the ECM, collagen significantly influences cellular 

behavior by regulating vital processes such as cell adhesion, proliferation, differentiation, 

and wound healing. Its unique hierarchical structure creates an intrinsic scaffold that 

supports cell attachment and growth, fostering an optimal environment for cellular 

activities. This abundant protein serves not only as a structural support framework but also 

actively engages in the biochemical signaling pathways that are critical for cellular 

function and tissue regeneration [3]. Over the past decade, collagen has evolved from 

being recognized merely as a fundamental structural protein to a pivotal element in the 

intricate architecture of multiple tissues within the stomatognathic system [4]. Collagen 

interacts dynamically with several key oral cell types, including human gingival fibroblasts 
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(hGFs), osteoblasts, and endothelial cells, thus facilitating essential biological activities 

such as tissue healing, osseointegration, and adequate vascularization. For instance, the 

interaction between collagen and fibroblasts is critical for the formation of new fibrous 

tissue. In addition, collagen's presence within the bone matrix is indispensable for the 

attachment and functionality of osteoblasts, which are responsible for bone formation. 

Moreover, endothelial cells, which line blood vessels, depend on collagen for proper 

adhesion, signaling, and the formation of new blood vessels, a process referred to as 

angiogenesis [5]. Furthermore, the role of collagen in tissue repair and regeneration is 

paramount. In response to injury or inflammation, collagen is crucial in mediating the 

healing process by promoting the recruitment of various cell types necessary for tissue 

repair. The organization of collagen fibers significantly influences the development of 

granulation tissue and subsequent remodeling, which are essential for restoring both 

function and aesthetics in the oral cavity. Therefore, the dynamic interplay among 

collagen, cells, and the surrounding microenvironment is indispensable for maintaining the 

overall health and longevity of both natural teeth and dental implants [6].  

Recent research has significantly highlighted the essential role of the ECM, 

particularly collagen, in regulating various biological processes that are critical for the 

success of implants and the health of surrounding tissues. The interaction between collagen 

and various cellular entities is vital for the maintenance of both soft and hard tissues 

surrounding teeth and dental implants. This communication is particularly important in the 

context of dental implants, where the successful integration of the implant with adjacent 

bone and soft tissue is fundamental for long-term stability and functionality. Any 

disruption in this interaction may lead to complications such as implant failure or peri-

implantitis, thereby emphasizing the necessity for a healthy collagen architecture in these 

tissues [7,8]. Moreover, this interaction affects not only the biological integration of the 

implant but also its mechanical stability, as well-organized collagen fibers can effectively 

distribute loads and reduce stress concentrations at the implant-bone interface [9]. 

Furthermore, the quality and spatial distribution of collagen surrounding the implant site 

have been demonstrated to significantly impact the overall success of dental procedures, 

emphasizing the need for ongoing research and the exploration of innovative approaches 

aimed at enhancing collagen structure and function in the context of dental implants. 

Research indicates that the success of dental implants is contingent not only upon the 

effective management of the bone-implant interface but also upon the abundance and 

spatial arrangement of collagen fibers surrounding the implant. This distribution is 
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essential for ensuring adherence between periodontal and peri-implant tissues and the tooth 

or implant, which is crucial for preventing bacterial infiltration—a precursor to conditions 

such as gingivitis and chronic inflammatory diseases, including periodontitis and peri-

implantitis. These infections can result in severe complications, including significant bone 

and implant loss [10,11]. Notably, multiple studies have documented a distinct distribution 

pattern of collagen fibers within periodontal and peri-implant tissues, revealing a greater 

prevalence of longitudinally oriented peri-implant fibers compared to transverse fibers. 

This suggests that such orientations may confer different mechanical properties and 

functional advantages [7,12-14].  

Osseointegration and infection prevention are critical factors that significantly 

impact the long-term sustainability of the peri-implant region, which plays a central role in 

the overall success of dental implants. Consequently, it is essential for the peri-implant 

area to maintain a delicate balance of biological and mechanical properties to ensure the 

stability and functionality of the implant. Complications in these domains can lead to 

significant failures in implant therapy, highlighting the necessity for effective strategies to 

address challenges such as microbial infiltration and inadequate tissue integration [15]. 

Recently, there has been an increased emphasis on the integration of soft oral tissues with 

implants. This harmonious relationship between the implant and the surrounding peri-

implant tissues is vital, as it aids in preventing microbial invasion and preserving crestal 

bone levels. Furthermore, successful soft tissue integration enhances support for the entire 

peri-implant area, which is crucial not only for functional success but also for achieving 

optimal aesthetic outcomes. For instance, a well-integrated soft tissue profile can improve 

the visual appeal of the dental implant, thereby contributing to a more natural appearance 

[16,17]. As research continues to explore the complexities of soft tissue interactions with 

implants, the focus remains on developing innovative solutions that promote tissue health, 

regeneration, and integration to ensure sustained success in dental implant therapies. To 

address these concerns, numerous studies have explored novel biomaterials and advanced 

implant surface coatings designed to enhance the biological response and integrative 

capabilities of dental implants [18,19].  

 

2.2. COLLAGEN IN HARD AND SOFT TISSUE 

REGENERATION 

The remarkable capacity of type I collagen to support tissue regeneration 
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constitutes a fundamental factor contributing to its widespread use as a biomaterial across 

numerous therapeutic domains. Its intrinsic biocompatibility and biodegradability, 

combined with low immunogenicity and minimal antigenicity, significantly enhance its 

suitability for medical applications. Furthermore, the inherent bioactivity of type I collagen 

facilitates cellular communication and bolsters essential cellular functions required for 

effective tissue repair and regeneration. As a result, collagen is widely acknowledged as a 

highly attractive biomaterial for tissue engineering approaches. Its biocompatibility—

indicative of its ability to coexist with living tissues without eliciting an immune 

response—along with its bioactivity and natural cell-binding sites, renders it an ideal 

candidate for a multitude of regenerative medicine strategies [20-22].  

Research efforts increasingly focus on harnessing the properties of collagen to 

develop innovative scaffolds that foster tissue repair and regeneration in diverse clinical 

scenarios, including orthopedic applications, skin grafting, and dental implants [23]. 

Moreover, the array of processing techniques available for collagen enables the creation of 

a broad spectrum of scaffolds, such as hydrogels, sponges, and fibrous mats, which can be 

tailored to meet specific biomedical requirements [21,24]. However, the effectiveness of 

collagen-based scaffolds in promoting cellular interactions is markedly influenced by their 

capability to replicate the natural ECM structure across various length scales. Achieving an 

optimized scaffold design that accurately represents the hierarchical organization of native 

collagen is essential for facilitating appropriate cellular responses, including adherence, 

proliferation, and differentiation. This consideration is paramount for the success of tissue 

engineering strategies, as it greatly impacts the overall functionality and durability of the 

engineered tissue [25,26]. Therefore, current research endeavors are focused on the 

development of ideal scaffolding materials that not only mimic the natural architecture of 

collagen but also improve the biomechanical and biological performance of engineered 

tissues.  

Collagen-based materials are extensively employed in the regeneration of both 

bone and soft tissue, owing to their ability to support cellular processes such as 

osteogenesis, chondrogenesis, and wound healing [5]. In the field of dentistry, collagen 

scaffolds provide the requisite architecture for the regeneration of the periodontal ligament, 

cementum, gingiva, and alveolar bone, promoting cell attachment, proliferation, migration, 

and differentiation into fibroblasts and osteoblasts. Additionally, collagen facilitates the 

recruitment of stem cells and other progenitor cells to injury sites, thereby enhancing the 

regenerative process [5,26]. Notably, collagen regulates several signaling pathways crucial 
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for regeneration; it activates integrin receptors on the surface of periodontal ligament cells 

(PDLCs), triggering signaling cascades that promote cell survival, proliferation, and 

differentiation. For example, the activation of integrin α2β1 leads to downstream signaling 

via the mitogen-activated protein kinase (MAPK) and phosphatidylinositol 3-kinase 

(PI3K) pathways, which are associated with cellular growth and matrix production. 

Furthermore, collagen promotes angiogenesis, a vital process in peri-implant regeneration. 

The presence of blood vessels is essential for delivering nutrients and oxygen to 

regenerating tissues, which is critical for cell function and metabolic activities. Collagen 

fibrils can stimulate the release of angiogenic factors, such as vascular endothelial growth 

factor (VEGF), further enhancing blood vessel formation in the area surrounding implants 

[3,28,29].  

A comprehensive understanding of the multifaceted roles of type I collagen, in 

conjunction with advancements in scaffold design, holds significant potential for 

advancing regenerative medicine and improving patient outcomes. Ongoing research 

continues to investigate collagen’s functional properties, revealing its potential to enhance 

therapeutic outcomes and the quality of life for patients engaged in tissue repair and 

regeneration processes. The synthesis and organization of collagen are integral to the 

overall mechanical characteristics of these tissues, positioning it as a central focus of 

research in the realms of tissue engineering and regenerative medicine [30]. 

 

2.3. COLLAGEN-BASED BIOMATERIALS 

Collagen-based biomaterials have emerged as pivotal components in the field of 

regenerative medicine, specifically in the form of allografts and xenografts. Both types of 

grafts present a range of advantages and limitations within clinical practice. Thus, a 

comprehensive understanding of their characteristics is essential for effective tissue repair 

and regeneration. The application of xenografts and alloplastic bone substitutes serves as a 

valuable and safe technique, offering high manageability while obviating the necessity for 

donor site harvesting associated with autologous graft retrieval [31]. Allografts are derived 

from donors of the same species as the recipient, typically involving human tissue obtained 

from cadaveric sources. Collagen-based allografts demonstrate excellent biocompatibility 

and are extensively employed due to their inherent properties that promote cellular 

adhesion, integration, and proliferation. These allografts find application across various 

domains, including orthopedic surgeries (such as bone repair), periodontal regeneration, 
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and soft tissue reconstruction. Despite the well-documented low immunogenicity of type I 

collagen, some patients may still elicit an immune response due to residual cellular 

components or antigens, particularly in cases involving partially processed grafts. 

Consequently, meticulous donor selection and processing methods are indispensable in 

minimizing immunogenic risks. Conversely, xenografts are sourced from different species 

and primarily utilized to reduce donor site morbidity and enhance graft availability. 

Collagen-based xenografts possess properties akin to those of allografts, providing 

structural support while facilitating the cellular activities necessary for tissue regeneration. 

Their advantages include greater abundance and reduced cost relative to allografts, thus 

extending the availability of collagen-derived matrices in clinical applications, especially 

in high-demand surgical interventions [32-34]. The scope of xenograft applications is 

wide-ranging, encompassing bone augmentation, periodontal treatments, and dermal 

substitutes for skin grafting. These grafts have demonstrated effective integration within 

diverse tissue types, leading to successful healing outcomes. However, the use of 

xenografts is accompanied by significant safety concerns, primarily related to the potential 

transmission of zoonotic diseases and immunogenicity associated with foreign proteins. 

While rigorous donor animal screening and advanced preparation techniques can mitigate 

these risks, they continue to incite ethical debate within the medical community [35,36]. 

Within the context of xenografts, collagen can be derived from various materials, 

including animal-derived products (e.g., bovine and porcine sources) as well as marine 

sources (e.g., fish skin). The investigation of sustainable collagen sources, such as 

recombinant collagen, is also progressing [32]. The selection of the collagen source for 

extraction is a critical initial step in the production of collagen-based scaffolds, as this 

decision significantly impacts subsequent processing and influences the physical, 

chemical, mechanical, and biological properties of the resulting scaffolds [25,37]. Medical-

grade collagen utilized in scaffold manufacturing is traditionally acquired from 

mammalian tissues. Only recently have recombinant production systems begun to be 

implemented. Notably, recombinant human collagen can be expressed by both prokaryotic 

and eukaryotic hosts, presenting the opportunity for consistent large-scale production. 

However, it is important to note that recombinant collagen does not fully replicate native 

human collagen due to incomplete posttranslational modifications. While mammalian cells 

can partially address this concern, their employment poses challenges such as elevated 

production costs and extended production timelines. Despite the promise of recombinant 

collagens, unresolved issues render them less appealing and more costly, thus establishing 
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animal-derived collagen as the current gold standard in the field [38,39]. Mammalian-

derived collagen is preferred due to its high sequence homology with human collagen. 

Nonetheless, apprehensions regarding immune responses, zoonotic risks, and religious 

considerations restrict the application of mammal-derived collagen. For example, bovine 

collagen, which constitutes a significant industrial source, poses allergic risks for 

approximately 3% of the population and entails additional risks related to prion 

contamination and the transmission of bovine spongiform encephalopathy (BSE). 

Additionally, collagen obtained from porcine skin and bone is widely utilized in industry 

but is not permissible within Judaism and Islam. Although the incidence of allergic 

reactions to porcine collagen is lower in comparison to bovine collagen, the potential for 

zoonotic transmission remains a concern [40,41]. In contrast, collagens derived from avian 

and aquatic sources present fewer religious dilemmas and demonstrate relative safety; 

however, they differ from land animal collagens in several aspects, including amino acid 

composition, glycosaminoglycan content, and thermal behavior. Collagen isolated from 

marine organisms exhibits unique properties, such as lower gelling and melting 

temperatures and reduced extraction yields in comparison to mammalian-derived collagen 

[42]. Equine collagen represents a compelling alternative in this discussion due to its 

elimination of zoonotic risks, absence of religious restrictions, and minimal reported 

immune reactions, distinguishing it from other animal sources [43,44]. 

Tendons and skin are frequently selected for collagen extraction due to their 

substantial collagen content. For example, the Achilles tendon may contain up to 85% 

collagen in its dry mass, while skin typically consists of approximately 70% collagen. The 

yield of collagen from these tissues can vary considerably based on the extraction method 

and the specific characteristics of the animal source, with yields potentially exceeding 

70%. Collagens isolated from the skin and tendons of mammalian sources demonstrate 

distinct properties. Tendon collagen fibers are characterized by dense packing and 

alignment, which contribute to a high degree of hierarchical organization and increased 

stability. In contrast, skin collagen fibers are arranged in a loose network, rendering them 

more susceptible to enzymatic cleavage. Moreover, aging is associated with an increase in 

collagen cross-links, which results in reduced flexibility and increased acid-insolubility of 

the collagen. Although the isolation of type I collagen from skin, articular cartilage, and 

flexor tendons has been reported, tendons are regarded as the optimal source for extraction 

due to their highest concentration of type I collagen (approximately 90%) and the minimal 

presence of protein contaminants [44,45]. 
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Recent investigations have focused on the development of mineralized collagen 

scaffolds that improve mechanical properties, thereby enhancing their applicability for 

load-bearing functions in bone repair [46]. Techniques such as the incorporation of 

hydroxyapatite into collagen matrices have demonstrated promising outcomes in terms of 

osteogenic capacity and biocompatibility [47]. Furthermore, collagen membranes utilized 

around dental implants serve a dual role: they act as barriers to preclude soft tissue 

encroachment while simultaneously promoting bone regeneration. This selective 

permeability ensures that only osteogenic cells are permitted access to the area, which is 

crucial for the successful integration of implants. The capability of collagen membranes to 

inhibit the migration of non-osteogenic cells preserves the space necessary for new bone 

formation [48]. Moreover, collagen-based hydrogels have proven effective in the repair of 

cartilage and soft tissue by providing a hydrated environment that fosters the growth of 

chondrocytes and fibroblasts, as well as the deposition of the ECM. These hydrogels can 

also be modified to incorporate growth factors or other bioactive molecules, thereby 

enhancing tissue integration and reparative processes [49]. In the arena of periodontal 

regeneration, collagen membranes are frequently employed in guided tissue regeneration 

(GTR) techniques, serving as physical barriers that prevent the migration of epithelial cells 

into wound sites. This characteristic allows for the uninterrupted repopulation of the area 

by progenitor cells, facilitating the formation of new periodontal tissue. The collagen 

membranes create a conducive microenvironment that supports the growth of essential 

bone and soft tissues necessary for periodontal health [50]. 

In this context, the use of innovative double-phase collagenated biomaterials 

(OsteoBiol®, Tecnoss® s.r.l., Giaveno, Italy) has seen over 20 years of application in 

ensuring successful tissue regeneration and implant integration [51]. These materials are 

porcine collagenated xenografts that exhibit exceptional biocompatibility and 

osteoconductive properties, which currently stand as the gold standard for applications in 

regenerative medicine. A specialized product has been developed for each clinical 

indication, aiming to provide optimal handling, granulometry, and consistency to achieve 

ideal regenerative outcomes. Notably, the dual-phase heterologous bone matrix granules 

consist of a mineral phase and a xenogenic collagen phase, which contributes to superior 

biocompatibility, a chemical composition akin to autogenous bone, controlled resorption of 

the bone matrix with progressive replacement by newly formed bone at the time of re-

entry, and significant angiogenic potential. These factors are crucial for the success of bone 

regeneration procedures, which may be further enhanced through the utilization of some of 
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these xenografts [51].  

The various processing techniques employed in the extraction and modification of 

collagen facilitate the customization of essential properties, including mechanical strength, 

degradation rate, and porosity. This versatility renders collagen-based biomaterials 

appropriate for a wide range of clinical applications [52]. However, the processing steps 

involved in collagen isolation and scaffold fabrication can significantly influence the 

inherent assembly of collagen, potentially affecting cellular responses and overall 

biological functionality [53]. Previous research on collagens derived from diverse sources 

has established a correlation between varying production treatments and collagen’s 

structural features at both submolecular and supramolecular levels, which considerably 

impacts the mechanical and biological characteristics of collagen-based medical devices 

[54,55]. 

Addressing these research gaps presents substantial potential for the enhancement 

of implant therapies and the improvement of patient outcomes in the future. Ultimately, a 

deeper understanding of collagen's multifaceted role within the ECM may pave the way for 

the development of advanced biomaterials and therapeutic strategies that promote optimal 

tissue integration and extend the longevity of dental implants. 
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3. AIMS OF THE PRESENT THESIS 

Based on the aforementioned Introduction, this doctoral research project was 

designed to conduct a thorough evaluation of cell adhesion mechanisms and the expression 

of various biomarkers associated with critical biological processes, such as 

mechanotransduction, osteogenic differentiation, and neoangiogenesis, in response to 

collagen application. The investigation aimed to explore the implications of these 

processes on gingival tissue health, osseointegration, and the promotion of vascularization. 

Additionally, acknowledging the significant impact of implant surface composition and 

morphology on tissue interactions, a primary objective was to design and develop an 

innovative collagen-coated implant specifically engineered to enhance tissue integration 

and improve overall clinical outcomes.  

To systematically address these objectives, this research was organized around 

three principal macro-objectives, each dedicated to elucidating the multifaceted role of 

type I collagen concerning various aspects of tissue health and regeneration. The first 

objective focused on the preservation of soft tissue health, underscoring the vital functions 

that collagen serves in maintaining the structural integrity and resilience of gingival 

tissues. The second objective primarily investigated the enhancement of osseointegration, 

detailing the interactions between collagen and osteogenic cells that facilitate effective 

bonding between implants and surrounding osseous structures. The third objective mainly 

examined the promotion of vascularization, emphasizing collagen’s capacity to stimulate 

neoangiogenesis, thereby ensuring an adequate blood supply that is essential for tissue 

regeneration and healing.  

To pursue these aims, the research employed a rigorous evaluation and testing of 

various collagen-based biomaterials through a series of in vitro, ex vivo, and in vivo 

experiments designed to assess cellular responses and tissue interactions with collagenated 

biomaterials and implant surfaces. This comprehensive approach sought to provide 

valuable insights into the intricate dynamics of collagen's role in periodontal health, 

implant success, and the enhancement of soft tissue and bone regeneration outcomes. 

Ultimately, the findings may hold significant implications for the advancement of clinical 

practices within the fields of dental implantology and regenerative medicine. 
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4. COLLAGEN-BASED BIOMATERIALS TESTED 

4.1. A LIQUID COLLAGEN FOR ORAL WOUND HEALING 

[56] 

The absence of adequate keratinized mucosa and insufficient buccal depth may 

significantly contribute to the onset and progression of periodontal and peri-implant 

inflammation [57]. Such complications necessitate the prompt initiation of healing 

procedures to facilitate the restoration of both the structure and function of the soft tissues. 

This specific healing response, akin to that observed in wound healing, is characterized by 

three temporally overlapping but distinct phases: (i) hemostasis and inflammation, (ii) 

formation of new tissue, and (iii) tissue remodeling. Generally, the healing of connective 

tissues is contingent upon the involvement of various factors and resident cell populations 

capable of synthesizing an appropriately structured ECM, which, in turn, supports cellular 

activation, proliferation, and differentiation [58].  

Regarding the initial section of this project, it has become increasingly evident 

that type I collagen plays a crucial role in the final stages of the oral wound healing 

process. During this critical phase, dense collagen fibers are synthesized and organized 

into an aligned ECM fibrillar network, which is essential for facilitating the remodeling 

and maturation of newly formed soft tissues. This alignment not only confers structural 

integrity but also enhances the mechanical properties of the tissue, thereby promoting 

optimal healing conditions [59]. Notably, hGFs are instrumental in the formation and 

remodeling of periodontal and peri-implant tissues. They synthesize and organize the 

ECM, ensuring structural stability and creating a network of collagen fibers that enables 

the re-establishment of the mucosal seal. Furthermore, fibroblasts can communicate with 

adjacent cells by secreting growth factors and cytokines or releasing them in the ECM, 

thus creating intricate cellular communication networks and transmitting mechanosensory 

signals [60].  

Recent research has underscored the significance of the ECM, particularly type I 

collagen, on the morpho-functional properties of cells and mechanotransduction—the 

intracellular molecular mechanism whereby a physical stimulus is converted into a 

biological response. It has been demonstrated that, in cultured fibroblasts, focal adhesions 

represent one of the most extensively studied adhesive structures. These structures enable 

cells to perceive the mechanical characteristics of the ECM, serving as a critical 

determinant of tissue homeostasis. Following the integrin-mediated binding of cells to the 
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ECM, focal adhesion kinase (FAK) is among the first molecules activated and recruited to 

the adhesions, where it undergoes autophosphorylation. FAK plays a pivotal role in 

controlling cellular processes linked to adherence-dependent signaling, thus regulating cell 

migration, proliferation, and survival [61]. Additionally, various mechanotransduction 

mechanisms may contribute, including regulation of the Hippo pathway, which ultimately 

aims to restrict the transcriptional activity of anti-Phospho-WW domain-containing 

transcription regulator protein 1 (WWTR1, TAZ) and anti-Yes-associated protein (YAP) 

by preventing their entry into the nucleus. Consequently, YAP and TAZ are recognized as 

key mechanotransducers capable of sensing and transducing mechanical cues, such as the 

stiffness of the extracellular environment. Research has shown that when a single cell 

stretches on the ECM, cytoskeletal adaptation to cell morphology activates YAP/TAZ and 

promotes their nuclear accumulation, which fosters cell proliferation while inhibiting 

differentiation. Conversely, manipulation of cell morphology into a rounded, compact 

shape—thereby limiting adhesion to a restricted ECM adhesive area—or exposure to a stiff 

matrix result in the phosphorylation and exclusion of YAP/TAZ from the nucleus, thereby 

disabling their transcriptional functions and initiating differentiation while halting 

proliferation [62]. Accordingly, various upstream stimuli—including mechanical cues 

from the cytoskeleton, cellular stress, intercellular adhesion, cell polarity, and extracellular 

signaling—lead to the activation of the Hippo pathway. Given that the primary function of 

fibroblasts is the synthesis of critical ECM components, such as collagen, which interact 

dynamically with the newly formed collagen matrix to provide structural support to the 

tissue, it is evident that collagen itself can serve as a stimulus for cellular proliferation, 

differentiation, and activation [63]. 

A range of sources and formats of collagen has been proposed for the regeneration 

of periodontal and peri-implant tissues. For instance, collagen barrier membranes and 

collagen matrices are typically employed for soft tissue regeneration, while collagen 

sponges and cones are utilized for the stabilization of oral wounds and extraction sockets. 

Additionally, with advances in aesthetic medicine, collagen is increasingly utilized in its 

injectable form as a tissue stimulator [64]. 

One of the objectives of regenerative dentistry is to promote the endogenous 

repair of tissues through the manipulation of stem cells or by optimizing the intrinsic 

characteristics and plasticity of differentiated cells within adult tissues. In this context, 

fibroblasts represent a viable alternative to stem cells, as they exhibit both phenotypic and 

regenerative properties. Notably, hGFs have demonstrated enhanced regenerative capacity 
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when compared to other fibroblast populations. Moreover, the accessibility of hGFs 

through minimally invasive procedures, which do not compromise aesthetic outcomes, 

coupled with their rapid in vitro expansion and robust responsiveness to extrinsic factors, 

establishes them as a valuable resource for regenerative medicine [65]. 

Despite these advancements, there remains a scarcity of studies that elucidate the 

specific effects of physical stimuli on the efficacy of soft tissue regeneration procedures. 

Therefore, the first macro-aim of this doctoral project was to investigate the influence of a 

liquid collagenated coating on hGFs viability, proliferation, and migration in the context of 

wound healing, as well as its effects on the expression and activation of certain 

mechanotransduction markers [56]. 

 

4.1.1. MATERIALS AND METHODS 

The Collagen-Based Biomaterial 

The primary biomaterial examined in the initial experimentation of this doctoral 

project was a liquid medical device comprised predominantly of porcine type I collagen, 

alongside ancillary components including ascorbic acid, magnesium gluconate, pyridoxine 

hydrochloride, riboflavin, thiamine hydrochloride, sodium chloride, and water for injection 

(Dental SKIN BioRegulation, Guna S.p.a., Milan, Italy). This collagen formulation was 

employed as a coating for primary cultures of hGFs and was subsequently assessed 

through a series of comprehensive in vitro experiments. Notably, this product has been 

engineered to counteract the physiological aging of connective tissues and is intended to 

function as a mechanical bio-scaffold, offering both physical and chemical support to the 

collagen fibers present in the soft tissues surrounding teeth. Given that the biological 

effects induced by this collagen formulation in hGFs have not been previously explored, 

the findings of this study may illuminate the mechanisms underlying the potential 

beneficial impacts of its application in the dental domain and could represent a novel 

approach to facilitating collagen maturation and promoting soft tissue healing around 

natural teeth or dental implants [66]. 

The Collagen Coating 

Based on the findings reported by Randelli et al. [66] concerning human 

tenocytes, this study posited that cultivating hGFs on a collagen-based coating could serve 

as an effective substrate for cell cultures, potentially enhancing their mechanical 
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stimulation and influencing their proliferation and migratory capabilities. Dental SKIN 

BioRegulation (100 μg/ 2 mL) was employed to create a thin coating on multi-well plates 

or Petri dishes, with the addition of 500 μL per 24-well plate and 5 mL per 100 mm 

diameter Petri dish. To ensure proper adhesion of the collagen to the plastic surfaces, the 

coated multi-well plates and Petri dishes were incubated at room temperature (RT) for 4 h 

prior to the removal of the excess solution. Subsequently, the coated surfaces were allowed 

to dry under a laminar flux hood. These coated plastics were utilized immediately or stored 

at 4 °C, in accordance with recommendations from previous research [66]. The hGFs 

cultured on collagen-coated cell culture plastic substrates were designated as test cultures 

(COL) and were subjected to comparison with hGFs seeded on uncoated cell culture 

plastic substrates, which served as untreated controls (CTRL). 

Cell Cultures 

The hGFs utilized for the two-dimensional (2D) culture experiments were isolated 

from human gingival biopsies obtained from nine patients undergoing partial gingivectomy 

procedures at the dental clinic of the University G. D’Annunzio Chieti-Pescara (CE, N° 

1968-24/07/2020). The gingival samples collected were immediately rinsed with a 

physiological solution containing 1% Amphotericin B (cat. A2942, Sigma-Aldrich, St. 

Louis, MO, USA) and 1% Penicillin-Streptomycin (P/S; cat. P4333, Sigma-Aldrich, St. 

Louis, MO, USA) prior to being subjected to enzymatic digestion using a 

collagenase/dispase solution (cat. 10269638001, Sigma-Aldrich, St. Louis, MO, USA) for 

1 h at 37 °C. Subsequently, the digested specimens were placed in a 60 mm diameter Petri 

dish containing a culture medium composed of Dulbecco’s modified Eagle medium 

(DMEM) low glucose (cat. D6046, Sigma-Aldrich, St. Louis, MO, USA), supplemented 

with 20% fetal bovine serum (FBS; cat. 41A0045K, Thermo Fisher Scientific, Waltham, 

MA, USA), 100 mM L-glutamine (cat.G7513, Sigma-Aldrich, St. Louis, MO, USA), and 

1% P/S, allowing the cells to migrate spontaneously from the tissue. The isolated hGFs 

were then cultured in a controlled atmosphere of 5% CO2 at 37 °C until they reached 

confluence, at which point they were employed for various experiments. 

Furthermore, the characterization of specific markers expressed by hGFs was 

conducted to assess their profile, including the analysis of CD105 (FITC-conjugated 

antibody; cat. 326-040, BD Biosciences, San Jose, CA, USA), CD73 (PE-conjugated 

antibody; cat. 550257, BD Biosciences, San Jose, CA, USA), CD90 (FITC-conjugated 

antibody; cat. 555595, BD Biosciences, San Jose, CA, USA), CD326 (PerCP-Cy5.5-
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conjugated antibody; cat. 347199, BD Biosciences, San Jose, CA, USA), and CD45 

(FITC-conjugated antibody; cat. 196-040, BD Biosciences, San Jose, CA, USA). For 

cytometric analysis, the FACSVerse, FACSDiva version 6.1.3, and IDEAS software (BD 

Biosciences, Milan, Italy) were employed. 

Additionally, the morphology of COL samples was compared to that of CTRL 

samples using scanning electron microscope (SEM) analysis (Phenom XL; Alfatest, 

Cernusco sul Naviglio, Italy). In summary, the cells were cultured on 12 mm diameter 

round coverslips, either uncoated or coated with Dental SKIN BioRegulation, within 24-

well culture plates for a duration of 24 h. The samples were fixed with 3.5% 

glutaraldehyde (cat. 49630, Sigma-Aldrich, St. Louis, MO, USA) in 0.1 M sodium 

cacodylate (NaCaCO; cat. C0250, Sigma-Aldrich, St. Louis, MO, USA) buffer for 24 h 

and subsequently stored at 4 °C, followed by post-fixation in 2% osmium tetroxide (OsO4; 

cat. 75632, Sigma-Aldrich, St. Louis, MO, USA) prepared in the same buffer. The 

specimens were washed in distilled water, dehydrated through successive incubation in 

increasing concentrations of ethyl alcohol (50%, 70%, and 100%; cat. 1009832511, Sigma-

Aldrich, St. Louis, MO, USA), and then treated with hexamethyldisilazane (HMDS; cat. 

804324, Sigma-Aldrich, St. Louis, MO, USA) before air-drying overnight at RT. The dried 

specimens were mounted on SEM stubs using double-sided carbon tape and sputter-coated 

with gold (150 Å) prior to imaging acquisition with the Phenom XL microscope. 

Cryopreserved hGFs from passages three to six were utilized to conduct 

morphological, functional, and molecular evaluations. The cells were cultured in 24-well 

plates with a culture medium (DMEM low glucose, 10% FBS, 100 mM L-glutamine, and 

1% P/S) for both short- and long-term viability assessments, as well as wound healing 

assay. Additionally, 100 mm diameter Petri dishes were utilized for flow cytometric 

analysis after 48 h of culture. Figure 1 provides a summary of the experimental design for 

this study.  
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Figure 1. The study design delineating the experimental conditions and treatments utilized. 

The control group (CTRL) consists of human gingival fibroblasts (hGFs) cultured under 

standard conditions with the appropriate culture medium. The experimental group (COL) 

includes hGFs cultured under specific test conditions on a collagen-coated surface, 

accompanied by the designated culture medium. h: hours, d: days. 

Calcein AM Cell Viability Assay 

For viability assessments, CTRL and COL hGFs were cultured in 24-well culture 

plates at varying cell densities tailored for each experimental time (7×104, 6×104, 4×104, 

2.5×104, and 2×104 cells/well for 24 h, 48 h, 72 h, and 7 days, respectively). At each 

designated time point, cells were washed twice with phosphate buffer saline (PBS 1×; cat. 

D8662, Sigma-Aldrich, St. Louis, MO, USA) prior to being trypsinized with a 5 mM 

trypsin/EDTA solution (cat. 59418C, Sigma-Aldrich, St. Louis, MO, USA) and 

subsequently harvested in PBS 1× within flow cytometry tubes. Following centrifugation 

at 1500 rpm for 5’ at RT, the supernatant was discarded. All samples, with the exception of 

the negative controls, were incubated for 20’ at RT in the dark with calcein AM solution 

(calcein AM powder dissolved in dimethyl sulfoxide−DMSO−at a concentration of 1 mM; 

cat. C3099, Thermo Fisher Scientific, Waltham, MA, USA), achieving a final 

concentration of 0.1 μM in PBS 1×. Subsequently, the fluorescence of the samples (λex 

488 nm, λem 516 nm) was quantified using a FACS Canto II flow cytometer (BD 

Biosciences, Milan, Italy), and the data were analyzed employing FACSDiva version 6.1.3 

and IDEAS software. Results were presented as a mean fluorescence intensity (MFI) ratio, 

calculated by dividing the MFI of positive events by the MFI of negative events (MFI of 

secondary antibody). 
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Scratch Assay 

The scratch assay is a well-established in vitro model utilized for investigating the 

wound-healing properties of cells, specifically in terms of cell activation and migration in 

response to injury [67]. Cell migration for both CTRL and COL hGFs was analyzed using 

24-well culture plates. Cells were seeded at a density of 7×104 per well and subsequently 

subjected to a 24-h starvation period in DMEM with low glucose and 0.1% FBS. A scratch 

was then created on the monolayers using a 200 μL plastic tip. Following the creation of 

the wound, the monolayers were washed with DMEM low glucose to eliminate cell debris. 

Cell migration occurred in 1 mL of culture medium supplemented with 10% FBS. 

Observations were made, and images were captured immediately following the scratching 

(T0) as well as at various time points—3 h, 6 h, 12 h, 24 h, and 48 h (T3-T48)—utilizing a 

Personal AUtomated Lab Assistant (PAULA) Smart Cell Imager (Leica Microsystems Srl, 

Buccinasco, Italy). The percentage of wound closure (%) from T0 to T48 was calculated 

using ImageJ software (Rasband, W.S., ImageJ, U. S. National Institutes of Health, 

Bethesda, MD, USA), employing the following formula [68]:  

𝑤𝑜𝑢𝑛𝑑 𝑐𝑙𝑜𝑠𝑢𝑟𝑒 % =
T0−T24

T0
× 100. 

Flow Cytometry Analysis 

The influence of collagen coating on the expression of FAK, YAP/TAZ, and their 

phosphorylated forms in hGFs was assessed through flow cytometry analysis. Following a 

48-h culture period, the cells were detached using a trypsin/EDTA solution (5 mM), 

collected in PBS 1×, and centrifuged at 1500 rpm for 5’ at 4 °C. The cells were then 

resuspended in a fixation solution (BD™ FACS™ Lysing Solution; cat. 349202, BD 

Biosciences, San Jose, CA, USA) at a dilution of 1:10, followed by permeabilization (BD 

FACS™ Permeabilizing Solution; cat.340973, BD Biosciences, San Jose, CA, USA) also 

at a dilution of 1:10 for 5’ in darkness. Subsequently, all samples, with the exception of 

negative controls, were incubated with primary antibodies, specifically anti-FAK (1:100; 

cat. A32309, Anti-bodies.com Europe AB, Stockholm, Sweden), anti-YAP (1:50; cat. 

A3237, Anti-bodies.com Europe AB, Stockholm, Sweden), anti-TAZ (1:50; cat. E5P2N, 

Anti-bodies.com Europe AB, Stockholm, Sweden), anti-pYAP (1:200; cat. BK130085, 

Cell Signaling Technology, Milan, Italy), and anti-pTAZ (1:500; cat. SAB5701813, 

Thermo Fisher Scientific, Waltham, MA, USA) for 30’ at 4 °C in the dark. The same 

incubation parameters were applied to Alexa Fluor 488- (cat. 11034, Thermo Fisher 
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Scientific, Waltham, MA, USA) and 647- (cat. A-21235, Thermo Fisher Scientific, 

Waltham, MA, USA) conjugated secondary antibodies prior to the collection of samples in 

PBS 1× for analysis using the FACS Canto II flow cytometer. The resulting data were 

evaluated using FACSDiva version 6.1.3 and IDEAS software, with outcomes expressed 

as MFI ratios, calculated by dividing the MFI of positive events by that of negative events 

(specifically the MFI of the secondary antibody). 

Statistical Analysis 

Data were presented as the mean ± standard error of the mean derived from a 

minimum of three independent experiments utilizing isolated cell strains obtained from 

distinct hGF biopsies. Each experiment was carried out in technical triplicates. Statistical 

analysis was conducted employing GraphPad Prism Software Analysis version 9 

(GraphPad Software, San Diego, CA, USA), utilizing the Kruskal–Wallis test for 

comparisons involving more than two groups, or the Kolmogorov–Smirnov test for 

comparing the effects of the COL and CTRL groups. Statistical significance was 

established at a p-value ≤ 0.05.  

 

4.1.2. RESULTS 

Evaluation and Characterization of hGFs and Cellular Morphology 

Before assessing the collagen coating effect on this cellular model, the phenotype 

of hGFs was first characterized. The cells were obtained from gingival biopsies through a 

combined isolation technique that employed enzymatic digestion followed by spontaneous 

migration [69]. These cells demonstrated a distinct fibroblast-like morphology (Figure 2a) 

and exhibited the expression of typical markers, specifically CD105, CD73, and CD90, 

while lacking expression of CD45 and the epithelial marker CD326 (Figure 2b). 
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Figure 2. (a) Representative phase-contrast micrograph of isolated hGFs obtained using 

the PAULA Smart Cell Imager; (b) Characterization of hGFs. Representative graphs 

depicting the expression of CD105, CD73, CD90, CD45, and CD326, assessed through 

cytometric analysis.  

Upon examination through SEM of CTRL and COL hGFs after 24 h (Figure 3), 

both groups exhibited typical fibroblastoid morphology characterized by a spindle shape. 

 

Figure 3. Representative scanning electron microscopy (SEM) images of CTRL and COL 

hGFs cultivated on glass coverslips. Magnification: 310×; scale bar: 200 μm. 
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However, the cells cultivated on the collagen coating displayed a greater degree of 

interconnection, with prominent radial filopodia and lamellipodia-like structures. 

Conversely, the CTRL cultures appeared more elongated and were arranged in a more 

regular manner on the glass substrate, indicating a weaker attachment to the surface. 

Impact of Dental SKIN BioRegulation on Cell Viability 

According to the experimental protocol outlined in Figure 1, the cell viability of 

CTRL and COL hGFs was evaluated using cytometric analysis. As illustrated in Figure 4, 

the COL specimen demonstrated significantly higher viability values in comparison to the 

CTRL group at each assessed time point, achieving statistical significance specifically at 

the 48-h mark. 

 

Figure 4. Impact of collagen coating on the short- and long-term viability of hGFs at 

intervals of 24 h, 48 h, 72 h, 7 days, and 14 days, in comparison to CTRL hGFs. The 

results are presented as the mean fluorescence intensity (MFI) ratio ± standard error of the 

mean (n ≥ 3), calculated by dividing the MFI of positive events by the MFI of negative 

events (MFI corresponding to the secondary antibody). *p < 0.05. 

Wound Healing Assay 

The migratory capacity of hGFs on collagen-coated surfaces was evaluated to 

investigate the wound-healing properties of these cells in vitro, utilizing a scratch assay. 

The results indicated that at every assessed time point, wound closure occurred at a 

significantly faster rate in the COL hGFs compared to the CTRL group. Statistical 

significance was achieved after 24 h, at which point the closure rate appeared nearly 

complete. By 48 h, a continuous monolayer was observed with no gaps between cells, 

signifying complete wound closure (Figure 5). Additionally, a morphological assessment 

at 48 h revealed a more aligned and organized orientation of hGFs in the direction of 
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wound closure when cultured on the collagen coating.  

 

Figure 5. (a) Representative phase-contrast micrographs illustrating the migration 

properties of both CTRL and COL hGFs, captured from the initiation of the scratch (T0) to 

48 h post-injury (T48). The imaging was conducted using the PAULA Smart Cell Imager. 

Scale bar: 100 μm; (b) Histograms depicting the percentage of closure rates under varying 

experimental conditions. The results are presented as the mean ± standard error of the 

mean (n ≥ 3). Data were acquired by analyzing a minimum of three distinct fields for each 

image using ImageJ software. ***p < 0.001. 

Effect of Dental SKIN BioRegulation on FAK and YAP/TAZ Activation 

Upon achieving promising results in wound healing, we sought to elucidate 

whether the collagen bio-scaffold exerts an influence on the migration of hGFs through 

mechanical stimulation. To this end, the protein expression of key mechanosensors 

implicated in cell migration was analyzed. One of the primary adhesion molecules that 

undergoes recruitment by cells following ECM mechanical stimuli and is critical for 

mechanosensory signaling is FAK. Notably, it was observed that FAK was significantly 

upregulated in the presence of the collagen coating when compared to control conditions 

devoid of mechanical stimulus (Figure 6a). 
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Figure 6. (a) Bar graphs depicting the activated and inactivated (phosphorylated) forms of 

anti-Yes-associated protein (YAP) and anti-Phospho-WW domain-containing transcription 

regulator protein 1 (WWTR1, TAZ), and (b) the ratios of pYAP/YAP and pTAZ/TAZ as 

measured in hGFs cultured on collagen-coated or uncoated cell culture plastic substrates 

after a 48-h incubation period. Data are presented as the mean ± standard error of the mean 

(n ≥ 3). *p < 0.05. 

In addition, another mechanism pertinent to cellular mechanotransduction was 

evaluated, specifically the Hippo pathway, characterized by the activity of the transcription 

factors YAP and TAZ. The activity of these transcription factors is modulated by 

phosphorylation, leading to their nuclear-cytoplasmic translocation. Phosphorylation 

serves to inactivate YAP and TAZ, resulting in their relocation to the cytoplasm. 

Conversely, the stiffness of the ECM influences their activation, promoting 

dephosphorylation and co-translocation to the nucleus. Interestingly, the cytometric 

analysis revealed a significant enhancement in the protein expression levels of both YAP 

and TAZ after culturing on the collagen coating. This enhancement was also evident in 

their phosphorylated forms during culturing of hGFs on uncoated cell culture substrates in 

the absence of mechanical stimulus (Figure 6a). A similar trend was noted when assessing 

the ratios of pYAP/YAP and pTAZ/TAZ, thereby confirming the role of the collagen 

coating in activating YAP and TAZ compared to control conditions (Figure 6b). 

 

4.1.3. DISCUSSION 

Collagen plays a pivotal role in maintaining the structural integrity of the ECM by 

regulating molecular and cellular interactions, thereby defining the shape, thickness, and 
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mechanical resistance of tissues. Notably, the maxillofacial region comprises both hard and 

soft tissues, where collagen serves as a critical component [4]. Consequently, collagen is 

exceptionally well-suited for development as a biomedical material. In recent decades, a 

diverse array of collagen-based medical products, derived from various sources and 

available in multiple formats, have demonstrated safety and efficacy across numerous 

biomedical applications [70].  

In the current study, the in vitro effects of Dental SKIN BioRegulation, an 

injectable medical device primarily composed of porcine-derived type I collagen, were 

investigated on primary cultures of hGFs. The focus of this investigation was on assessing 

cell viability, proliferation, and migration effects. Furthermore, given that Dental SKIN 

BioRegulation is designed to function as a mechanical bio-scaffold for both skin and oral 

soft tissues, the expression and activation of specific mechanotransduction markers were 

also examined.  

The results obtained from these experiments provided compelling evidence of the 

efficacy of the collagen biomaterial. Notably, a significant enhancement in cell viability 

was recorded after 48 h (p < 0.05), along with a distinct alteration in cell morphology 

compared to the CTRL group after a shorter duration time (24 h). Specifically, the COL 

hGFs exhibited a more intertwined appearance, characterized by numerous large radial 

filopodia and lamellipodia-like structures, compared to the CTRL group, which displayed a 

more elongated and regularly arranged configuration. This observation suggested that the 

application of this collagen coating likely resulted in enhanced adhesion to the substrate. 

These findings are consistent with previously published research that demonstrated 

increased viability and substrate attachment in human tenocytes, which are specialized 

fibroblasts of tendons, when subjected to the same collagen-based coating [66,71]. In 

contrast, some authors have reported no advantages associated with the usage of a collagen 

coating, indicating that human skin fibroblasts grown on collagen-coated dishes exhibited 

a rounder shape and a shorter perimeter compared to those cultivated on uncoated 

polystyrene or glass dishes [72]. Furthermore, the number and density of cells at 

confluence were reported to be unaffected by this specific collagen coating; however, it is 

important to consider that the origin of the fibroblasts and the type of collagen utilized in 

that study differed from those in the current investigation as well as in the research 

conducted by Randelli et al. [71]. Despite this discrepancy, a substantial body of literature 

exists that employs more complex collagen matrices than mere coatings, corroborating the 

favorable impact of this structural protein on the growth, viability, and migration of 
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fibroblasts [73-76].  

In relation to the latter aspect, the in vitro migration assay conducted in this study 

demonstrated that the Dental SKIN BioRegulation coating significantly enhanced wound 

healing within 24 h and achieved complete reconstitution of the cell monolayer by 48 h, in 

comparison to the CTRL group. This effect promoted a more aligned and regular 

orientation of hGFs toward the direction of wound closure. Supporting this observation, 

extensive literature exists regarding the positive effects of collagen on wound healing 

across various tissue types, including oral tissues [76,77].  

It is essential to emphasize that, alongside exogenous sources such as injectable 

collagen and more complex collagen matrices, diverse populations of multifunctional 

fibroblasts residing in the connective tissue of the gingiva and periodontal ligament are 

capable of synthesizing collagen and mediating the remodeling of the developing collagen 

matrix. This capacity is crucial for the restoration of a functional periodontium. 

Interestingly, during the remodeling phase, the ECM is influenced by mechanical stimuli, 

which, in turn, affect the population of fibroblasts. Mechanoresponsive cells play a vital 

role in detecting mechanical signals and subsequently converting them into biological 

responses [78,79]. In this context, the data obtained from this study, which demonstrated 

accelerated and directional migration of hGFs cultured on the collagen coating, supported 

the hypothesis that the regenerative activity of this medical device may be initiated through 

a mechanotransduction system, as previously suggested [71]. To further validate this 

concept, the protein expression and activation of specific key markers implicated in 

mechanotransduction processes, such as FAK and the YAP/TAZ proteins from the Hippo 

pathway, were examined. Notably, COL cultures demonstrated a significant upregulation 

of FAK, a principal regulator of cell adhesion and migration, alongside a significant 

decrease in the phosphorylation levels of YAP/TAZ. This reduction was associated with 

their co-translocation into the nucleus and subsequent activation. More explicitly, the 

activation of YAP/TAZ typically fosters a proliferative cell phenotype by inhibiting 

differentiation. These findings align with those reported in previous research conducted by 

Randelli et al. [71], which represents the only study assessing the identical collagen 

product utilized in the present work, albeit without revealing significant differences in the 

expression and phosphorylation of YAP/TAZ in tenocytes cultivated on coated versus 

uncoated substrates. It is essential to acknowledge that the cellular types were distinct, and 

various factors might concurrently influence the intricate mechanisms of YAP/TAZ 

phosphorylation and translocation [62]. Nevertheless, immunofluorescence analysis 
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corroborated a more pronounced nuclear localization of YAP/TAZ in tenocytes grown on 

the collagen coating, as well as an upregulation of FAK mRNA levels and a significant 

enhancement in wound closure at 24 h under similar conditions. The findings in this study 

are supported by numerous other investigations that emphasized the pivotal roles of YAP, 

TAZ, and FAK in the regulation of mechanosensing and mechanotransduction in response 

to cell-substrate rigidity and tensile stimuli from the ECM [62,80,81]. Recently, there has 

been increased attention on the functionality of the Hippo signaling pathway within the 

oral field, particularly concerning craniofacial development and pathological processes. It 

has been postulated that exploring the Hippo pathway could unveil new strategies for 

periodontal tissue regeneration, representing a promising avenue for future research [82]. 

Within the limitations of the present study, a noticeable gap in research aimed at 

further characterizing the Hippo pathway in relation to the expression of other markers and 

the investigation of COL-1 production induced by collagen coating has been identified. 

Although this research provided preliminary evidence of the morpho-functional properties 

associated with Dental SKIN BioRegulation, the significant enhancement observed in 

wound closure and the protein expression of critical markers involved in cellular 

mechanoresponsiveness to ECM biomechanical changes suggested the efficacy of this 

medical device in promoting hGF focal adhesion and migratory capacity for regenerative 

objectives. 

Overall, these results tend to support the hypothesis that Dental SKIN 

BioRegulation could serve as an effective approach for the regeneration of oral and skin 

tissues, acting as a mechanical bio-scaffold, as initially conceived. This medical device is 

designed to mechanically facilitate cell migration while mitigating the physiological 

deterioration of connective tissues, thereby offering both physical and chemical support to 

the collagen fibers present within the oral soft tissues and the subcutaneous connective 

tissue. Although the effects of this particular type of collagen on dermal fibroblasts have 

yet to be extensively studied, it is noteworthy that these cells demonstrate 95% homology 

with hGFs [83], which may imply that analogous mechanisms of action could be 

established in the skin. In line with the current study design, prior research has 

demonstrated that this medical device, although referred to by an alternate commercial 

name and tested on human tenocytes, not only induced type I collagen secretion but also 

increased levels of tissue inhibitor of matrix metalloproteinases (TIMP-1), indicating an 

anti-collagenolytic effect. Furthermore, it upregulated the expression of focal adhesions 

and mechanosensors (FAK, YAP, and TAZ), signifying a mechanical input for cell 



28 
 

migration [66,71]. Clinical studies have also corroborated these findings, establishing that 

the collagen-based medical compound was effective in connective tissue repair, even in 

cases of osteoarticular pathologies [84,85]. 

In conclusion, the data compellingly indicated that this collagen-based biomaterial 

functions effectively as a bio-scaffold, mechanically promoting the proliferation, 

migration, and adhesion of oral soft tissue cells. This innovation represents a promising 

strategy for enhancing gingival tissue regeneration and emphasizes the potential 

applications of this collagen in clinical environments. The results of this study not only 

deepened the understanding of collagen's role in soft tissue healing but also underscored its 

influence in the domains of tissue engineering and regenerative medicine. Furthermore, the 

investigation and assessment of other potential effects of Dental SKIN BioRegulation on 

osteoblasts derived from jawbone may serve as a valuable method for advancing the long-

term integration of bony and soft tissues in dental implants. 
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4.2. A COLLAGEN COATING FOR A NEW DENTAL 

IMPLANT SURFACE 

Achieving clinical success with dental implants requires not only optimal 

osseointegration—the process by which the implant integrates with the surrounding 

bone—but also the establishment of a robust biological seal around the transmucosal 

portion of the implant. This biological seal serves as a protective barrier, effectively 

preventing bacterial infiltration and reducing the risk of infection and subsequent peri-

implant diseases. The interaction between osseointegration and the formation of a 

biological seal is crucial. While osseointegration provides the necessary mechanical 

stability for the implant, healthy peri-implant soft tissue supports immune responses and 

facilitates tissue regeneration [86,87]. 

The domain of dental implants has undergone notable advancements in recent 

years, largely attributable to innovative surface modifications designed to enhance both 

aesthetic qualities and functional efficacy [19]. Dental implants are regarded as a 

fundamental aspect of restorative dentistry, with an increasing emphasis on customization 

to address the specific biological and mechanical needs of patients. Nevertheless, ensuring 

the long-term success of these implants poses several challenges, particularly in relation to 

achieving effective osteogenesis, facilitating tissue integration, and reducing bacterial 

adhesion [16,88]. These challenges have prompted researchers to investigate various 

techniques and materials to optimize dental implant surfaces, thereby improving 

biocompatibility and overall performance. 

To this end, the second macro-objective of this doctoral project focused on the 

design and development of innovative dental implant surfaces, emphasizing not only the 

identification of the most effective micro- and macro-design features for both the abutment 

and screw components but also exploring the potential use of a collagen-based biomaterial 

to coat the screw. The ultimate goal of these investigations was to promote comprehensive 

peri-implant regeneration. 
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4.2.1. ABUTMENT AND INTEGRATION OF SOFT TISSUES 

[89] 

It is well established that the health of periodontal and peri-implant soft tissues is 

integral to maintaining the long-term health and functionality of both natural teeth and 

dental implants. The condition of these soft tissues directly impacts the overall success of 

dental restorations, contributing to essential biological and mechanical functions [90]. The 

biological seal formed by keratinized mucosa plays a pivotal role in this relationship, 

possessing unique properties that enhance the resilience of the implant environment against 

microbial colonization. Research has indicated that the presence of adequate keratinized 

tissue surrounding implants is associated with enhanced plaque control, decreased 

incidence of peri-implantitis, and improved patient comfort. In addition to aesthetic 

considerations, a well-structured connective tissue forms a protective seal that safeguards 

both the mechanical and biological integrity of the underlying bone. This protective 

function stands in contrast to the migration of junctional epithelium toward the implant 

apex, thereby playing a significant role in the mitigation of marginal bone loss (MBL). 

Furthermore, the quality and quantity of soft tissue surrounding dental implants 

significantly influence the long-term outcomes of implant therapy [7]. Thus, a 

comprehensive understanding of the biological mechanisms underlying soft tissue health is 

essential for optimizing implant placement and ensuring favorable conditions for healing 

and functional stability. For instance, the presence of healthy keratinized tissue can 

enhance blood supply to the area, thereby improving tissue regeneration and bolstering 

defenses against infection [91].  

In summary, integrating effective soft tissue management strategies with implant 

therapy is critical for achieving long-term success. By promoting a healthy interface 

between periodontal tissues and dental implants, clinicians can significantly enhance 

implant stability and mitigate the risk of complications associated with inadequate 

biological sealing. The development of a biological seal around dental implants 

necessitates a multifaceted approach that combines advanced materials, effective surgical 

techniques, and comprehensive patient management strategies. By enhancing the 

interaction between implants and the surrounding soft tissues, clinicians can markedly 

improve clinical outcomes and the longevity of implant therapies [90]. 

In the literature, numerous factors have been identified that influence the quality 

and quantity of connective tissue attachment and healing around dental implants. Various 
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surface treatments, including plasma or argon activation, air abrasion, acid etching, laser 

treatment, micro-grooving, and electrochemical oxidation, have been employed to achieve 

specific abutment micro-geometry and surface bio-activation, thereby affecting soft tissue 

morphogenesis [92]. Additionally, various materials have been utilized for these purposes, 

including titanium, zirconium oxide, gold alloy, aluminum oxide, ceramics, titanium 

nitride (TiN), and hydroxyapatite. Notably, titanium and zirconia have demonstrated 

favorable responses in soft tissue, whereas gold alloy has been found inadequate in 

establishing an appropriate peri-implant soft tissue response [93]. Overall, substrates with 

rougher surfaces exhibit improved characteristics concerning peri-implant soft tissues, and 

it has been observed that epithelial cells adhere more effectively to metallic surfaces than 

ceramic surfaces [94]. 

Furthermore, the macro-design of the abutment has also been shown to impact the 

biological response of peri-implant soft tissues. Although collagen fibers are not 

predetermined, their formation depends on the local environment. The geometry and 

behavior of the pre-existing ECM can be influenced through mechanical and geometrical 

cues. The design features of the implant prosthesis–abutment complex have been 

established as critical for fostering healthy and stable peri-implant soft tissues [95,96]. 

Over the years, various abutment shapes, including scalloped, parallel-walled, platform-

switching, and concave designs, have been proposed [97,98]. The latter design presents an 

inward narrowed profile that facilitates the creation of a macroscopic concave shape just 

above the implant platform. Recently, several researchers have posited that a concave 

design provides greater space for stable blood clot formation, subsequently promoting 

fibroblast proliferation and migration, ECM deposition and remodeling, protein adsorption, 

granulation tissue formation, and an increased contact area between soft tissues and the 

abutment, all contributing to enhanced connective tissue stability and mechanical 

properties [99-101]. Moreover, a concave transmucosal design has resulted in improved 

soft tissue stability, denser and better-organized collagen fibers with higher connective 

tissue attachment, as well as significantly reduced peri-implant bone resorption compared 

to divergent or straight transmucosal abutments [101-103].  

In light of the considerations mentioned above, the most effective micro-

topography of a novel abutment surface was initially assessed through in vitro tests on hGF 

adhesion and evaluations of the induced mechanotransduction. Subsequently, it was 

hypothesized that a concave macro-geometry of the implant neck might spontaneously 

align the collagenous network, thereby influencing cell polarization, migration, and the 
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orientation and arrangement of fiber growth. To validate this hypothesis, a proof-of-

principle animal study was designed to investigate the structure and distribution of 

collagen fibers and bundles in the peri-implant soft tissues by comparing two implants with 

identical bodies but differing healing abutment geometries: a concave abutment with a 

surface selected based on favorable in vitro results, and a parallel-walled abutment serving 

as a control.  
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In vitro Experimentation 

4.2.1.1. MATERIALS AND METHODS 

Implant Surfaces 

This investigation employed implant discs (5×2 mm; RESISTA® Company, Ing. 

Carlo Alberto Issoglio and C. S.r.l., Omegna, Italy) constructed from grade 4 commercially 

pure titanium, which are coated with TiN via physical vapor deposition (PVD) techniques. 

The TiN coating serves a dual purpose: it provides an aesthetic barrier, as its gold hue 

remains concealed when illuminated from behind by mucosal tissue, and it offers 

functional benefits by repelling negatively charged bacteria. Additionally, this coating 

isolates the implant while preserving its intrinsic properties and biomechanical 

functionality, thereby enhancing hardness and lubricity and yielding a low coefficient of 

friction [104]. The discs were categorized into six groups based on their surface treatments 

and micro-morphologies, denoted as machined (M); with 50×5 µm threading (M1); with 

75×7.5 µm threading (M2); and their corresponding treated surfaces, which underwent a 

double acid etching (DAE) treatment (T, T1, and T2).  

A schematic illustration of the surfaces being analyzed is reported in Figure 7. 

 

Figure 7. Schematic illustration of the characteristics of the surfaces under analysis. The 

discs were divided into six groups based on their surface treatments and micro-

morphologies: machined (M); with 50×5 µm threading (M1); with 75×7.5 µm threading 

(M2); and their corresponding treated surfaces undergoing a double acid etching (DAE) 
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treatment (T, T1, and T2). The surfaces identified as M, M1, and M2 were classified as 

control (CTRL), whereas the surfaces designated as T, T1, and T2, which received the 

DAE treatment, were classified as test (TEST). 

Surface Characterization 

A comprehensive microscale evaluation of surface characterization was conducted 

by using SEM analysis (Phenom XL). Surface topography was studied only on untreated 

discs using a magnification of 420×. Images were taken using an accelerating voltage of 15 

kV with the backscattered electron detector (BSD) and TOPO A program. The first 

program is used to generate images based on the atomic number contrast of the sampled 

materials. It is ideal for distinguishing different materials based on their chemical 

composition, thanks to its sensitivity to heavier elements (which appear brighter) and 

lighter elements (which appear darker). The "Full" mode maximizes the potential of the 

BSD detector, providing detailed and high-quality images for advanced applications. The 

TOPO A program is designed to acquire information about the sample's topography, such 

as its surface characteristics, including roughness, edges, and structural details. It uses the 

secondary electron (SE) signal or a combination of signals to highlight topographical 

variations with high spatial resolution. It is particularly useful for morphological analyses 

and for examining fine surface details. 

Wettability Analysis 

The sessile drop method was utilized to assess the surface wettability of all 

surfaces. Specifically, 5 µl of colored distilled water was deposited onto each disc, 

followed by immediate imaging with a Nikon D90 DSLR camera (Nikon Corporation, 

Tokyo, Japan). Contact angle measurements were subsequently obtained using the drop 

snake method in ImageJ software. To ensure precision and consistency, each sample 

underwent six separate tests. 

Cell Cultures 

The hGFs used for the study were sourced from human gingival biopsies collected 

from seven patients undergoing partial gingivectomy at the dental clinic of the University 

G. D’Annunzio Chieti-Pescara (CE, N° 1968-24/07/2020). The gingival tissues obtained 

were promptly rinsed with a physiological solution containing 1% Amphotericin B and 1% 

P/S before undergoing enzymatic digestion with a collagenase/dispase solution for 1 h at 

37 °C. After digestion, the specimens were placed in a 60 mm diameter Petri dish with a 

culture medium consisting of DMEM low glucose, enriched with 20% FBS, 100 mM L-
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glutamine, and 1% P/S, enabling spontaneous cell migration from the tissue. The isolated 

hGFs were subsequently cultured in an environment controlled for 5% CO2 at 37 °C until 

they became confluent, after which they were utilized in various experiments. 

Additionally, to evaluate their profile, specific markers expressed by hGFs were 

characterized, including the examination of CD105 (FITC-conjugated antibody), CD73 

(PE-conjugated antibody), CD90 (FITC-conjugated antibody), CD326 (PerCP-Cy5.5-

conjugated antibody), and CD45 (FITC-conjugated antibody). The cytometric analysis was 

conducted using FACSVerse, FACSDiva version 6.1.3, and IDEAS software. 

Cell Viability 

The impact of discs on the metabolic activity of hGFs was evaluated utilizing the 

3-(4,5-dimethyl-2-thiazolyl)-2,5-diphenyl-2H-tetrazolium bromide (MTT) assay (cat. 

475989, Sigma-Aldrich, St. Louis, MO, USA), in accordance with the manufacturer’s 

protocol. The cells were plated in a 96-well plate at a density of 5 × 103 cells/well (2 × 104 

cells/mL) and incubated with the culture medium in the presence of discs for durations of 

24 h, 72 h, and 7 days. On the day of the selected time point, 20 µL of MTT solution (5 

mg/mL) was introduced to each well, and the incubation continued for 3 h at 37 °C in the 

dark. Subsequently, 200 µL of DMSO (cat. D2438, Sigma-Aldrich, St. Louis, MO, USA) 

was added and incubated for an additional 30’ at 37 °C. Absorbance measurements were 

performed at a wavelength of 540 nm using a microplate spectrophotometer (SpectraMAX 

190, Molecular Devices, San Jose, CA, USA). 

Scanning Electron Microscopy (SEM) for Cell Adhesion 

The impact of surface topography on the adhesion and morphology of cells was 

examined using SEM, with hGFs being cultivated on the discs for periods of 24 h, 72 h, 

and 7 days. Cells were seeded at a density of 1 × 104 cells/disc in 96-well plates. The 

cultured cells were incubated at specified time points at 37°C in a 5% CO2 atmosphere. 

Loosely attached cells were eliminated from the experimental wells by rinsing twice with 

PBS 1×, while the adherent cells were fixed with 3.5% glutaraldehyde in 0.1 M NaCaCO 

buffer for 24 h and then stored at 4 °C, followed by post-fixation in 2% OsO4 made in the 

same buffer. The specimens were rinsed in distilled water, dehydrated through successive 

incubation in increasing concentrations of ethyl alcohol (50%, 70%, and 100%), and then 

prepared with HMDS before air-drying overnight at RT. The dried specimens were affixed 

to SEM stubs with double-sided carbon tape and sputter-coated with gold (150 Å) prior to 

imaging using the Phenom XL microscope. Adherent cells on the surfaces were analyzed 
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at a magnification of 420×, and the percentage of the covered area was determined by 

examining a minimum of three distinct fields for each image utilizing ImageJ software. 

Images were captured with an accelerating voltage of 15 kV using the BSD Full detector. 

Immunofluorescence Analysis for Cell Adhesion 

Immunofluorescence analysis was further employed to identify the most effective 

surface for enhancing cell adhesion over a period of 72 h. The immunofluorescence 

experiments were conducted using hGFs seeded on titanium discs within the Nunc® Lab-

Tek® Chamber Slide™ system (cat. C7182, Sigma-Aldrich, St. Louis, MO, USA) at a 

density of 1 × 104 cells/disc. Following a 72-h culture period, the cells were fixed in 4% 

paraformaldehyde (cat. J61899.AK, Thermo Fisher Scientific, Waltham, MA, USA) for 

10’ at RT. They were then permeabilized using a solution comprising HEPES (cat. H3375, 

Sigma-Aldrich, St. Louis, MO, USA; 1:1000 for 15’ at RT 20 mM, pH 7.4), saccharose 

(300 μM), NaCl (50 mM), MgCl2 (3 mM), and Triton X-100 (0.5%; cat. X100, Sigma-

Aldrich, St. Louis, MO, USA) for 10’ at RT. Subsequently, the specimens were incubated 

with Alexa Fluor® 488 Phalloidin (cat. 8878, Cell Signaling Technology, Milan, Italy; 1:50 

for 1 h at RT) to visualize F-actin within the cytoskeleton. The nuclei were stained using 

4′,6-diamidino-2-phenylindole (DAPI; cat. D9542, Sigma-Aldrich, St. Louis, MO, USA; 

1:1000 for 15’ at RT) before observation under a confocal microscope (Zeiss LSM-800, 

Carl Zeiss Meditec AG, Oberkochen, Germany) at a magnification of 20×. The cell count 

was determined by analyzing a minimum of three distinct fields for each image using 

ImageJ software. 

Expression of Mechanotransduction Markers 

The impact of surface micro-topography on the expression levels of FAK, YAP, 

and TAZ, along with their phosphorylated forms in hGFs, was evaluated through flow 

cytometry analysis. Following culture periods of 24 h, 72 h, and 7 days, the cells were 

detached using a trypsin/EDTA solution (5 mM), collected in PBS 1×, and subjected to 

centrifugation at 1500 rpm for 5’ at 4 °C. The cells were subsequently resuspended in a 

fixation solution (BD™ FACS™ Lysing Solution) at a dilution of 1:10, followed by 

permeabilization with BD FACS™ Permeabilizing Solution, also at a dilution of 1:10, for 

5’ in darkness. All sample groups, excluding negative controls, underwent incubation with 

primary antibodies—specifically, anti-FAK (1:100), anti-YAP (1:50), anti-TAZ (1:50), 

anti-pYAP (1:200), and anti-pTAZ (1:500)—for 30’ at 4 °C in darkness. Subsequent to 

this, analogous incubation parameters were utilized for Alexa Fluor 488- and 647-
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conjugated secondary antibodies before collecting the samples in PBS 1× for subsequent 

analysis using the FACS Canto II flow cytometer. The data obtained were analyzed using 

FACSDiva version 6.1.3 and IDEAS software, with the results expressed as MFI ratios, 

calculated by dividing the MFI of positive events by that of negative events, specifically 

the MFI of the secondary antibody. 

Statistical Analysis 

All experimental data are presented as the mean ± standard deviations. Each 

experiment was conducted in both technical and biological triplicates, utilizing a minimum 

of three distinct primary culture strains of hGFs. Statistical analyses were performed using 

a two-way analysis of variance (ANOVA), followed by Tukey’s test for post hoc 

comparisons. P-values ≤ 0.05 were considered to be statistically significant. Data analysis 

and graphing were executed using GraphPad Prism Software Analysis version 9. 

 

4.2.1.2. RESULTS 

Surface Topography 

The SEM images provided a comprehensive macroscopic view of the surfaces of 

the discs (Figure 8). 

 

Figure 8. Representative SEM images of the six distinct surface types examined in this 

study. The upper panels of both CTRL and TEST groups were captured using the TOPO A 

program, while the lower panels utilized the backscattered electron detector (BSD) Full 

program. Magnification 420×; scale bar: 200 µm. 

Images captured at a magnification of 420× revealed that the machined surfaces 
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were characterized by circular micro-threads and exhibited a mild roughness. The treated 

surfaces presented noticeable topographic changes as a result of the double acid treatment, 

which prominently enhanced the superficial roughness, as previously established in the 

literature [105]. Additionally, analysis of the SEM images allowed for the identification of 

distinct macro-structural features resulting from variations in micro-thread pitch and thread 

depth among M1, T1, M2, and T2. 

 Surface Wettability 

The evaluation of the wetting properties demonstrated an overall hydrophilicity of 

the surfaces, as indicated by their contact angles measuring less than 90°. The M and T 

surfaces displayed the lowest and highest contact angles, respectively, with values of 

61.11° ± 2.69 and 83.24° ± 1.13 (p < 0.0001). The intermediate contact angles were 

observed for M1 (73.02° ± 2.67), T2 (74.15° ± 2.93), T1 (75.62° ± 2.55), and M2 (75.55° 

± 0.91), which exhibited increasing contact angles; however, no significant differences 

were noted among these surfaces. Conversely, T1 and T2 presented statistically significant 

differences in contact angle when compared to T (p < 0.05 and p < 0.01, respectively), as 

did M1 and M2 in relation to M (p < 0.001 and p < 0.0001, respectively) (Figure 9). 

 

Figure 9. Measurements of the water contact angle (WCA) on the surfaces using the 

sessile drop method. (a) Representative images of the measurements utilizing ImageJ 

software; (b) The average WCA values for the examined surfaces. Data are presented as 

the mean ± standard error of the mean (n ≥ 6). *p < 0.05, **p < 0.01, ***p < 0.001, ****p 

< 0.0001. 

Cell Viability on Surfaces 

Before the initiation of cell viability experiments, isolated hGFs were 
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characterized for their phenotypic properties. As detailed in Table 1, the cells exhibited 

expression of typical fibroblast markers, specifically CD105, CD73, and CD90, while 

lacking expression of CD45 (the leukocyte common antigen) and CD326 (epithelial cell 

adhesion molecule). 

Table 1. Flow cytometry analysis conducted on the hGF phenotype. “+”: positive 

expression; “-“: negative expression. 

Markers Expression Levels 

CD 105 + 

CD 73 + 

CD 90 + 

CD 45 - 

CD 326 - 

The MTT analysis indicated that all surfaces exhibited complete biocompatibility 

and did not have any negative effects on the viability of hGFs at each evaluated time point. 

Notably, the T1 surface provided the most favorable conditions for cell viability and 

proliferation at the 72-h mark (p < 0.05 versus T; p < 0.0001 versus T2), although 

outcomes similar to those of M1 were also recorded. Furthermore, at the same time point, 

M1 demonstrated statistically significant higher values compared to M (p < 0.05) and M2 

(p < 0.001). A significant difference was also identified between T and T2, with T 

exhibiting significantly higher values (p < 0.01). No significant differences were observed 

among the surfaces at the 24-h and 7-day time intervals (Figure 10).  

 

Figure 10. Evaluation of hGF viability on the surfaces examined after 24 h, 72 h, and 7 

days of culture. The optical density (OD) was determined at 540 nm utilizing a microplate 

spectrophotometer (SpectraMAX 190). The data are expressed as the mean ± standard 

error of the mean (n ≥ 3). *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001. 

Cell Adhesion through SEM and Immunofluorescence 

The SEM analysis performed on hGFs seeded on the surfaces after 24 h, 72 h, and 

7 days showed the effect of surface topography on morphology and adhesion of hGFs 
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(Figure 11). 

 

Figure 11. Representative central and peripheral views of the disc surfaces and adherent 

hGFs following incubation periods of (a) 24 h, (b) 72 h, and (c) 7 days of culture. 

Additionally, a quantitative evaluation of the percentage of covered area was conducted 

using ImageJ software. The images were captured using the BSD Full detector. Data were 

obtained by evaluating a minimum of three distinct fields for each image with ImageJ 

software. The results are presented as the mean ± standard error of the mean (n ≥ 3). *p < 

0.05. Magnification 420×; scale bar: 200 µm. 

The SEM analysis conducted after 24 h (Figure 11a) demonstrated that hGFs 

exhibited significantly elevated adhesion on M2 (p < 0.05 versus M) and T2 (p < 0.05 

versus T) surfaces, along with all T surfaces at 72 h when compared to their respective M 

counterparts (p < 0.05). It is noteworthy that T1 displayed superior adhesion among the 

TEST surfaces (Figure 11b). Moreover, after 7 days, a uniform cell monolayer was 

consistently observed across all surfaces (Figure 11c). 

In terms of morphological characteristics, hGFs assumed a polygonal spindle-

shaped appearance and effectively spread over all surfaces with greater micro-roughness. 

In contrast, the cells appeared more rounded on the machined surfaces (M and T). 
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Furthermore, an improvement in cell adhesion was consistently observed on TEST 

surfaces subjected to DAE treatment, accompanied by the formation of filopodia and 

lamellipodia structures. 

Due to the inability to clearly distinguish which surface enhanced hGF adhesion 

more effectively than the others through SEM analysis, the data collected at the 72-h 

interval were subjected to further examination via immunofluorescence analysis. This 

additional evaluation aimed to identify the surface among the TEST variants that optimally 

improve cell adhesion. The results indicated that surface T1 emerged as the superior 

performer among the various TEST surfaces, as determined by the assessment of the 

number of stained cells present on the surface. This finding demonstrated statistical 

significance (p < 0.05) in comparison to surface M1, as illustrated in Figure 12. 

 

Figure 12. Representative immunofluorescence images and corresponding graphical 

representation illustrating the adherence of hGFs on the examined surfaces. F-actin has 

been visualized using Alexa Fluor® 488 Phalloidin (green), while nuclei were stained with 

4′,6-diamidino-2-phenylindole (DAPI; blue). The data are expressed as the mean ± 
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standard error of the mean (n ≥ 3), with a minimum of three distinct fields analyzed per 

image. *p < 0.05. Magnification 20×; scale bar: 100 µm. 

Activation of Mechanotransduction Markers on Surfaces 

The previous findings were further corroborated by the activation of the Hippo 

pathway, as indicated by the significantly higher protein expression levels of FAK, YAP, 

and TAZ (Figure 13a) at various time points on the T1 surface when compared to the 

corresponding untreated surface (M1). Specifically, significant differences were observed 

at 7 days for FAK (p < 0.0001) and YAP (p < 0.05), as well as at 24 h and 72 h for TAZ (p 

< 0.05 and p < 0.01, respectively). Conversely, reduced levels of pTAZ were recorded at 

each time point, along with significantly lower levels of pYAP observed at 72 h and 7 days 

(p < 0.05 and p < 0.01, respectively) (Figure 13b). Additionally, the ratios of pYAP/YAP 

at 24 h and 72 h exhibited significantly lower values (p < 0.05), as did the ratios of 

pTAZ/TAZ at the same time intervals (p < 0.01 and p < 0.05, respectively) when compared 

to M1 (Figure 13c). While not achieving statistical significance, the T1 surface was shown 

to positively activate the pathway, even at all other measured time points. 
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Figure 13. Bar graphs illustrating the protein expression levels of (a) activated and (b) 

inactivated (phosphorylated) forms of YAP and TAZ, along with (c) the ratios of 

pYAP/YAP and pTAZ/TAZ. These measurements were conducted in hGFs cultured on 

varying implant surfaces after 24 h, 72 h, and 7 days. The data are presented as the mean ± 

standard error of the mean (n ≥ 3) and expressed as MFI ratios. *p < 0.05, **p < 0.01, 

***p < 0.001, ****p < 0.0001. 

In addition, the T1 surface demonstrated a significantly elevated expression of 

FAK in comparison to the T (p < 0.001) and T2 (p < 0.0001) surfaces at the 7-day mark. 

Furthermore, YAP expression was significantly increased at 72 h (p < 0.05 versus T and 

T2) and at 7 days (p < 0.05 versus T and p < 0.01 versus T2) relative to the surfaces 

mentioned above. 

It is pertinent to note that FAK expression in hGFs was also significantly 

upregulated at 7 days when comparing the other TEST surfaces to their CTRL surfaces (p 

< 0.0001 with T versus M and T2 versus M2). At this same time point, additional statistical 

differences were observed, with M1 exhibiting higher values than M (p < 0.001) and M2 (p 

< 0.0001). A similar pattern was noted for YAP expression, as all TEST surfaces showed 

significantly elevated levels compared to CTRL surfaces (p < 0.05). Additionally, M1 

exhibited significantly higher values when compared to M (p < 0.05) and M2 (p < 0.01) 

after 7 days. Moreover, YAP expression at 72 h indicated a significant upregulation on the 

M1 surface when compared to M and M2 (p < 0.05).  

Furthermore, all TEST surfaces illustrated a significant downregulation of pYAP 

expression at both 72 h (p < 0.05) and 7 days (p < 0.01) compared to their respective 

CTRL groups. Moreover, at 72 h, the M2 and T2 groups showed statistically significant 

higher values than the M and T surfaces (p < 0.01). The ratio of phosphorylated YAP and 

TAZ on their total protein content did not reveal other statistical differences between the 

TEST and CTRL groups, except for the T1 surface. However, the M1 surface 

demonstrated significantly higher pYAP/YAP and pTAZ/TAZ expression levels than M 

and M2 (p < 0.05) at 72 h. Notably, pTAZ/TAZ also exhibited a significant upregulation at 

24 h, when comparing the M1 surface to M and M2 (p < 0.05). 

 

4.2.1.3. DISCUSSION 

The interaction between surface topography and cellular behavior is crucial in 

fields such as tissue engineering and regenerative medicine, particularly concerning the 

development of implantable devices. The physical and chemical properties of implant 

surfaces significantly influence cellular responses, including adhesion, proliferation, and 
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differentiation, which are essential for successful integration into biological systems 

[19,106]. Recent advancements in dental implant surfaces have underscored the 

importance of optimizing surface roughness and wettability to enhance cellular activities 

and overall biocompatibility. Such optimization promotes effective healing and 

regeneration of soft tissue, thereby ensuring a biological seal against microbial adhesion 

and infiltration and facilitating the adequate integration and maintenance of oral soft tissue 

around the implant abutment over time [19,92]. HGFs are integral to establishing and 

maintaining an efficient soft tissue seal around dental implants, as they contribute 

numerous ECM components and are involved in the inflammatory response [60].  

This study aimed to investigate the effects of various surface modifications on 

hGFs, specifically focusing on how distinct topographic features influence cellular 

behavior and mechanotransduction. Surface characterization was conducted utilizing SEM 

to reveal changes in micro-architecture, while cellular assays were employed to evaluate 

fibroblast adhesion and viability across six different surface treatments. Specifically, the 

response of hGFs to DAE-treated surfaces with varying roughness (TEST) was compared 

to machined surfaces with analogous roughness (CTRL). The findings provided a deeper 

understanding of how engineered surfaces can be optimized to enhance cell function, thus 

offering valuable insights into the design of more effective abutment surface topographies 

for clinical applications. 

The SEM images of the CTRL and TEST surfaces (Figure 8) indicated that the 

machined substrates exhibit circular micro-threads with minimal roughness, whereas the 

surfaces subjected to DAE demonstrate significant topographic alterations characterized by 

increased roughness. This alteration aligned with existing literature that highlights the 

importance of surface topology in mediating biological responses, particularly in the 

context of dental and orthopedic implants [107]. It is noteworthy that the enhanced 

roughness observed on TEST surfaces was likely to promote increased protein adsorption 

and cellular adherence, both of which are critical factors in tissue integration and overall 

healing [108]. However, it is critical to consider that excessively rough surfaces may be 

undesirable, as they have been shown to promote an increased likelihood of biofilm 

formation [109]. In contrast, a relatively smooth surface in the neck area has been 

documented in some studies to create an optimal interface for the tight fit of the mucosa, 

thereby mitigating the risk of infections [110]. 

The evaluation of surface wettability indicated distinct hydrophilic properties 

among the analyzed surfaces, as evidenced by water contact angles measuring below 90° 
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(Figure 9). The measured contact angles suggested that the M and T surfaces demonstrate 

the lowest and highest wettability, respectively (61.11° ± 2.69 and 83.24° ± 1.13; p < 

0.0001), while the intermediate values recorded for the M1, T2, T1, and M2 surfaces 

indicate a potential for enhanced interaction with fibroblasts. The established correlation 

between surface hydrophilicity and improved fibroblast adhesion and proliferation has 

been well-documented, affirming that surfaces with lower contact angles typically enhance 

cell attachment [111]. 

The results of the viability assays, performed using the MTT method, indicated 

that all surfaces were biocompatible and supported hGF viability (Figure 10). Particularly 

notable was the T1 surface, which provided superior conditions for cell viability at the 72-

h assessment (p < 0.05 versus T; p < 0.0001 versus T2). This observation is supported by 

evidence indicating that surface characteristics, including optimal roughness and chemical 

composition, can significantly influence not only initial cell attachment but also 

subsequent cellular proliferation [112]. 

Furthermore, the cell adhesion data obtained from SEM and immunofluorescence 

analyses (Figure 11 and Figure 12) corroborated that the enhanced surface roughness and 

hydrophilicity of the TEST surfaces, particularly T1, significantly foster superior hGF 

adhesion. The observation of distinct cellular morphology, characterized by increased 

spreading and the development of cytoplasmic extensions such as filopodia and 

lamellipodia on these surfaces, further suggested an optimal environment conducive to cell 

growth. These morphological alterations emphasized the critical role of surface nano-

architecture in supporting cellular dynamics [105,113]. The literature supports these 

findings, demonstrating that TiN surfaces with comparable roughness exhibited increased 

rates of proliferation and adhesion of hGFs, especially after 72 h, thereby establishing TiN 

abutments as favorable options in aesthetically challenging areas [114]. Additionally, it is 

important to highlight that the TiN coating also provides functional advantages by 

repelling negatively charged bacteria, thus isolating the implant while preserving its 

intrinsic properties and biomechanical functionality [104]. 

Moreover, there was a marked activation of mechanotransduction markers, such 

as FAK and the Hippo pathway components YAP and TAZ, on the T1 surface relative to 

its CTRL surface (Figure 13). The upregulated protein expression levels of FAK indicated 

enhanced mechanotransduction signaling, which is vital for cell adhesion, proliferation, 

and differentiation [80]. The significant activation of YAP and TAZ suggested that the T1 

surface creates a favorable environment that not only promotes cell viability but also 
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enhances signaling pathways essential for tissue regeneration [115]. The observed 

reduction in the levels of phosphorylated YAP and TAZ across all TEST surfaces in 

comparison to the CTRL surfaces indicated a transition towards an active YAP/TAZ 

signaling state that promotes gene expression essential for cellular growth and survival, 

particularly regarding fibroblastic activity. This phenomenon is crucial, as YAP/TAZ 

signaling has been implicated in the regulation of cell proliferation and tissue growth [62]. 

The significant increases in the ratios of pYAP/YAP and pTAZ/TAZ observed at 24 h and 

72 h further corroborated the hypothesis that surface modifications on the T1 surface can 

influence cellular signaling pathways that regulate tissue homeostasis and repair 

mechanisms. 

In conclusion, the results collectively demonstrated that surface topography and 

wettability play pivotal roles in mediating hGF adhesion, proliferation, and the activation 

of mechanotransduction pathways [116]. The information derived from SEM and 

immunofluorescence analysis provided a detailed understanding of the relationship 

between surface characteristics and the biological responses of hGFs seeded on these 

surfaces. The findings revealed significant differences in the macroscopic and microscopic 

properties of the six surface types examined in this study, thereby contributing valuable 

insights regarding how these variations impact cell behavior and viability. The T1 surface, 

characterized by adequate roughness and favorable wetting properties, emerged as an 

optimal substrate for promoting fibroblast interactions, thus supporting its potential 

application in tissue engineering and regenerative oral therapies. 

 

This in vitro investigation identified the T1 surface as the optimal condition for 

enhancing hGF viability, adhesion, and mechanotransduction compared to other surfaces. 

Consequently, it was proposed as the candidate for the abutment surface to be evaluated in 

vivo with the aim of determining the optimal abutment macro-morphology that ensures 

superior soft tissue attachment and integration with the implant, thereby facilitating 

desirable healing outcomes. Additionally, it was hypothesized that a concave implant neck 

could induce spontaneous alignment of the collagenous network, thereby influencing 

fibroblast polarization, migration, and the direction and arrangement of fiber growth. To 

validate this hypothesis, a proof-of-principle animal study was designed to investigate the 

structure and distribution of collagen fibers and bundles in the peri-implant soft tissues. 

This study compared two implants with identical bodies but varied in their healing 

abutment geometries. The experimental abutment was designed with a concave area above 
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the implant platform, selected based on positive findings reported in the previous in vitro 

study as well as in animal and clinical studies involving similar concave designs [99,101]. 

In contrast, the control healing abutment utilized a parallel-walled configuration.  
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In vivo and ex vivo Experimentation [89] 

4.2.1.4. MATERIALS AND METHODS 

Implant Characteristics 

All implants utilized in this study were of a tapered shape (IK Internal Hexagon, 

RESISTA® Company, Ing. Carlo Alberto Issoglio and C. S.r.l., Omegna, Italy). The test 

abutments (TEST) were designed with a concave portion measuring 2 mm in height and 

featured a DAE surface, corresponding to the T1 surface used in the in vitro assessment. In 

comparison, the control abutments (CTRL) exhibited a parallel-walled design, also with a 

DAE surface. Both implants possessed a switching platform with a diameter of 4 mm and a 

total length of 10 mm (Figure 17). 

 

Figure 17. (a) Schematic representation of the test implant and abutment (TEST); (b) 

Optical microscopy images depicting the TEST implant (on the left) and the control 

implant (CTRL; on the right). 

Ethical Statement 

This animal study received approval from the Animal Ethical Committee of the 
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Junta de Andalucía, Consejería de Agricultura, Ganadería, Pesca y Desarollo Sostenible on 

14 December 2021 (n° 29/11/2021/184). The animal study and associated procedures were 

conducted in compliance with the animal protection laws of Spain and adhered to the 

Animal Research: Reporting of In Vivo Experiments (ARRIVE) guidelines [117], utilizing 

a randomized prospective design. 

Experimental Animals and Housing 

Two swine (Sus scrofa), with an average age of three years, were acclimatized for 

a duration of three weeks prior to the commencement of the study. The animals were 

identified through the use of ear tags. They were provided with an antibiotic-free diet that 

was softened by soaking in water and had continuous access to water ad libitum. The 

individual responsible for animal welfare managed the aeration and administration of food 

and water, as well as monitoring the animals’ behavioral and health conditions throughout 

the study period. The entire study was conducted under the supervision of a veterinarian, 

and all surgical procedures were performed by surgeons with extensive experience in the 

field. 

Experimental Design 

Animals underwent the placement of implants within the left or right mandibular 

alveolar ridges. These implants were strategically positioned either in the physiologically 

mature bone between the lower canine and first premolar or within the mandibular 

premolar region at tooth extraction sites. Each implant received a healing abutment at the 

time of placement, followed by a designated healing period of 12 weeks. Each subject 

animal had a total of six implants inserted, comprising three per hemimandible. The CTRL 

and TEST implants were arranged symmetrically across the jaw in a controlled manner. 

At the end of the 12-week healing period after implant placement, all animals 

were euthanized, resulting in a cumulative total of 12 implants placed. However, two 

CTRL implants and two TEST implants were excluded from subsequent analysis due to 

early implant failure. Ultimately, a total of eight implants, consisting of four CTRL 

implants and four TEST implants, were analyzed. 

Surgical and Terminal Procedures 

Prior to surgical intervention, all animals were subjected to an overnight fasting 

period and subsequently weighed.  

On the day of surgery, each animal was anesthetized with intramuscular 
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administration of medetomidine at a dosage of 0.05 mg/kg in conjunction with Zoletil (a 

combination of zolazepam and tiletamine) at 3 mg/kg. Subsequently, inhalation of a 

mixture of 2–5% isoflurane and oxygen was initiated via a mask. The animals were then 

transferred to the surgical area and intubated using an endotracheal tube, after which 

general anesthesia was maintained with 2–5% isoflurane. Throughout the surgical 

procedures and the postoperative period, monitoring of heart rate, blood oxygen saturation, 

and blood pressure was conducted continuously. All surgical operations were carried out 

under aseptic conditions within a designated animal operating theater while animals 

remained under general anesthesia. The tooth extraction procedure was performed 

meticulously; gentle pressure was applied to the gingival sulcus utilizing a small periosteal 

elevator. Subsequently, the mandibular premolars and molars were sectioned in a 

buccolingual orientation at the furcation of the mesial and distal roots, employing a rotary 

instrument for this task. A straight elevator was then utilized to verify the sectioning, 

followed by the elevation and removal of both the mesial and distal roots using dental 

forceps. In mature sites, a No. 15c blade was employed to create a midcrestal incision 

situated between the canine and the first premolar. A full-thickness mucoperiosteal flap 

was elevated, and dental implants were positioned with a minimum spacing of 1.5 mm 

from adjacent teeth, adhering strictly to the manufacturer’s drilling protocol. Healing 

abutments were placed, and the surgical site was sutured closed with 4–0 silk sutures, 

ensuring that all implants were positioned equicrestally without the application of bone 

graft material.  

During the initial days following the surgery, routine monitoring of the animals 

was conducted, with additional analgesia administered as deemed necessary. Postoperative 

surgical pain was managed with buprenorphine hydrochloric acid (HCl), dosed at 0.12–

0.24 mg/kg and administered subcutaneously. The animals were euthanized 12 weeks post-

surgery. After sedation with the aforementioned agents, cardiac arrest was induced through 

intravenous administration of 110 mg/kg pentobarbital at each designated time point. 

Sample Preparation 

Block sections were obtained utilizing an oscillating autopsy saw to preserve the 

integrity of the soft tissue. Samples of peri-implant soft tissues designated for histological 

analysis were fixed through immersion in 10% buffered formalin (HT501128, Sigma-

Aldrich, St. Louis, MO, USA), followed by dehydration with escalating alcoholic rinses. 

The specimens were ultimately embedded in glycol-methacrylate resin (Technovit 7200 
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VLC, Wehrheim, Germany). The processing of these specimens adhered to the 

methodology established in a prior study conducted by Iezzi and collaborators [7]. In 

summary, the tissues were sectioned along their longitudinal axis to yield histological 

longitudinal sections of the peri-implant tissues. The histological examination was 

performed under a light microscope (Laborlux S, Wetzlar, Germany) equipped with a 

high-resolution video camera (3CCD, JVCKY-F55B, JVC, Yokohama, Japan) and 

connected to a computer.  

Conversely, samples of peri-implant soft tissues intended for transmission 

electron microscopy (TEM) analysis were sectioned along their longitudinal axis and 

subsequently preserved in a solution of 3.5% glutaraldehyde in a 0.1 M NaCaCO buffer. 

Transmission Electron Microscopy (TEM) 

All implants and associated adjacent peri-implant soft tissues were meticulously 

excised from the mandible of each swine specimen. Eight specimens were retrieved, with 

four specimens surrounding CTRL abutments and four specimens surrounding TEST 

abutments. These specimens were fixed at RT with 3.5% glutaraldehyde in a 0.1 M 

NaCaCO buffer (pH 7.2) and subsequently stored at 4 °C in the fixative until shipment. 

Careful dissection was performed to obtain small portions of the fixed soft tissues from the 

vicinity, which were subsequently rinsed in a 0.1 M NaCaCO buffer. This was followed by 

post-fixation with 2% OsO4 in the same buffer for 1 h, block-staining using saturated 

uranyl acetate, and rapid dehydration through graded ethanol and acetone. The specimens 

were then embedded in epoxy resin (Epon 812; cat. 45345, Sigma-Aldrich, St. Louis, MO, 

USA) [118]. For TEM examination, ultrathin sections, approximately 40 nm in thickness, 

were cut utilizing a Leica Ultracut R microtome (Leica Microsystem, Wetzlar, Germany) 

with a Diatome diamond knife (Diatome Ltd., Biel, Switzerland). Following double 

staining with uranyl acetate and lead citrate, these sections were analyzed at 60 kV using 

an FP 505 Morgagni Series 268D electron microscope (FEI Company, Brno, Czech 

Republic), which was equipped with a Megaview III digital camera (Olympus, Tokyo, 

Japan) and Soft Imaging System (GmbH, Munster, Germany). 

For the qualitative and quantitative analysis employing TEM, small samples were 

procured from a ring of tissue meticulously dissected surrounding the abutment area. The 

ultrastructural examination of collagen bundles within the peri-implant soft tissues 

primarily focused on images illustrating the cross-sectional configuration of the collagen 

fibers. Observations were limited to sample regions adjacent to the abutment surface, 
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specifically the CTRL group (n = 4) and the TEST group (n = 4). 

For the quantitative analysis, 15 micrographs/group were randomly selected from 

non-overlapping regions at a magnification of 7100×. These micrographs were utilized for 

the following quantitative assessments: (i) in each micrograph, the total area covered by 

collagen bundles was determined by outlining each bundle using the Soft Imaging System. 

The values measured for all bundles were subsequently summarized mathematically. Only 

cross-sectioned bundles with a minimum size of 0.5 μm2, wherein collagen fibers were 

clearly distinguishable and not oriented longitudinally, were included in the analysis. 

Given that each micrograph at 7100× magnification encompasses an area of 142.6 μm2, the 

relative presence of collagen bundles (%) within each sample was calculated by dividing 

the aggregate area of outlined collagen fibers (in μm2) by the total area of analyzed 

samples (i.e., 142.6 μm2 multiplied by 15 micrographs). (ii) Additionally, in each 

micrograph, the number of longitudinally oriented collagen bundles of varying sizes was 

quantified and reported as the mean ± standard error of the mean within a 100 μm2 area.  

Statistical Analysis 

In all comparisons conducted between the CTRL and TEST conditions, the data 

were found to be not normally distributed and were thus analyzed utilizing a non-

parametric t-test (Mann–Whitney test). The experimental values were processed using the 

statistical software package GraphPad Prism Software Analysis version 9. The statistical 

significance of the differences between the groups was established at a threshold of p < 

0.05. Data are presented as the mean ± standard error of the mean or as standard deviation.  

 

4.2.1.5. RESULTS 

Radiographic Analysis 

At the conclusion of the 12-week observation period, proper histologic healing 

was noted around both the CTRL and TEST implants (Figure 18). Additionally, the 

radiographic assessments indicated good osseointegration of the implants.  
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Figure 18. Representative intraoral radiographs from a 3-month follow-up after the 

placement of implants in the extraction sites of two premolars. On the left, a CTRL implant 

with a parallel-walled abutment, while on the right, a TEST implant with a concave 

abutment. Both implants demonstrated complete osseointegration. 

Histological Analysis 

For the purpose of histological analysis, longitudinal undecalcified sections of the 

connective tissue were obtained. The histological results (Figure 19) indicated the 

presence of peri-implant soft tissues in close association with both the TEST and CTRL 

abutments. Notably, although this observation is primarily qualitative, the soft tissue 

appeared to demonstrate a greater adherence to the concave abutment in comparison to the 

straight abutment. 
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Figure 19. Histological longitudinal sections of the implant–abutment units. The upper 

line illustrates the soft tissues encircling the CTRL abutment, while the lower line depicts 

the soft tissues surrounding the TEST abutment. Staining: acid fuchsin-toluidine blue; 

magnification 20×; scale bar: 500 µm. 

TEM Ultrastructural Qualitative Analysis of Collagen Fibers in Peri-Implant Soft Tissue 

Ultrastructural analysis of the peri-implant soft tissue collected from sites adjacent 

to the two distinct implants (CTRL and TEST) was initially conducted under blinded 

conditions. During the TEM analysis, the composition of the peri-implant soft tissues was 

predominantly characterized by collagen fiber bundles and cellular components, 

specifically fibroblasts (refer to “f” in Figure 20a), which exhibited a stellate morphology. 

Notably, the processes of these fibroblasts were observed to segregate individual collagen 

bundles (Figure 20, black arrows). 
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Figure 20. Representative transmission electron microscopy (TEM) images of peri-

implant soft tissues surrounding the two abutments. The composition of the peri-implant 

soft tissue primarily consisted of collagen fiber bundles and fibroblasts (f). (a) The CTRL 

samples exhibited only a limited assembly of collagen fibers, which form small, scattered 

bundles, compared to (b) the TEST samples, where collagen bundles were notably thick 

and dense, frequently covering a large area of the analyzed section. NOTE: Within the 

analyzed longitudinal region, the collagen fibers were predominantly observed in cross-

sections, appearing as small circles (insets) that clustered into bundles of varying sizes. 

Asterisks in panel (a) indicate longitudinally oriented collagen fiber bundles. Black arrows 

denote fibroblast processes (f). Magnification: 7100×; scale bars: 2 μm (insets: 0.1 μm). 

The collagen fibers exhibited an arrangement of elongated, parallel, and straight 

structures. When sectioned transversally (i.e., cross-sectioned), these fibers manifested as 

“bunches of circular spots” (Figure 20, insets), indicative of bundles with heterogeneous 

sizes. In the cross-sectional images, the collagen fibers displayed a relatively uniform 

diameter (0.125 nm) in both CTRL and TEST samples (Figure 20, insets). 

During the TEM analysis of the cross-sectioned collagen bundles at low 

magnifications (7100×), a marked difference in the structural arrangements of collagen 

fibers between the samples was evident. This observation allowed for the classification of 

samples into two distinct groups: CTRL specimens, where extensive aggregation of thick 

collagen bundles was rare or absent (Figure 20a), and TEST samples, which exhibited a 

high density of tightly packed and organized collagen fiber bundles (Figure 20b).  

A detailed examination revealed that in CTRL samples, collagen fibers formed 

only a few small, scattered bundles with significant variability in their distribution within 

the extracellular space. In contrast, TEST samples displayed notably thick and dense 

collagen bundles that frequently encompassed the entirety of the analyzed section. 

Specifically, CTRL samples (Figure 20a) demonstrated a collagen matrix characterized by 

randomly distributed bundles at variable distances from one another. Conversely, TEST 
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samples (Figure 20b) featured extensive areas filled with thick and densely packed 

collagen bundles, significantly reducing the available space for extracellular components. 

These findings suggested, for the first time, a distinct difference in the growth and 

assembly of the collagen matrix surrounding TEST abutments when compared to CTRL 

abutments, with the concave shape seemingly influencing an increase in the size of 

collagen fiber bundles. 

TEM Ultrastructural Quantitative Analysis of Collagen Fiber Bundles 

To validate the qualitative findings, a quantitative TEM analysis of images was 

conducted. Specifically, from the cross-sectional images of the CTRL (Figure 21a,b) and 

TEST groups (Figure 21c,d) within the area of interest, the following parameters were 

assessed: (i) the percentage of the total analyzed surface area covered by cross-sectioned 

collagen fibers (Figure 21e); and (ii) the average dimensions of these collagen bundles 

(Figure 21f). 

 

Figure 21. Quantitative analysis of the cross-sectioned collagen fiber bundles from CTRL 

and TEST samples using TEM. Representative TEM images of the cross-sectional area of 

collagen fiber bundles for (a) CTRL and (c) TEST samples with (b,d) the corresponding 

surfaces of the collagen bundles, highlighted in light green. The numerical values indicate 

the surface areas of the bundles in μm2. The asterisk in panel (b) denotes a longitudinal 

collagen fiber bundle. (e) Bar graph representing the quantitative analysis of the percentage 

of the analyzed area that is occupied by collagen fibers, and (f) the average size of the 
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collagen bundles (μm2). Scale bars: 2 μm. *p < 0.05.  

To facilitate the visualization of collagen bundle size, the surfaces of these 

bundles have been highlighted in light green within the cross-sectional images (Figure 

21b,d). The mathematical summation of each value provided a representative percentage 

of the surface area occupied by collagen, with the numerical results documented in Figure 

21b,d. The quantitative analysis demonstrated that the total surface area covered by 

collagen fibers was significantly enhanced with the use of TEST implants compared to 

CTRL implants. Specifically, the percentage of total surface area occupied by collagen was 

significantly greater in the TEST samples (approximately 47%) in contrast to the CTRL 

samples (about 18%) (Figure 21e and Table 2). 

Table 2. Percentages of the analyzed area covered by collagen bundles. The data are 

shown as the mean ± standard deviations (n = 15 per sample). *p < 0.05 versus CTRL. 

 Sample 1 Sample 2 Sample 3 Sample 4 

CTRL 18 ± 5 28 ± 3 8 ± 3 5 ± 1 

TEST 47 ± 11 * 46 ± 6 * 63 ± 10 * 43 ± 19 * 

Furthermore, the utilization of TEST abutments demonstrated a significant 

enhancement in the average size of the collagen bundles, increasing from 4 μm2 in the 

CTRL samples to 13 μm2 (Figure 21f, Table 3, and Figure 22). 

Table 3. Bundle size (μm2). The data are shown as the mean ± standard deviation (n = 15 

per sample). *p < 0.05 versus CTRL. 

 Sample 1 Sample 2 Sample 3 Sample 4 

CTRL 4.2 ± 5.5 4.7 ± 4.4 2.6 ± 3.8 1.5 ± 1.3 

TEST 20.7 ± 27.7 * 7.5 ± 9.1 23.7 ± 12.6 * 12.6 ± 16.6 * 
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Figure 22. Representative bar and curve plots illustrating the distribution frequency of 

bundle sizes for both the CTRL and TEST groups. The analysis of the distribution 

frequency concerning the cross-sectional area, i.e., the size of bundles from the CTRL and 

TEST groups, revealed that the CTRL group exhibits an average bundle size of 3.4 ± 4.0. 

In contrast, the TEST samples demonstrate a significantly increased average bundle size of 

12.8 ± 16.0. This finding was further evidenced by the leftward shift of the TEST 

frequency distribution curve in comparison to that of the CTRL group. 

TEM Ultrastructural Quantitative Analysis of Longitudinal Collagen Fiber Bundles 

In addition to the previously described qualitative and quantitative differences, 

further distinctions have been identified between CTRL and TEST specimens. Notably, 

areas exhibiting abrupt changes in the direction of collagen bundles have been observed. In 

the cross-sectional images of peri-implant soft tissues, collagen fibers typically appeared as 

small circles densely grouped in bundles of varying sizes (Figures 20 and 21). However, 

instances of collagen bundles featuring longitudinally oriented fibers were also 

occasionally noted (Figure 23).  
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Figure 23. Representative TEM images illustrating the orientation of various collagen 

fibers, along with a relative quantification for (a,b) CTRL samples and for (c) TEST 

samples. In the longitudinally sectioned soft tissue surrounding the implant within the 

analyzed regions, collagen fibers predominantly manifested as circumscribed circular spots 

of varying sizes. Notably, a longitudinal alignment of collagen fibers was observed (L); 

this alignment occurred more frequently in CTRL samples than in TEST samples. (d) Bar 

plot presenting the average number of longitudinal fiber bundles per 100 μm2 in both 

CTRL and TEST samples. Scale bars: 2 μm. *p < 0.05. 

Following a thorough examination of the specimens, a notable difference in the 

longitudinally oriented fibers was observed between the CTRL and TEST samples (Figure 

23). Specifically, in the CTRL specimens (Figure 23a,b), the longitudinally oriented 

collagen fibers (L) typically formed small-sized bundles, exhibiting a relatively random 

orientation among the fibers. Contrarily, the TEST specimens displayed longitudinally 

oriented collagen fibers (L) that were organized into larger bundles containing several 

straight and parallel-oriented fibers (Figure 23c). Quantification of the number of 

longitudinally oriented collagen bundles per 100 μm2 revealed a significantly higher 

incidence in the CTRL samples compared to the TEST samples, as presented in Table 4.  
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Table 4. Number of longitudinal bundles per 100μm2. The data are shown as the mean ± 

standard error of the mean (n = 15 per sample). *p < 0.05 versus CTRL.  

 Sample 1 Sample 2 Sample 3 Sample 4 

CTRL 1.2 ± 0.3 0.9 ± 0.2 3.4 ± 0.4 1.7 ± 0.2 

TEST 1.1 ± 0.2 * 0.8 ± 0.2 1.1 ± 0.3 * 0.5 ± 0.2 * 

 

4.2.1.6. DISCUSSION 

In a study conducted by Berglundh and Lindhe in 1996 utilizing an animal model 

[119], it was established that a specific level of mucosal thickness is critical for the 

development of the supracrestal tissue attachment surrounding dental implants. In 

instances of insufficient mucosal thickness, crestal bone resorption occurs until adequate 

space is created to accommodate both connective tissue and junctional epithelium. The 

structure of connective tissue, indeed, has been identified as crucial in preventing epithelial 

down-growth and providing mechanical protection to the osseointegrated portion of the 

implant [7]. Despite their analogous composition and structure, research has demonstrated 

that this attachment apparatus is extended around dental implants compared to natural 

dentition, requiring a greater amount of soft tissue height surrounding implant fixtures 

[120,121]. Moreover, the dense three-dimensional (3D) framework formed by the 

connective tissue bundles contributes significantly to the mechanical resistance of soft 

tissues under the forces generated during mastication [122]. 

The present investigation was undertaken to compare the peri-implant soft tissue 

healing process surrounding non-submerged implants equipped with either a parallel-

walled abutment or a concave abutment, employing a swine model as the experimental 

framework. TEM was utilized to quantify the 3D topographical and morphological 

properties of collagen bundles with nanoscale resolution. The hypothesis proposed that a 

concave implant neck may promote the spontaneous alignment of the collagenous network, 

thereby influencing the direction and arrangement of fiber growth. 

In recent years, numerous studies involving both animal models and human 

subjects have elucidated the characteristics, arrangement, and structural properties of peri-

implant soft tissues utilizing various techniques, including light microscopy, polarized 

light microscopy, SEM, TEM, and high-resolution X-ray phase-contrast micro-topography 

(XPCT) [7,97,123]. For instance, an animal study conducted over three decades ago 

involving monkeys revealed that substantial collagen fiber bundles encircled the implant 

collar in a parallel orientation, exhibiting a tangential circular arrangement that converged 
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to form a “circular ring” [123]. Observations made using TEM indicated that these circular 

fibers comprised bundles of parallel collagen fibrils with a mean diameter of 90 nm. 

However, the inner bundles adjacent to the metal surface displayed a less organized 

arrangement, characterized by a random orientation and a mean diameter of 45 nm. 

Conversely, Iezzi et al. [7], utilizing high-resolution XPCT to study peri-implant tissues 

around retrieved human implants, reported both transverse and longitudinally intertwined 

collagen bundles. Analysis of longitudinal sections indicated that fiber bundles closer to 

the metal surface exhibited a more symmetrical and regular directional alignment. In 

contrast, examination of transverse collagen fiber bundles demonstrated a semicircular 

orientation, aligning around the abutment, thus conforming to its circular profile. 

Comparable findings were corroborated by other researchers. For example, Bolle et al. 

[124], in an animal study, found that collagen fibers oriented medially toward the healing 

abutment perpendicularly, and the connective tissue appeared dense, abundant in 

fibroblasts, and collagen fibers aligned parallel to the implant surface. Other studies 

involving swine noted varying degrees of connective tissue organization, with some areas 

displaying well-organized fibers, while others exhibited a disorganized structure with 

indistinct orientations [125]. Furthermore, human studies have reported the presence of a 

3D network of collagen fibers surrounding Morse cone implant connections [7]. Similar 

observations were made by Mangano et al. [126] through polarized light and SEM 

investigations, which indicated that collagen fibers were oriented perpendicularly up to a 

distance of 100 μm from the implant surface, subsequently transforming into a dense, 

chaotic 3D network of parallel fibers oriented in multiple directions. An intimate 

association between the fibrous matrix and the implant surface was also noted. Following 

the maturation process, the peri-implant connective tissue exhibited sparse cellularity and 

blood vessels yet was characterized by an abundance of collagen fibers with a limited 

number of scattered fibroblasts [123]. 

The present findings indicated that incorporating a concave profile in the 

abutment facilitates the formation of a robust, wire-shaped connective tissue cuff, 

approximately 0.5 mm in thickness, surrounding the implant platform. This cuff exhibited 

a high degree of anisotropy, characterized by the arrangement of cells, fibrils, and the 

ECM. These results illustrated the potential to modulate both the dimensions and quality of 

collagen fibers, as well as to influence the morphogenesis of a highly organized capillary-

like network by regulating the spatial configuration of the neo-formed ECM. In summary, 

these data suggested that during the maturation of ECM around the abutment interface, the 
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local microenvironment may be affected by the macroscale geometry of the tissue. This, in 

turn, may trigger long-range signaling by producing internal gradients of mechanical cues, 

as documented in the literature [96] and demonstrated in our previous in vitro study. Thus, 

tissue geometry serves as both a template and an instructive signal for further 

morphogenetic processes. In the current study, the CTRL group featuring a parallel-walled 

neck displayed a significantly higher ratio of randomly oriented fibers. It is well 

established that moderate crosslinking enhances the mechanical properties of collagen 

fibers, whereas excessive crosslinking can result in increased fragility of the collagen 

network [127]. Conversely, in the TEST group with a concave design, collagen fibers 

appeared to be predominantly organized into parallel bundles, oriented circumferentially 

around the implant when viewed from axial planes. This outcome aligned with prior 

studies that have described similar fiber orientations around implants with a switching 

platform interface, which is considered an additional mechanical retention factor for 

periodontal fiber alignment [128,129]. Moreover, investigations conducted in other animal 

models, including monkeys and dogs, have demonstrated a supracrestal circular collagen 

fiber network comparable to gingival ligaments [123,128]. 

Overall, it can be argued that the mechanical environment is posited to play a 

significant role in the orientation of collagen fibers. This phenomenon is thought to arise 

from an uneven surface shear, the effects of which diminish with increasing distance [130]. 

The configuration of the artificial substrate may facilitate contact guidance, potentially 

resulting in the formation of a highly polarized capillary-like network. This observation 

suggests promising clinical applications, particularly in stimulating rapid angiogenesis and 

enhancing perfusion in damaged tissues surrounding the implant [26]. Moreover, collagen 

fibers are capable of remodeling into aligned, anisotropic structures in response to 

mechanical stimuli, leading to fiber orientation in the direction of the highest applied 

strain. It is important to note that the self-assembly of collagen is an entropy-driven 

process, which occurs due to the dehydration of water between monomers [131]. The 

objective of the experiments concerning mechanics-mediated fiber orientation is not to 

recombine collagen monomers by overcoming their intermolecular interactions. Instead, 

the focus is on applying external forces to the interacting monomers, thereby encouraging 

bonding along the direction of the applied force. It can be inferred that when the distal ends 

of the fibers encounter the curved periphery of the abutment concavity, cellular contraction 

may generate sufficient force to instigate the aggregation of fibers into bundles. 

Other researchers have posited that the organization of collagen fibers is primarily 
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influenced by functional factors, particularly the loading associated with implants [10]. 

This perspective suggests the interpretation of radial fibers as forming a circular ligament 

encircling implants. Additionally, these same researchers have provided evidence that this 

collagen cuff is connected to the periosteum through oblique bundles. Nevertheless, there 

is a lack of temporal studies to validate this assumption, as well as a deficiency in research 

examining the arrangement of collagen in various rehabilitation designs. Furthermore, it is 

important to note that one hypothesis may not necessarily exclude the other and vice versa. 

It is important to note that collagen is a meticulously structured molecule 

characterized by inherent weaknesses that serve as binding sites for metalloproteinases 

(MMPs) and bacterial collagenases. This mechanism facilitates the regulation of collagen 

remodeling in response to specific stimuli. Research has demonstrated that applying strain 

and external loading to collagen fibrils can enhance their strength in the direction of the 

load while simultaneously inhibiting the spontaneous formation of entry points for MMPs. 

This limitation serves to restrict their accessibility and reduce collagen degradation [132]. 

Consequently, the directionality and immediate tension applied to early wounds 

surrounding implants may influence collagen assembly and maturation. Human tissues 

often exhibit distinct alignment patterns within the ECM of interstitial connective tissue, 

stromal cells, and the vascular network [133]. Collagen is organized into bundles of 

aligned fibers, which not only dictate the mechanical properties of tissues but also affect 

various biological processes. The density and alignment of collagen fibers influence key 

phenomena such as cell migration, morphogenesis, vascularization, innervation, tissue 

regeneration, and wound healing [134]. Nonetheless, achieving control over the alignment 

of an ECM network synthesized by fibroblasts continues to pose a significant challenge 

within the field of dentistry.  

In conclusion, this study presents certain limitations arising from the use of a 

small sample size of animals and implants, which may introduce uncertainty and risk to the 

research outcomes. Nevertheless, the investigation into the peri-implant connective tissue 

structure, assessed through histological and TEM analysis, indicated that a concave 

transmucosal design may enhance the deposition and growth of connective tissue. This 

concave configuration resulted in a notable increase in connective tissue during the early 

healing phase, contributing to the thickening of the circular peri-implant network and 

facilitating the convergence of collagen fibers toward the abutment collar, ultimately 

leading to the development of an extensive circular collagen structure over the implant 

platform. Therefore, building on the findings from this initial proof-of-concept animal 
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study, it is imperative that future research expands the sample size and incorporates a 

greater variety of implants. Additionally, employing alternative mechanical detection 

methods alongside histological and TEM analysis will be essential to validate and 

reinforce the results of this study.  
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4.2.2. SCREW AND OSSEOINTEGRATION 

Surface modification of implants is performed to achieve a biocompatible and 

bioactive surface that promotes the osseointegration process. While commercially pure 

titanium and its alloys remain the standard materials for endosseous implants, there is a 

growing interest in ceramic-based biomaterials, tantalum, and polyetheretherketone 

(PEEK) [16]. Various mechanical techniques, including shot peening and abrasion, are 

commonly employed during the initial stages of implant production to enhance the surface 

area and progressively refine the particle size of the outer layer. Methods such as 

machining, grinding, acid etching, refinishing, and sandblasting are utilized to modify the 

implant surface, thereby improving overall roughness and facilitating surface bioactivation. 

Furthermore, advanced techniques such as plasma spraying, anodization, laser treatments, 

electrochemical oxidation, and photofunctionalization serve to expand the bone-implant 

interface area and enable the application of various coatings that enhance bioactivity and 

tissue integration. Additionally, both physical and chemical treatments, including grit 

blasting with aluminum oxide or titanium oxide, hydrogen peroxide, as well as alkaline 

and acid reagents, have demonstrated efficacy in improving cellular adhesion, 

proliferation, and osteoblast differentiation [135]. For example, the DAE technique has 

been shown to enhance osteoblast responses, thereby improving initial cell attachment and 

proliferation, which are critical factors for successful bone integration [136]. The 

sandblasted, large-grit, acid-etched (SLA) implant surface, which synergistically combines 

the benefits of sandblasting and acid etching, exhibits superior bone-to-implant contact 

(BIC) compared to other surface modification techniques [137,138]. Moreover, implants 

can be treated with additive methods to develop coatings of bioactive molecules such as 

peptides, collagen, calcium phosphate, nitrides, naturally derived substances, and 

antimicrobial agents. These coatings increase the functional surface area, establish a 

bioreactive bond with bone tissue, and help prevent microbiological infections [135,139-

141]. 

The surface roughness (Ra) and bioactive coating significantly influence 

biological responses such as cell adhesion, osseointegration, and susceptibility to bacterial 

colonization. Microtopography affects osseointegration at the cellular level, while 

nanotopography is believed to function at a protein level. These factors exert effects 

through physical, chemical, and biological mechanisms, enhancing the adhesion of 

osteogenic cells and promoting osseointegration. Surface roughness can be classified into 
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three categories: (i) macro-roughness (Ra ranging from millimeters to approximately 

10 µm), which is directly associated with the overall design and structure of the implant, 

including macroscopic features like threads and porous structures that contribute to initial 

implant stability by enhancing primary fixation; (ii) micro-roughness (Ra around 1 µm), 

which is crucial for osseointegration, facilitating improved adhesion and growth of bone 

cells, thereby directly contributing to the long-term stability and success of dental 

implants; and (iii) nano-roughness (Ra < 200 nm), which enhances osseointegration by 

creating a favorable microenvironment for the proliferation of bone-forming osteoblasts 

and resisting bacterial adhesion and biofilm formation, thus reducing the risk of peri-

implantitis [142]. Previous studies indicated that the optimal Ra should be approximately 

1-2 µm within a hydrophilic composition to facilitate cellular locomotion, provide a 

supportive substrate for adhesion, and stimulate the proliferation of osteoblasts [143]. 

However, increased surface roughness may augment the surface area, potentially 

heightening the risk of microbial colonization and offering shelter to bacteria, which may 

hinder their removal by antibiotics. At the nanoscale, the optimal Ra for promoting 

osteogenic reaction has been reported to be within 70-100 nm, although the similarity to 

pores found in bone tissue is more closely aligned with micro-irregularities induced by 

SLA treatment (1-2 µm) [144]. Furthermore, studies have demonstrated that surface 

roughness below 0.2 µm is less likely to promote bacterial adhesion, as most bacteria 

exhibit sizes larger than this threshold [145]. 

Titanium is recognized as a bioinert material; however, its introduction into living 

tissues may provoke an immune response, necessitating a focus on promoting integration 

with hard tissues through an immune-modulated inflammatory process [146]. In the pursuit 

of enhancing dental implant integration, type I collagen has garnered considerable 

attention for surface modifications and coatings. This interest is due to its inherent 

properties that align closely with the requirements essential for promoting 

osseointegration, including osteoinduction and osteoconduction processes [147,148]. The 

unique biological characteristics of collagen present a substantial opportunity to improve 

the effectiveness of dental implants in facilitating bone integration while simultaneously 

addressing the ongoing challenge of bacterial colonization, which often results in peri-

implantitis and complicates the success of the implant [149-151]. Moreover, within the 

realm of biomedical research, there is an increasing interest in equine collagen as a 

promising source of type I collagen, especially in the context of regenerative dentistry. 

This inclination is attributed to its high sequence homology with human collagen, low 
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immunogenicity, and significant resistance to degradation and mechanical stress 

[43,44,125,152]. Notably, equine tendons are particularly favored due to their high content 

of type I collagen, minimal protein contaminants, and advantageous physical-chemical 

properties in comparison to alternative sources [54,153]. However, it is important to note 

that the processing steps involved in collagen isolation and scaffold manufacturing can 

significantly influence the native collagen assembly, potentially affecting cellular 

responses and overall biological activity [53]. Previous research on collagens derived from 

bovine, fish, and equine sources has indicated a correlation between various production 

treatments and the structural characteristics of collagen at both submolecular and 

supramolecular scales. These variations are known to significantly impact the mechanical 

and biological properties of collagen-based medical devices [54,55]. 

The biocompatibility, availability, and advantageous mechanical properties of 

equine type I collagen have established it as a promising candidate for various biomedical 

applications. Recent studies have highlighted the potential of collagen derived from equine 

tendons as a biocompatible scaffold that facilitates the growth and differentiation of stem 

cells, thereby enhancing mineralization and bone formation [154-156]. Some researchers 

have also documented its role in soft tissue regeneration, hemostasis, and wound healing 

[157-161]. 

The quest for efficient biomaterials within the realm of regenerative medicine, 

particularly in dentistry, has garnered significant attention in recent years [5,56]. Stem cells 

derived from the apical papilla (SCAPs) have emerged as a promising resource for dental 

tissue regeneration due to their distinctive characteristics, including multipotency and the 

ability to differentiate into various cell lineages, such as osteoblasts [162,163]. The 

utilization of biomaterials that can enhance the osteogenic differentiation of SCAPs is 

essential for successful dental tissue regeneration and the repair of bone defects. However, 

there exists a notable dearth of research investigating the effects of equine collagen on 

SCAPs in the current literature.  

Thus, the first study extensively evaluated the physical, chemical, and biological 

properties of type I collagen sourced from the tendon of Equus caballus. This research 

aimed to assess the impact of different concentrations of both native and hydrolyzed type I 

collagen coatings (0.1, 1, and 2 mg/cm³; Typeone Biomaterials S.r.l., Calimera, Italy) on 

SCAPs, with an emphasis on evaluating biocompatibility and osteogenic potential. The 

study also provided a comprehensive overview of the methodologies employed to 

characterize the various coatings prior to biological evaluations. 
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Subsequently, the incorporation of equine type I collagen as a surface coating 

presented a promising strategy for enhancing the biological interaction of titanium 

implants and increasing their resistance to microbial infection, which may contribute to the 

long-term viability of dental restorations. Given the limited literature on the application of 

equine collagen in implant dentistry, this research may represent a pioneering investigation 

in this field [43,44]. In summary, the primary focus of the second study was to optimize 

the surface characteristics of dental implant screws utilizing a type I collagen coating from 

equine origin. This involved applying varying concentrations of native equine tendon-

derived type I collagen to create coatings on a spectrum of titanium surface textures, 

ranging from smooth to micro- and nano-roughened surfaces. The research 

comprehensively assessed the cytotoxicity, osteogenic potential, and antibiofilm properties 

of these surfaces through in vitro models involving SCAPs and common oral pathogens. 

Through this approach, the objective was to evaluate the ability of collagen to promote 

bone matrix deposition, enhance osteogenic differentiation, and mitigate biofilm formation 

when applied as a coating on dental implants. This research aimed to provide an in-depth 

understanding of the interactions among surface properties, collagen coatings, and 

biological systems to optimize implant characteristics for improved clinical outcomes. 
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The Osteoconductive Properties of Collagen Coating 

4.2.2.1. MATERIALS AND METHODS 

Collagen Characterization 

The native type I collagen in gel form (COL N, 0.8% in 0.5 M acetic acid) and a 

prototypal partially hydrolyzed type I collagen in solution form (COL I, 0.8% in PBS 1×) 

were supplied by Typeone Biomaterials S.r.l. (Calimera, Italy) and produced according to 

a proprietary manufacturing process. Prior to the development of coatings, a preliminary 

assessment of the intrinsic properties of these collagens was conducted to ascertain their 

influence on the biological and structural performance of the scaffolds.  

The molecular weights of COL N and COL I were determined using 

polyacrylamide gel electrophoresis in the presence of sodium dodecyl sulfate (SDS-

PAGE). Approximately 0.05 mL of 0.8% collagen suspensions underwent a reducing 

treatment utilizing 2 M Laemmli buffer and urea in a 1:1 ratio for a duration of 60’ at a 

temperature of 50 °C, prior to being loaded into the wells of a polyacrylamide gel (5% 

stacking gel, 12% resolving gel) [43,164,165]. Protein standards with molecular weights 

ranging from 10 to 250 kDa were also incorporated. The electrophoresis was performed 

using a Mini-Protean Tetra Cell System (Bio-Rad Laboratories Inc., Hercules, CA, USA) 

at 70 V for 30’, followed by an increase to 120 V for approximately 2 h. The 

polyacrylamide gel was then rapidly stained in accordance with a previously optimized 

protocol [55,159]. The estimation of protein molecular weight was conducted with the 

GelAnalyzer 19.1 software (www.gelanalyzer.com, accessed on 01 February 2023), 

developed by Istvan Lazar Jr., PhD, and Istvan Lazar Sr., PhD, CSc. 

The secondary organization of COL N and COL I was examined using Fourier-

transform infrared spectroscopy (FTIR). Diluted collagen suspensions (0.2%) were cast 

and air-dried on germanium lenses for 24 h at RT [166]. Absorption spectra were acquired 

utilizing an FTIR-6300 spectrometer from Jasco GmbH (Pfungstadt, Germany) across the 

frequency range of 4000 cm-1 to 400 cm-1, with a resolution of 4 cm-1 and a total of 64 

scans. The resulting spectra were subsequently analyzed using Origin software from Origin 

Lab Corporation (Northampton, MA, USA) [159,164,166]. 

Sample Preparation 

Before cell seeding, collagen coatings of types COL N and COL I were prepared 

by casting collagen suspensions onto the bottoms of 24-well culture plates to achieve final 
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concentrations of 0.1, 1, and 2 mg/cm3 [55]. The plates were subsequently maintained 

under a sterile hood overnight to facilitate solvent evaporation. Following this, a series of 

four washes using PBS 1× were performed, each lasting 10’, to eliminate solvent and any 

residual materials. The plates were then allowed to dry under a sterile hood overnight. 

Subsequently, they were either stored in the dark at a temperature of 2-8 °C or subjected to 

ultraviolet (UV) irradiation for a duration of 30’, followed by an equilibration period in 

cell culture medium (Dulbecco's Modified Eagle Medium/Nutrient Mixture F-12, 

DMEM/F-12; cat. 10565018, GibcoTM, Thermo Fisher Scientific, Waltham, MA, USA, 

supplemented with 10% FBS and 1% P/S) for an additional 30’ prior to immediate usage. 

After completing these preparatory steps, the medium in each collagen-coated well, as well 

as in the empty well designated as the standard control growth surface (CTRL), was 

replaced with 1 mL of fresh medium containing 5 × 104 cells. 

Wettability 

The behavior of collagen coatings under physiological-like conditions was 

evaluated through contact angle analysis and assessment of the swelling degree (SD). The 

coatings were carefully detached from the bottoms of culture plates and subsequently 

stored in the dark at temperatures ranging from 2 to 4 °C until their use. The hydrophilic or 

hydrophobic characteristics of the coatings were determined utilizing the sessile drop 

method [167]. Approximately 0.01 mL of PBS 1× was dispensed onto the coatings, and the 

contact angle was measured using the FTA1000 analysis system (First Ten Angstroms, 

Newark, NJ, USA). The ability of the coatings to absorb and retain water was assessed by 

monitoring the weight of the samples over an extended period under physiological-like 

conditions (PBS 1×, 37 °C) [55]. Excess water was gently removed with filter paper prior 

to weighing. The SD (%) was calculated as the ratio of the coatings’ wet weight at 

predetermined time points (Wt) to their initial dry weight (W0) using the following 

formula [159,165,166]:  

𝑆𝐷% =
(Wt − W0)

W0
× 100 

Each sample underwent triplicate testing to ensure the accuracy and reliability of 

the results. 

Degradation Resistance 

The resistance of coatings to degradation over time was assessed under 
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physiological-like conditions. Samples of COL N and COL I, which had been previously 

detached from culture plates, were incubated in 5 mL of 0.5 U/mL of collagenase derived 

from Clostridium histolyticum (cat. C0130, Sigma-Aldrich, Milan, Italy) in PBS 1× at 

37°C [159]. At designated intervals, a small volume of the incubation medium was 

withdrawn and analyzed using the Bradford assay to quantify the dissolved protein content. 

Degradation resistance (D%) was calculated by comparing the remaining weight of the 

samples at each time point to their initial weight, employing the following formula 

[55,165]:  

𝐷% =
Wt

W0
× 100 

Each sample underwent triplicate testing to ensure the accuracy and reliability of 

the results. 

Mechanical Properties 

The mechanical properties of the coatings were assessed utilizing a ZwickLine 

universal testing machine (Zwick/Roell, Ulm, Germany), which was equipped with a 100 

N load cell to conduct uniaxial tensile tests. Coating samples were carefully detached from 

the bottoms of culture plates, precisely cut to dimensions of 0.5 cm x 2.5 cm, and subjected 

to testing under displacement control at a rate of 0.1 mm/s until failure occurred. Prior to 

the commencement of the testing, a preload of 0.1 N was applied to all samples 

[55,164,166]. The determination of the elastic modulus (E), stress at break (σmax), and 

strain at break (εr) was carried out using Microsoft Excel software (Microsoft Corporation, 

Redmond, WA, USA). Each sample underwent testing in triplicate to ensure the reliability 

of the results. 

Cell Cultures 

The pulp tissues were obtained from impacted third molars of three systemically 

healthy patients, aged between 18 and 25 years, who underwent extraction for orthodontic 

purposes at the Clinic for Oral Surgery, School of Dental Medicine, University of 

Belgrade. 

SCAPs were isolated using previously established methodologies [168]. In brief, 

the extracted teeth were thoroughly rinsed with PBS 1× containing a 1% P/S. The apical 

papilla was carefully excised from the root apex, minced, and subsequently transferred into 

T-25 flasks. The tissues were cultured in DMEM/F-12 supplemented with 10% FBS and 
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1% P/S. The cell cultures were maintained under standard conditions of 37 °C, with an 

atmosphere of 95% air and 5% CO2, all within a humidity level of 95%. The complete 

medium was replaced every two to three days. Cell cultures were passaged upon reaching 

80% confluence, and all subsequent experiments utilized cells from the third to the sixth 

passage. 

All participating patients provided informed consent, and the study was conducted 

in accordance with the Declaration of Helsinki, receiving approval from the Ethical 

Committee of the School of Dental Medicine, University of Belgrade (protocol number: 

36/19). 

To induce osteogenic differentiation, cells were seeded in 24-well plates at a 

density of 5 × 104 cells/well. The day following seeding, the cells were incubated for 

periods of 7, 14, and 21 days in an osteogenic differentiation medium (OM; cat. 130-091-

678, StemMACS OsteoDiff Media human, Miltenyi Biotec Inc., Waltham, MA, US), with 

medium changes conducted every three days. 

Flow Cytometry Analysis for Antigen Expression 

The expression of specific mesenchymal markers in SCAPs was evaluated using 

flow cytometry analysis. This analysis employed FITC-labeled mouse monoclonal 

antibodies targeting CD34 (cat. 1F-297-T100, Exbio, Vestec, Czech Republic) and CD90 

(cat. 1F-652-T100, Exbio, Vestec, Czech Republic), as well as PE-labeled mouse 

monoclonal antibodies for CD73 (cat. 1P-675-T100, Exbio, Vestec, Czech Republic), 

CD45 (cat. 1P-160-T100, Exbio, Vestec, Czech Republic), and CD105 (cat. 1P-298-T100, 

Exbio, Vestec, Czech Republic), in accordance with the manufacturer’s recommendations.  

Cells at passage five were harvested using TrypLE™ Express solution (cat. 

12604013, Thermo Fisher Scientific, Waltham, MA, USA). Following a wash with PBS 

1× supplemented with 10% FBS, the cells were counted. Subsequently, 1 × 106 cells were 

resuspended in 1 mL of 10% FBS solution in PBS 1× and incubated with the designated 

antibodies for 45’ at 4 °C. The cells were then rinsed twice with PBS 1× and analyzed 

employing a tabletop flow cytometer (BD FACSMelodyTM; BD Biosciences, San Jose, 

CA, USA), which was equipped with BD FACSChorus software. 

3-(4, 5-Dimethylthiazolyl-2-yl)-2, 5-Diphenyltetrazolium Bromide (MTT) Assay 

The MTT assay, conducted in accordance with ISO10993-5, was employed to 

assess cellular metabolic activity. Following incubation periods of 24 h, 48 h, and 72 h, as 

well as 7 days, 14 days, and 21 days of culture, the supernatant was carefully removed. 



75 
 

Subsequently, 300 μL of MTT solution was added to each well and incubated for 3 h at 37 

°C. The resulting formazan crystals were then dissolved in 300 μL of DMSO by gentle 

shaking for 10’ at 37 °C. Cell supernatants were obtained, and 80 μL/well of the sample 

was dispensed into a flat-bottom 96-well plate in triplicate. The optical density (OD) was 

measured at 540 nm using a microplate reader (RT-2100c; Rayto, Shenzhen, China). Cell 

viability (%) was subsequently calculated using the following formula: 

(𝑂𝐷𝑠𝑎𝑚𝑝𝑙𝑒 − 𝑂𝐷𝑏𝑙𝑎𝑛𝑘)

(𝑂𝐷𝑐𝑜𝑛𝑡𝑟𝑜𝑙 −  𝑂𝐷𝑏𝑙𝑎𝑛𝑘)
× 100 

Alizarin Red S Staining (ARS) 

Alizarin Red S staining (ARS) serves as a method for detecting calcium deposits, 

which are indicative of mineralization produced by differentiated osteoblasts. These 

deposits are discerned as bright orange-red stained areas. In this procedure, cells were 

initially washed with PBS 1× and subsequently fixed with 4% paraformaldehyde for a 

duration of 30’. Following fixation, the cells underwent a 15-minute staining process with 

2% ARS (cat. A5533, Sigma-Aldrich, St. Louis, MO, USA) at RT. A quantification step 

was then implemented, which entailed the incubation of the cells with 200 μL of 1% HCl 

in 70% ethanol for 30’ The supernatants from the cell cultures were collected, and 80 μL 

of each sample was transferred into individual wells of a flat-bottom 96-well plate in 

triplicate. The absorbance of the samples was measured at 450 nm utilizing a microplate 

reader (RT-2100c). Cells that were cultured exclusively with OM served as control 

samples (CTRL). 

Alkaline Phosphatase (ALP) Activity 

Alkaline phosphatase (ALP) is an enzyme that catalyzes the hydrolysis of 

phosphate esters in an alkaline buffer, resulting in the production of an organic radical and 

inorganic phosphate. In the present study, a colorimetric assay to assess ALP activity was 

performed at 7 days, 14 days, and 21 days post-osteogenic differentiation. The ALP assay 

kit (cat. MAK447, Sigma-Aldrich, St. Louis, MO, USA) utilized p-nitrophenyl phosphate 

(pNPP) as a substrate, which exhibits a colorimetric change to yellow (λmax = 405 nm) 

upon dephosphorylation by ALP.  

To conduct the assay, cell supernatants were first removed, followed by washing 

the cell layers with PBS 1×. The cells were then permeabilized overnight at 4 °C using a 

0.1% Triton X-100 solution. Next, 100 μL of a 1 M diethanolamine buffer (pH 9.8, 0.5 
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mM MgCl2; cat. D8885, Sigma-Aldrich, St. Louis, MO, USA) containing 1 mg/mL pNPP 

was added to each well and incubated for 30’ at RT in the absence of light. After this 

incubation period, 20 μL of stop solution (3 M NaOH) was introduced into each well, 

followed by the addition of 80 μL of the sample in triplicate to a flat-bottom 96-multiwell 

plate. The absorbance was subsequently measured at 405 nm using a microplate reader 

(RT-2100c). Cells cultured in OM served as the CTRL group for the study. The percentage 

of ALP activity relative to the CTRL was calculated using the following formula: 

(𝑂𝐷𝑠𝑎𝑚𝑝𝑙𝑒)

(𝑂𝐷𝑐𝑜𝑛𝑡𝑟𝑜𝑙)
× 100 

RNA Isolation, Reverse Transcription (RT), and real-time RT-Polymerase Chain Reaction 

(real-time RT-PCR) 

The RNA isolation procedure was conducted at predetermined time points 

subsequent to osteoinduction. Total RNA was extracted from cells utilizing TRIzol (cat. 

15596026, Thermo Fisher Scientific, Waltham, MA, USA). The concentration and quality 

of the RNA were subsequently assessed using the BioSpec-nano spectrophotometer 

(Shimadzu Scientific Instruments, Kyoto, Japan). The RNA was then reverse transcribed 

(RT) into complementary DNA (cDNA) for quantitative polymerase chain reaction 

(qPCR) analysis, employing the RevertAid First Strand cDNA Synthesis kit (cat.  K1621, 

Thermo Fisher Scientific, Waltham, MA, USA) in accordance with the manufacturer’s 

protocol and utilizing oligo (dT)18 primers. Following this, real-time PCR analysis was 

performed using the LineGene K Plus Fluorescence Real-time PCR detection system 

(BIOER Technology, Shanghai, China) with the real-time PCR master mix (Maxima 

SYBR Green/ROX qPCR Master Mix; cat. K0223, Thermo Fisher Scientific, Waltham, 

MA, USA). The sequences of the human-specific primers are provided in Table 5. The 

housekeeping gene glyceraldehyde 3-phosphate dehydrogenase (GAPDH) was utilized for 

normalization purposes, and the relative gene expression was calculated employing the 

comparative 2-ΔΔCT method. This methodology assesses the ratio between the expression of 

the gene of interest and that of GAPDH. For each primer, a control consisting of no 

template cDNA and a control without reverse transcriptase were included.  
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Table 5. Primers with corresponding sequences used in the study. 

Primer name  Sequences (5’ → 3’) 

BMP4 1 
Forward CTG GAT GAG TAT GAT AAG GTG GTA 

Reverse GGG TGA GTG GAT GGG AAC 

RUNX2 2 
Forward ACA AAC AAC CAC AGA ACC ACA AGT 

Reverse GTC TCG GTG GCT GGT AGT GA 

OCN 3 
Forward TTG GAC ACA AAG GCT GCA C 

Reverse CTC ACA CTC CTC GCC CTA TT 

BSP 4 
Forward AAA GTG AGA ACG GGG AAC CT 

Reverse ACC ATC ATA GCC ATC GTA GCC 

GAPDH 5 
Forward TCA TGA CCA CAG TCC ATG CCA TCA 

Reverse CCC TGT TGC TGT AGC CAA ATT CGT 
1Bone morphogenetic protein 4; 2Runt-related transcription factor 2; 3Osteocalcin; 4Bone 

sialoprotein; 5Glyceraldehyde 3-phosphate dehydrogenase. 

Statistical Analysis 

The statistical analysis was conducted using the GraphPad Prism Software 

Analysis version 9. Following an assessment and validation of the normality of the 

distribution through the Shapiro-Wilk test, ordinary one-way ANOVA, two-way ANOVA, 

or unpaired t-tests were employed, followed by Tukey’s post-hoc test. Statistical 

significance was determined at a p-value ≤ 0.05. All experiments were performed in both 

technical and biological triplicate. The data were expressed as the mean ± standard error of 

the mean. 

 

4.2.2.2. RESULTS 

Characterization of the Two Types of Collagen 

In this study, type I collagens isolated from equine tendons were processed 

according to the company's proprietary methodologies. SDS-PAGE was employed to 

ascertain the molecular weight of the collagens and establish a correlation with the 

biological response elicited by the coatings. The electrophoretic pattern (Figure 24a) 

demonstrated that COL N exhibits two distinct bands corresponding to the type I collagen 

1(I) and 2(I) chains, with estimated molecular weights of approximately 140 kDa and 

130 kDa, respectively [43].  
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Figure 24. Comparative analysis of the properties of native type I collagen (COL N) and 

prototypical partially hydrolyzed type I collagen (COL I) derived from equine tendons, 

focusing on molecular weight and available chemical groups. (a) Electrophoretic profiles 

of COL N and COL I suspensions in relation to standard protein markers, which range 

from 10 to 250 kDa; (b) Fourier-transform infrared spectroscopy (FTIR) spectra for COL 

N and COL I suspensions. M: standard proteins. 

Analysis of band intensities indicated that the intensity of the 1(I) band was 

nearly double that of the 2(I) band, reflecting the characteristic triple helical structure of 

collagen. Subsequently, COL I was generated from COL N to formulate a partially 

hydrolyzed variant designed to enhance the exposure of chemical groups. The 

electrophoretic pattern of COL I revealed protein fragments with molecular weights below 

50 kDa, specifically ranging from approximately 40 kDa to 20 kDa. 

Additionally, the material’s characteristics were evaluated through FTIR 

spectroscopy, which identified distinct peaks associated with the chemical groups of type I 

collagen in both samples, particularly amide groups [43] (Figure 24b). In COL N, amide I 

was detected at 1656 cm-1, amide II at 1555 cm-1, and amide III at 1242 cm-1; whereas 

COL I exhibited amide I at 1656 cm-1, amide II at 1550 cm-1, and amide III at 1236 cm-1. 

The FTIR spectra revealed the preservation of the strict hierarchical organization in COL 

N, while indicating a loss of quaternary structure in COL I. Notably, the triple helical 

content was assessed using the amide III to -CH2 ratio, with values exceeding 1 confirming 

the high preservation of collagen structure, and values below 1 indicating a loss of tertiary 

structure [55,153]. The amide III/-CH2 ratio for COL N was approximately 2.2, affirming 
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the presence of collagen fibers as previously documented [43,55]. In contrast, the amide 

III/-CH2 ratio for COL I was approximately 0.51, corroborating the degradation of triple 

helix integrity [153]. 

Physicochemical Characterization of the Coatings 

The physical-chemical properties of COL N and COL I coatings were evaluated 

with respect to wettability, SD, degradation resistance, and mechanical properties. Initial 

evaluations involved determining the hydrophilic or hydrophobic nature of the samples 

under physiological-like conditions. As presented in Table 6, COL N exhibited a more 

hydrophobic character compared to COL I (p < 0.0001), although collagen concentration 

strongly influenced the behavior of the coatings.  

Table 6. Properties of native type I collagen (COL N) and prototypical partially 

hydrolyzed type I collagen (COL I) derived from equine tendons, in terms of wettability 

and constitutive bond. n.d.: not detectable. 

Sample 

type 

Concentration 

(mg/cm3) 

Contact 

angle 

(°) 

Elastic 

modulus 

(MPa) 

Maximum stress 

(MPa) 

Strain 

at break 

(%) 

COL N 

0.1 72  4 n.d. n.d. n.d. 

1 88  8 1.7  0.2 4.2  1.4 74  18 

2 105  9 2.1  0.3 5.0  1.1 85  14 

COL I 

0.1 63  5 n.d. n.d. n.d. 

1 69  6 0.040  0.010 0.006  0.002 20  9 

2 87  6 0.035  0.006 0.011  0.003 74  21 

Specifically, contact angle values increased with higher collagen concentrations in 

both scenarios (p < 0.008 for COL I and p < 0.01 for COL N). Notably, COL I coatings 

consistently demonstrated hydrophilic properties ( < 90°), with an inverse correlation 

observed with respect to collagen concentration. In contrast, COL N displayed hydrophilic 

characteristics at lower concentrations, transitioning to a hydrophobic character at 

concentrations of 1 mg/cm3 and 2 mg/cm3 ( > 90°, p = 0.017), effectively indicating that 

its physicochemical properties are closely linked to concentration levels.  

The capacity of the coatings to absorb and retain water over time was evaluated 

by calculating their SD. As illustrated in Figure 25a, all coatings successfully absorbed 

and retained water, achieving a range of 200-500% of their dry weight, depending on the 

type and concentration of collagen utilized.  
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Figure 25. Physicochemical characterization of COL N and COL I. (a) Swelling degree 

(SD) in coatings; (b) Resistance to degradation over time. 

The coatings were able to swell completely within 30’ and reached a stabilization 

plateau within 1 h. In particular, COL N retained less water than COL I, likely due to the 

presence of collagen fibers and interchain interactions that contributed to a less hydrophilic 

matrix. Conversely, coatings derived from COL I, composed of shorter collagen 

polypeptide chains, exhibited less entangled matrices, which facilitated greater swelling 

compared to COL N using the same material quantity. Notably, coatings prepared with 0.1 

mg/cm3 of COL N and COL I exhibited the highest SD% due to the low concentration of 

protein, resulting in less dense matrix structures that were more prone to water absorption. 

The low concentration of materials, resulting in a diminished degree of interaction 

among proteins, rendered the two experimental classes more susceptible to enzymatic 

degradation. As illustrated in Figure 25b, the experimental classes with 0.1 mg/cm3 of 

COL I and COL N exhibited the lowest stability under physiological-like conditions. 

Specifically, COL I at a concentration of 0.1 mg/cm3 underwent complete degradation 

after 40 h, whereas COL N of the same concentration lost 50% of its weight at the 50-hour 

mark. It is important to note that collagen concentration was found to be inversely related 

to the extent of degradation observed in the samples. Coatings with higher collagen content 

demonstrated increased resistance to degradation, thereby exhibiting an extended half-life. 

Moreover, collagen concentration plays a crucial role in collagen organization. COL N 

coatings displayed greater resistance to degradation when compared to COL I coatings, a 
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difference attributed to the intrinsic properties of their raw materials. COL N, composed of 

type I collagen with a high degree of conservation of its native fibrillar structure, is less 

susceptible to enzymatic attack by collagenase in contrast to COL I, which comprises 

partially hydrolyzed collagen with more exposed functional groups.  

The structural differences of the initial materials were reflected in their resistance 

to applied stresses, as indicated in Table 6. Due to the low protein concentrations in the 0.1 

mg/cm3 coatings, tensile testing was not feasible. In contrast, samples with concentrations 

of 1 and 2 mg/cm3 for both types were analyzed, revealing considerable differences. COL 

N demonstrated greater resistance to applied stresses than COL I, with COL N exhibiting a 

maximum stress capacity of approximately 4-5 MPa—twice the values observed for COL 

I. Notably, while there was no significant effect of COL N concentration on maximum 

stress values, it effectively doubled the maximum stress threshold of COL I-derived 

coatings. Strain at break values were influenced by collagen concentration, with similar 

values recorded for both COL N and COL I at the 2 mg/cm3 concentration. However, COL 

N showed an increase of approximately 13% in the strain at break values corresponding to 

rising collagen concentration, while COL I experienced a considerably higher increment of 

about 73%. Lastly, COL I-derived samples were determined to be twice as elastic as those 

derived from COL N, with no statistically significant differences attributable to 

concentration. 

Cell Culture Characterization 

Flow cytometry analysis revealed that mesenchymal stem cell markers exhibited 

high expression levels in SCAPs, with CD73 at 97.38% ± 0.87, CD90 at 98.28% ± 0.92, 

and CD105 at 96.73% ± 0.78. In contrast, the presence of hematopoietic markers CD34 

and CD45 was minimal, recorded at 0.04% ± 0.01 and 0.03% ± 0.01, respectively (Figure 

26). 
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Figure 26. Immunophenotypic profile of mesenchymal stem cells from the apical papilla 

(SCAPs) evaluated using (a,b) FITC-labeled mouse monoclonal antibodies targeting CD34 

and CD90, alongside (c-e) PE-labeled mouse monoclonal antibodies for CD73, CD45, and 

CD105. The SCAPs exhibited negative expression for hematopoietic markers CD34 and 

CD45, while demonstrating positive expression for the mesenchymal stem cell markers 

CD73, CD90, and CD105. 

Biocompatibility of Collagen Coatings 

The MTT assay was performed at specified intervals of 24 h, 48 h, and 72 h, as 

well as at 7 days, 14 days, and 21 days, utilizing concentrations of 0.1, 1, and 2 mg/cm3 of 

both COL N and COL I coatings. This evaluation aimed to assess their biocompatibility 

with SCAPs (Figure 27). 
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Figure 27. Viability of SCAPs cultured on COL N and COL I coatings in comparison to 

uncoated wells (CTRL) at intervals of 24 h, 48 h, and 72 h, as well as 7 days, 14 days, and 

21 days. The data are expressed as the percentage of viable cells relative to the CTRL and 

specify the collagen concentration in mg/cm3. d: days. *p < 0.05, **p < 0.01, ***p < 

0.001, ****p < 0.0001. 

After a 24-hour incubation period, only cells cultured on COL I at a concentration 

of 2 mg/cm3 exhibited a statistically significant reduction in viability compared to the 

CTRL group (p < 0.05), while all other conditions did not demonstrate any significant 

differences. Notably, COL I at all concentrations resulted in significantly lower cell 

viability compared to the corresponding concentrations of COL N, with p < 0.01, < 0.05, 

and < 0.001 for 0.1, 1, and 2 mg/cm3, respectively. After 48 h, the viability of SCAPs 

cultured with COL N at any concentration displayed no statistically significant differences 

compared to the CTRL, whereas COL I consistently indicated a p < 0.0001 in relation to 

both the CTRL and COL N conditions. Interestingly, following a 72-hour incubation, COL 

I did not present significant differences when compared to any other experimental 

conditions, except for COL N at the highest concentration (p < 0.01). At this time point, 

cells cultured with COL N consistently demonstrated significantly higher viability 

compared to the CTRL, with p < 0.01, < 0.05, and < 0.0001 at 0.1, 1, and 2 mg/cm3 

concentrations, respectively. After one week, only the lowest concentration of COL I did 
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not adversely affect cell viability, whereas higher concentrations resulted in a significant 

decrease in viability (p < 0.05 for 1 mg/cm3 and p < 0.0001 for 2 mg/cm3). Conversely, 

exposure to COL N resulted in significantly higher cell viability compared to COL I at 

concentrations of 1 and 2 mg/cm3 (p < 0.01 and p < 0.0001, respectively), without 

significant differences relative to the CTRL. Over extended periods, none of the 

experimental conditions indicated cytotoxicity. At the 14-day observation point, it should 

be emphasized that COL N demonstrated a significantly positive effect on cell viability 

across all concentrations (p < 0.01). Additionally, at its highest concentration, COL N 

exhibited a significantly greater effect than COL I (p < 0.05). After 21 days, none of the 

treatments demonstrated any significant differences when compared to the CTRL group. 

In summary, with the exception of longer time periods, COL I generally showed 

lower biocompatibility compared to both the CTRL and COL N. Consequently, it was 

determined to proceed with further experiments utilizing only COL N across all 

concentrations. 

The Effect of Collage Coatings on Bone Matrix Deposition 

The osteogenic differentiation potential of COL N coatings was assessed at 

concentrations of 0.1, 1, and 2 mg/cm3 over periods of 7 days, 14 days, and 21 days using 

SCAPs. This evaluation was conducted in comparison with the CTRL group, in which the 

cells were subjected exclusively to OM treatment (Figure 28).  
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Figure 28. Inverted light microscopic representative images and relative quantitative 

analyses of Alizarin Red S staining (ARS) assays of SCAPs cultured on COL N coatings at 

concentrations of 0.1, 1, and 2 mg/cm3. (a) Mineral matrix deposition after 7 days, (b) 14 

days, and (c) 21 days of culture. Original image magnification: 40×. The data are 

expressed as the percentage of bone matrix deposition in comparison to the CTRL group 

(cells treated solely with the osteogenic medium, OM) and indicate the concentration of 

collagen in mg/cm3. *p < 0.05, **p < 0.01. 

After 14 days of observation, only the COL N concentration of 2 mg/cm3 

demonstrated statistically significant differences when compared to the CTRL condition (p 

< 0.01) and the lowest concentration (p < 0.05). It is important to note that no significant 

differences were detected at 7 or 21 days; however, a positive correlation between collagen 

concentration and bone matrix deposition was observed after 7 days. Additionally, an 

overall increase in the formation of mineralized nodules was evident across all conditions 

in comparison to the previous time periods, as illustrated in Figure 28c. 

Collagen Coatings and Their Impact on ALP Activity Modulation 

The osteoconductive potential of COL N coatings at various concentrations was 

further evaluated by analyzing the ALP activity of SCAPs over 7 days, 14 days, and 21 

days. This assessment was conducted in comparison to the CTRL group, which consisted 
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of cells subjected exclusively to OM treatment, as illustrated in Figure 29.  

 

Figure 29. Alkaline phosphatase (ALP) activity in SCAPs cultured on COL N coatings at 

concentrations of 0.1, 1, and 2 mg/cm3 after 7 days, 14 days, and 21 days. The data are 

presented as a percentage of ALP activity relative to the CTRL group (cells treated solely 

with the OM). The graphs indicate the concentration of collagen in mg/cm3. **p < 0.01. 

Upon evaluation at both the 14-day and 21-day time points, no significant 

differences were observed among the experimental groups. However, at the 7-day time 

point, the application of COL N at a concentration of 2 mg/cm3 resulted in significantly 

elevated values in comparison to the CTRL group and other tested concentrations of COL 

N (p < 0.01). 

Osteogenic Markers Regulation by the Selected Collagen Coating 

The enhanced osteoconductive potential of COL N at a concentration of 2 

mg/cm3, as demonstrated by ARS and ALP activity assays, warranted an investigation into 

the gene expression of four osteogenic markers: bone morphogenetic protein 4 (BMP4), 

runt-related transcription factor 2 (RUNX2), osteocalcin (OCN), and bone sialoprotein 

(BSP). This test focused exclusively on SCAPs cultured on COL N at a concentration of 2 

mg/cm3 over periods of 7 days, 14 days, and 21 days. 

Figure 30 illustrates a consistently elevated expression of these markers for 

SCAPs cultured on COL N2 coating compared to the CTRL group, irrespective of 

statistical significance, with the exception of the BSP marker at the 7-day time point. 
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Figure 30. Effects of the COL N coating at a concentration of 2 mg/cm3 (N2) on the 

mRNA expression of osteogenic markers—bone morphogenetic protein 4: BMP4, runt-

related transcription factor 2: RUNX2, osteocalcin: OCN, and bone sialoprotein: BSP—in 

SCAPs after 7 days, 14 days, and 21 days. The results are presented as relative gene 

expression (2-ΔΔCT). The CTRL group refers to cells that were treated solely with the OM. 

*p < 0.05, ***p < 0.001. 

Notably, significantly higher levels were recorded after 7 days for BMP4 (p < 

0.05), after 14 days for RUNX2 (p < 0.05), and after 21 days for OCN (p < 0.001) and BSP 

(p < 0.05). 

 

4.2.2.3. DISCUSSION 

The research conducted a comprehensive investigation into the physical, 

chemical, and biological properties of various formulations of type I collagen derived from 

horse tendons. The primary objective was to assess the influence of differing 

concentrations of COL N and COL I coatings (0.1, 1, and 2 mg/cm3) on SCAPs, while also 
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providing a chemical characterization of these coatings. The study concentrated on 

evaluating the biocompatibility and potential to enhance bone formation, with the goal of 

advancing the development of regenerative biomaterials within the field of dentistry.  

The findings demonstrated that SCAPs cultured on COL N-coated surfaces 

exhibited enhanced viability and a significant increase in mineralization, particularly at 

elevated collagen concentrations. Importantly, the collected data revealed a positive 

correlation between collagen concentration and both mineral matrix deposition and ALP 

activity. This indicates that COL N, at a concentration of 2 mg/cm3, not only provided a 

conducive environment for SCAPs but also actively promoted their osteogenic 

differentiation. These results were further substantiated by gene expression analyses of key 

osteogenesis markers. Specifically, all four osteogenesis-related genes examined (BMP4, 

RUNX2, OCN, and BSP) demonstrated significant upregulation in SCAPs cultured on 

COL N at its highest concentration. The overexpression of these genes was observed at 

distinct time points: BMP4 at 7 days, RUNX2 at 14 days, and OCN and BSP at 21 days, 

consistent with previous literature on SCAPs [169]. Furthermore, the differences noted 

between COL N and COL I may be attributed to variations in extraction and purification 

methodologies or differing manipulation processes, which could result in alterations to the 

bioactive conformational structure of the collagen [53].  

Due to its favorable properties, type I collagen derived from both marine and 

animal sources is widely utilized to develop various biomaterials for biomedical 

applications [20,21]. Despite the predominance of bovine and porcine collagens, equine 

collagen presents several advantages, including minimal zoonosis transmission risks, a 

high degree of sequence similarity to human collagen, superior resistance when compared 

to other collagen types, and the absence of reported immune reactions or religious 

restrictions [153]. Furthermore, existing literature highlighted that the distinct hierarchical 

organization of the equine tendon facilitates the preservation of collagen’s native structure 

post-extraction and processing, in contrast to tissues from other mammalian sources. This 

underscores its significant potential in biomedical fields, where maintaining natural 

binding sites and intrinsic bioactivity is paramount [55]. A research study conducted by 

Salvatore et al. [43] provided a thorough structural analysis of an insoluble fibrillar type I 

collagen extracted from horse tendon, referred to as COL N. This analysis was conducted 

alongside an examination of a commercially available collagen isoform derived from the 

same species and tissue. The SDS-PAGE results indicated comparable integrity and purity 

in relation to the collagen under investigation, exhibiting the two characteristic bands of 
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type I collagen. Additionally, structural analysis via FTIR spectroscopy revealed identical 

spectral profiles for COL N, further affirming the reproducibility of the extraction and 

purification methodologies employed. Moreover, the resistance of collagen to enzymatic 

degradation was notably higher than the commercial counterpart, with 56% degradation 

observed at a time point when the commercial collagen was entirely degraded. This 

resulted in a half-life of 5.8 h for the test collagen, compared to 1.3 h for the commercial 

variant. The study also evaluated the biocompatibility and cellular interactions of these 

collagens when applied as films on mouse embryonic fibroblasts. The cytocompatibility of 

the test collagen remained unaffected; however, the proliferation rate of NHI/3T3 cells 

exhibited a progressive increase over time in comparison to the industrial collagen. This 

finding suggested that fibroblasts and SCAPs interact with native collagen through specific 

cell receptors, offering insights into the preservation of the extracted collagen. Similar 

trends in increasing cellular growth rates have been documented in other studies involving 

equine collagen as compared to bovine and porcine collagen [170]. In the current study, 

COL N demonstrated a gradual increase in cell viability over time, achieving statistical 

significance after 72 h (p < 0.01 for COL N0.1, p < 0.05 for COL N1, and p < 0.0001 for 

COL N2) and after 14 days (p < 0.01) in comparison to the CTRL group and even relative 

to COL I after only 24 h. 

In the context of bone regeneration, collagen fibers play a critical role during the 

initial phases of bone tissue formation by providing a scaffold for the deposition of apatite 

crystals, thereby facilitating ongoing bone growth. Collagen scaffolds not only support 

cellular differentiation and proliferation but also replicate the architecture of natural bone, 

which is essential for achieving optimal outcomes in bone grafting procedures [37]. 

Numerous experimental studies indicated that modifications in the biochemical 

composition of the ECM result in significant alterations to its mechanical properties, such 

as stiffness, which subsequently influence cellular morphology, growth, differentiation, 

migration, and gene expression, with force transmission mediated through focal adhesions 

[56,61,171]. Specifically, the estimated stiffness of bone, contingent upon the composition 

and structure of the collagen fibers, is reported to range from approximately 100 kPa to 1 

GPa, closely aligning with the measured Young’s modulus of COL N [172]. Furthermore, 

research indicated that the osteogenic differentiation potential of mesenchymal stem cells 

is enhanced fourfold when cultured on rigid matrices [173]. To date, various formulations 

utilizing equine tendon collagen have been developed and are presently employed in 

commercial applications for the regeneration of hard tissues. These formulations include 



90 
 

osteoconductive sponges, blocks, hemispheres, microparticles, and membranes, often 

integrated with osteoinductive molecules. They have been shown to promote and enhance 

bone healing by facilitating neoangiogenesis, thereby contributing to improved support for 

the process of bone regeneration [174-179]. In the domain of dentistry, a substantial body 

of literature exists that documents the successful application of equine collagen for bone 

regeneration in augmentation and ridge preservation procedures. Evidence indicated the 

formation of new bone, preservation of ridge volumes, and enhanced vascularization at the 

site, with implant success rates comparable to those achieved with autogenous bone grafts 

after one year [152,154,156,180-182]. Moreover, recent preclinical investigations 

conducted by Barrino, Alqutub, and Tumedei [178,179,183] have further validated these 

findings, demonstrating the osteoconductive properties of equine collagen type I, revealing 

increased cell proliferation, calcium deposition, and gene expression of osteogenic markers 

in various oral mesenchymal stem cells. Although some studies have explored the 

utilization of equine collagen in gel formulations for applications such as drug delivery, 

wound healing, and nerve regeneration, there remains a notable gap in research concerning 

its application in bone repair [161, 184-186]. Accordingly, to the best of our knowledge, 

this study represents the first detailed exploration of the osteoconductive potential of type I 

collagen derived from equine tendons, specifically in in the format of films. 

In the field of dental tissue engineering, SCAPs are extensively employed owing 

to their remarkable proliferation capabilities, self-renewal properties, and potential to 

differentiate into various cell lineages. Consequently, they are considered a highly 

promising source of stem cells for regenerative oral treatments, as they differentiate into 

odontoblasts and pulp cells [187]. Although SCAPs exhibit superior proliferation and 

mineralization potential in comparison to other dental stem cells [169], there is a notable 

scarcity of investigations assessing the osteogenic efficacy of collagen on SCAPs, 

particularly equine collagen. Existing research has explored the osteogenic differentiation 

of SCAPs induced by different forms of pure collagen or in conjunction with other 

molecules. Such studies have indicated strong cytocompatibility and a significant positive 

effect on cell motility, along with an early osteogenic differentiation response in the 

absence of additional stimuli [188,189]. Moreover, some research has reported enhanced 

cell viability, adhesion, and spreading of SCAPs in the presence of type I collagen 

formulations aimed at dentin-pulp regeneration [190-193]. Conversely, a study conducted 

by Leite et al. [194] reported a lack of bioactivity when evaluating a rat tail type I collagen 

coating on SCAPs, attributing this absence of response to insufficient collagen 
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concentrations necessary for stimulating cell adhesion, proliferation, and spreading. 

Consequently, the current investigation represents the first assessment of the osteogenic 

properties of SCAPs in response to type I collagen derived from equine sources. While 

SCAP-mediated tissue regeneration demonstrated substantial promise, the understanding 

of the interaction between SCAPs and the microenvironment remains constrained. 

Variations in the ECM topographic structure, geometry, tissue mechanics (such as stiffness 

and elastic modulus), as well as other parameters (force, temperature, and light) 

significantly influence this interaction. Nevertheless, the effects of these factors on cell 

proliferation, migration, differentiation, and tissue remodeling, particularly concerning 

SCAPs, remain inadequately elucidated [195]. 

The present study acknowledges several limitations that merit consideration. 

Although not extensively recognized, equids exhibit susceptibility to alphaviral equine 

encephalomyelitis (AEE), a mosquito-borne zoonotic infection that rarely transmits to 

humans. The infrequency of encephalitis cases combined with the low mortality rate 

associated with AEE prompts the exploration of equine by-products as potential sources 

for medical-grade collagen extraction devoid of zoonotic risks. Additionally, the notable 

hierarchical organization of collagen fibers in tendons, along with their dense packing, 

indicates that devices manufactured from reconstituted native horse tendon collagen may 

possess enhanced resistance to degradation and mechanical stress [44]. However, a 

considerable challenge in the development of collagen-based scaffolds lies in accurately 

replicating the sub- and supramolecular structures inherent to natural type I collagen. 

Variations in extraction and purification methods, as well as differences in sterilization 

processes, can induce structural modifications that affect the bioactive conformational 

integrity of COL I and COL N [164]. From a biological standpoint, the efficacy of coatings 

to facilitate stem cell growth and their differentiation into bone phenotypes was evaluated 

using assays of ARS, ALP activity, and the gene expression of osteogenic markers. For 

this latter purpose, bone phenotype biomarkers BMP4, RUNX2, OCN, and BSP—

recognized for their roles in bone formation—were selected [169]. Literature suggested 

that BMP4 and RUNX2 are early-stage markers of osteogenic differentiation, whereas 

OCN and BSP are considered late-stage markers [196]. This aligned with the current 

findings, which demonstrate significantly elevated levels of BMP4 and RUNX2 expression 

at 7 days (p < 0.05) and 14 days (p < 0.05), respectively, alongside a significant 

upregulation of OCN and BSP markers at 21 days (p < 0.001 and p < 0.05, respectively). 

Furthermore, the ALP activity assays consistently indicated comparable values for cells 
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treated with COL N relative to the CTRL group, with a significant difference observed 

after 7 days at a COL N concentration of 2 mg/cm3 (p < 0.01 versus the CTRL group and 

COL N0.1, N1, and N2). This corroborated previous studies that typically identify ALP as 

an early differentiation marker that downregulates during mineralization [197]. However, 

additional in vitro investigations employing a larger sample of primary cell cultures are 

recommended, followed by pre-clinical and clinical studies utilizing this collagen. It is 

essential to evaluate the expression of markers not only at the RNA level but also at the 

protein level to conclusively validate gene expression. 

In conclusion, the analyses conducted have consistently illustrated that the 

proprietary manipulation process specifically optimized for COL N effectively preserves 

the native structure of collagen when compared to COL I. Notably, investigations into the 

structural and biological properties of COL N, isolated from equine tendon at a 

concentration of 2 mg/cm3, have provided compelling evidence of its significant 

osteoconductive properties. The findings demonstrated that equine COL N, particularly at 

this concentration, not only fosters a biocompatible environment for SCAPs but also 

actively promotes their differentiation into osteogenic cells. This reinforces the potential of 

this biomaterial as a viable alternative to conventional mammalian collagen for the 

advancement of implantable medical devices and highlights its applicability as a scaffold 

in dental tissue engineering. In this context, a logical subsequent step involved employing 

this collagen formulation as a coating for implant surfaces. Given the increasing demand 

for biocompatible, bioactive, and biomimetic surfaces to enhance the integration of dental 

implants, the exploration of an equine type I collagen coating presents a promising area for 

further investigation, particularly in light of the limited existing literature on functional 

equine collagen coatings [198,199]. 
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The Osteoconductive Properties of Collagen-Coated Implant Surfaces 

4.2.2.4. MATERIALS AND METHODS 

Materials 

Native type I collagen derived from equine tendons (N) was utilized to develop 

implant surface coatings in accordance with the previously optimized protocol (refer to 

Sample Preparation in section 3.2.2.1.). Three distinct concentrations of N—specifically, 

0.1, 1, and 2 mg/cm3 (designated as N0.1, N1, and N2, respectively)—were investigated. 

This study examined the influence of N coatings on various implant disc surfaces 

(Implacil De Bortoli, Cambuci, São Paulo, Brazil) made of titanium grade 4 (dimensions: 5 

mm × 2 mm) in accordance with the standards set forth by the American Society for 

Testing and Materials (ASTM)-F67 [200]. As defined by Petrini et al. [105], the macro, 

micro, and nano surface characteristics were assessed using SEM and atomic force 

microscopy (AFM). The analysis of discs revealed four distinct surface treatments:  

- Machined (M): Untreated smooth surfaces with a Ra of 27.29 ± 5.66 nm; 

- Sandblasted and DAE (S): This procedure involved sandblasting with titanium 

oxide microparticles of 50-100 µm, followed by conditioning with maleic acid (dual-acid 

attack), resulting in a Ra of 92.03 ± 6.32 nm; 

- S with a linear macro-roughness (L): The S surface treatment incorporated a 

linear macro-geometry akin to that of Due Cone implants (Implacil De Bortoli, Cambuci, 

São Paulo, Brazil) [201]; 

- S with a waved macro-roughness (W): The S surface treatment featuring the 

inclusion of healing chambers, representing the macro-geometry of Maestro implants 

(Implacil De Bortoli, Cambuci, São Paulo, Brazil) [201]. 

Sample Preparation 

All titanium samples underwent a thorough washing process with distilled water, 

followed by air drying and subsequent sterilization using an autoclave. Prior to cell 

seeding, collagen-based coatings derived from N were cast onto the surface of discs placed 

in 96-well culture plates at varying concentrations (N0.1, N1, and N2), corresponding to 

0.06%, 0.58%, and 0.80% of N, respectively, in accordance with previously established 

methodologies (refer to Sample Preparation in section 3.2.2.1.). Briefly, the plates were 

maintained in a sterile hood overnight to facilitate solvent evaporation, followed by four 

washes with PBS 1×. The discs were allowed to dry under sterile conditions in a flow hood 
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for an additional overnight period at RT. Subsequently, the prepared discs were either 

stored at 4 °C in the dark or subjected to 30’ of UV irradiation, followed by rehydration in 

a cell culture medium (DMEM/F-12) for an additional 30’ prior to immediate use. 

Following this preparation, the medium in each well containing collagen-coated discs, as 

well as in the wells with uncoated discs, which served as the standard control for the 

growth surface (CTRL), was replaced with 200 µL of fresh medium containing 1 × 104 

cells. 

Characterization of Coated Surfaces Using SEM 

The visualization of the collagen-coated discs (N0.1, N1, and N2 on M, S, L, and 

W discs) and their respective CTRL samples was performed utilizing an EVO® 40 SEM 

(Carl Zeiss AG, Oberkochen, Germany) operating in variable pressure mode, with an 

accelerating voltage set to 20 kV. The dried disks were mounted onto SEM stubs using 

double-sided carbon tape and were subsequently examined at magnifications of 40× and 

1000× utilizing the HD BSD detector. 

Contact Angle 

The wettability of collagen coatings was evaluated utilizing the sessile drop 

method. In this procedure, 5 L of distilled water were deposited onto both uncoated and 

N-coated titanium discs, and images were immediately captured using a Dino-Lite digital 

microscope (AnMo Electronics Corporation, New Taipei City, Taiwan). Contact angle 

measurements were obtained using the drop snake method in ImageJ software. Each 

sample underwent three replicates to ensure the precision and reliability of the results. 

Cultivation and Characterization of Cells 

Pulp tissues were collected from three healthy patients, aged 18 to 20, during third 

molar extraction at the Clinic for Oral Surgery, School of Dental Medicine, University of 

Belgrade. All ethical considerations were meticulously adhered to, with each patient 

providing informed consent. The study was conducted in accordance with the Declaration 

of Helsinki and received approval from the Ethical Committee of the School of Dental 

Medicine, University of Belgrade (protocol number: 36/19). SCAPs were isolated 

following established protocols [168,202] and cultivated as detailed in Cell Cultures, 

section 3.2.2.1. Briefly, the extracted teeth were subjected to a washing procedure utilizing 

PBS 1× containing 1% P/S. Subsequently, the apical papilla was carefully excised from the 

root apex, minced, and placed into T-25 flasks for cell culture. The cells were cultured in a 
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complete growth medium (DMEM/F-12 supplemented with 10% FBS and 1% P/S, 

maintained under standard conditions of 37 °C and 5% CO2 in a humid environment). The 

complete medium was replaced every two to three days, and the cells were passaged when 

reaching 80% confluence, with experimental assays conducted using cells from the third to 

the sixth passage. For osteogenic differentiation, the cells were seeded in 96-well plates at 

a density of 1 × 104 cells/well and subsequently incubated in OM after 24 h, with 

evaluations at 7 days, 14 days, and 21 days, including medium changes every three days. 

Additionally, flow cytometry analysis was utilized to evaluate the expression of 

specific mesenchymal markers in SCAPs, in accordance with the previously outlined 

protocol, reagents, and instrumentation (refer to Flow Cytometry Analysis for Antigen 

Expression in section 3.2.2.1.). In summary, the analysis incorporated the use of FITC-

labeled mouse monoclonal antibodies targeting CD90 and CD34, as well as PE-labeled 

mouse monoclonal antibodies for CD73, CD105, and CD45, as recommended by the 

manufacturer. Cells at the fifth passage were harvested employing TrypLE™ Express 

solution, subsequently washed with PBS 1× supplemented with 10% FBS and counted to 

achieve a concentration of 1 × 106 cells. These cells were then incubated with the 

appropriate antibodies for 45’ at 4 °C. Following incubation, the cells were rinsed with 

PBS 1× and analyzed using a BD FACSMelodyTM flow cytometer, which was equipped 

with specialized software (BD FACSChorus). 

MTT Assay 

Cytotoxicity assessments were performed on SCAPs cultured on collagen-coated 

surfaces (N0.1, N1, and N2 coatings applied to M, S, L, and W discs) and their CTRL 

groups after intervals of 24 h, 48 h, and 72 h, as well as 7 days, 14 days, and 21 days. At 

each specified time point, the culture medium was discarded, and the cells were subjected 

to a complete medium incorporating MTT (5 mg/mL) for a duration of 3 h at 37 °C in the 

absence of light. Subsequently, DMSO was utilized to dissolve the formed formazan 

crystals, and the plate was shaken for 15’ at 37 °C while remaining in the dark. The cell 

supernatants were then transferred to a flat-bottom 96-well plate. The OD was measured at 

540 nm using a microplate reader (RT-2100c). Ultimately, the percentage of viable cells 

(%) was calculated utilizing the formula detailed in MTT Assay, section 3.2.2.1. 

ARS Assay 

One day post-cell seeding, both CTRL and experimental samples underwent a 

culture period of 7, 14, and 21 days in OM. Following osteoinduction, the effects of 
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various collagen-coated surfaces on mineralized nodule formation were evaluated utilizing 

the ARS assay, as outlined in ARS, section 3.2.21. At the conclusion of the experiment, the 

supernatants from the samples were transferred to a new 96-well plate, and their 

absorbance was measured at a wavelength of 450 nm using a microplate reader (RT-

2100c). Cells and discs treated solely with OM, without applying the N coating, served as 

controls (CTRL). 

ALP Activity 

The ALP activity assay was conducted utilizing the ALP kit at 7, 14, and 21 days 

following osteogenic differentiation in the presence of OM. The procedure adhered to the 

protocol outlined in ALP Activity, section 3.2.2.1. Subsequently, the supernatants were 

transferred to a new 96-well plate, and the absorbance was determined at 405 nm using a 

microplate reader (RT-2100c). The CTRL group for this assay consisted of cells and discs 

cultured solely with OM and without N coating. The percentage of ALP activity relative to 

the CTRL was calculated by determining the ratio of the OD of the sample to the OD of 

the CTRL, followed by multiplying the result by 100. 

Real-time RT-PCR 

The expression levels of markers associated with osteogenic differentiation, 

including BMP4, RUNX2, OCN, and BSP, were evaluated using real-time RT-PCR. RNA 

isolation was conducted at 7, 14, and 21 days following osteoinduction, adhering to the 

previously established protocol (refer to real-time RT-PCR in section 3.2.2.1.). The 

sequences of human-specific primers are detailed in Table 5. The housekeeping gene 

GAPDH served as the reference for normalization, and the comparative 2-ΔΔCT method was 

utilized to achieve relative quantification of gene expression. 

Cell Adhesion 

The visualization of the cells cultured on the N-coated discs and their 

corresponding CTRL samples was conducted utilizing a TESCAN FESEM, Mira 3 XMU 

(TESCAN a.s., Brno, Czech Republic), operating at an accelerating voltage of 10 kV. The 

samples were carefully removed from the culture medium and rinsed twice in PBS 1× to 

eliminate any unattached cells. For the analyses, the discs were fixed in a solution of 2.5 % 

glutaraldehyde for a duration of 48 h, followed by dehydration using 3% acetic acid (cat. 

695092, Sigma-Aldrich, St. Louis, MO, USA) and subsequent exposure to ascending 

concentrations of ethanol (25%, 50%, and 70%) in 3% acetic acid [203]. After 
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dehydration, the samples were air-dried and sputter-coated with a thin layer of gold using 

Polaron SC503 SEM (Fisons Instruments, Ipswich, UK). The adherent cells on the surfaces 

were examined at magnifications of 1300× and 7900×, and the images were captured using 

a BSD detector. 

Bacterial Strains and Growth Conditions 

The reference strains utilized for this study included Staphylococcus aureus 

(ATCC 25923), Candida albicans (ATCC 10231), Streptococcus mitis (ATCC 13770), and 

Porphyromonas gingivalis (ATCC 33277), sourced from Microbiologics KWIK-STIK, 

Manassas, VA, USA. These strains were activated and cultivated in accordance with the 

procedures detailed in Table 7, with the objective of establishing monomicrobial biofilms 

on the specimens. 

Table 7. Conditions for growing the reference strains. 

Reference 

Strain 

Activation 

(Medium) 

Growth 

(Agar) 

Activation 

Time 
Conditions 

Incubation 

Time for 

Biofilm 

Formation 

Staphylococcus 

aureus 

Sabouraud 

dextrose 

broth1 

Columbia 

agar with 

5% sheep 

blood2 

24 h 
Aerobic, 

37°C 
48 h 

Candida 

albicans 

Sabouraud 

dextrose 

broth1 

Sabouraud 

agar3 
24 h 

Aerobic, 

37°C 
48 h 

Streptococcus 

mitis 

Brain heart 

infusion 

(BHI) 

broth3 

Columbia 

agar with 

5% sheep 

blood2 

48 h 
Anaerobic, 

37°C 
48 h 

Porphyromonas 

gingivalis 

Schaedler 

broth with 

hemin and 

vitamin 

K14 

Brucella 

agar with 

5% sheep 

blood1 

72 h 
Anaerobic, 

37°C 
5 days 

1Sigma Aldrich, MO, USA; 2ProReady, Belgrade, Serbia; 3HiMedia, Mumbai, 

Maharashtra, India; 4Becton, Dickinson and Company, Franklin Lakes, NJ, USA. 

Biofilm Formation 

Upon activation, a small quantity from each colony was transferred to the 

corresponding liquid medium (broth) and incubated for a duration of 5 h. Following this 

incubation, the resulting monomicrobial suspensions were subjected to centrifugation at 

3000 rpm for 5’. The supernatant was subsequently discarded, and the pellet was 
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resuspended in sterile PBS 1× to achieve a turbidity equivalent to the 0.5 McFarland 

standard (approximately 108 cells/mL for bacteria and approximately 106 cells/mL for 

fungi, measured using a DEN-1 densitometer, Biosan, Riga, Latvia). The final cell density 

was adjusted to 105 cells/mL with the corresponding broth. This suspension was employed 

for the formation of monomicrobial biofilms. 

Sterile discs were positioned in a 96-well plate and coated with N as per the 

established protocol. Subsequently, to facilitate the formation of a primary pellicle that 

would enable biofilm development and mimic in vivo conditions, the specimens were 

immersed in 150 µL of artificial saliva (Pharmacy Belgrade, Belgrade, Serbia) at a 

temperature of 37 °C for 30’. Following this period, the artificial saliva was removed, and 

200 µL of the standardized suspensions were introduced and incubated for either 48 h or 5 

days, depending on the species under examination (Table 7).  

2,3-bis (2-methyloxy-4-nitro-5-sulfophenyl)-2H-tetrazolium-5-carboxanilide (XTT) Assay 

The metabolic activity of microorganisms was evaluated utilizing the 2,3-bis (2-

methyloxy-4-nitro-5-sulfophenyl)-2H-tetrazolium-5-carboxanilide (XTT) assay. Following 

the designated period for biofilm formation (Table 7), the supernatant was carefully 

removed, and the samples were rinsed with PBS 1× to eliminate non-adherent cells. 

Subsequently, an XTT solution (Cell Proliferation Kit II, XTT; Roche Diagnostics GmbH, 

Mannheim, Germany) was prepared in accordance with the manufacturer’s guidelines and 

introduced into each well. The plate was then incubated in the dark at 37 °C for a duration 

of 3 h. After a 15’ agitation at 37 °C in the absence of light, the cell supernatants were 

transferred to a new 96-well plate. The ODs were measured at a wavelength of 492 nm 

using a microplate reader (RT-2100c). The OD of the medium containing N-coated discs 

devoid of bacteria was utilized as a reference to reduce interference from particles and 

aggregates present in the medium, which was then subtracted from the other 

measurements. 

Colony Forming Units (CFU) Counting 

The biofilms developed on each sample were quantified by counting the number 

of colonies present per mL (CFU/mL). To remove unattached microbial cells, the 

specimens were gently washed with PBS 1× and subsequently transferred into sterile 

microcentrifuge tubes containing 1 mL of sterile PBS 1×. The tubes were then shaken at 

9000 rpm at 37°C using a Varioshake VS 15B (Lauda, Lauda-Königshofen, Germany) for 

a duration of 5’. Following this, serial ten-fold dilutions from the tubes were inoculated 



99 
 

onto suitable agar plates (Table 7). After incubating the agar plates at 37 °C under the 

specified conditions (Table 7), the CFU counting was performed. 

SEM Analysis for Biofilm Adhesion 

An additional qualitative analysis utilizing SEM on the N-coated discs and their 

CTRL samples was conducted using a TESCAN FESEM, Mira 3 XMU operating at 10 kV 

to visualize the formation of monomicrobial biofilms by S. aureus, C. albicans, S. mitis, 

and P. gingivalis on the surfaces. The methodology outlined in Cell Adhesion, section 

3.2.2.4., was adhered to in the final analysis of the samples using Polaron SC503 SEM. 

The microorganisms adhering to the surfaces were examined at a magnification of 7900×, 

and images were acquired employing a BSD detector. 

Statistical Analysis  

The statistical analysis was performed utilizing GraphPad Prism Software 

Analysis version 9. Following the assessment of distribution normality through the 

Shapiro-Wilk test, a two-way ANOVA followed by Tukey’s post-hoc test was employed 

for multiple comparisons. For the comparison of two groups, either unpaired t-tests with 

Welch’s correction or unpaired Mann-Whitney tests were applied. Statistical significance 

was established at a p-value ≤ 0.05. All experiments were conducted in both technical and 

biological triplicates, and the data were presented as the mean ± standard error of the 

mean. 

 

4.2.2.5. RESULTS 

SEM Analysis of the Coating 

The surface morphology of both uncoated and N-coated titanium discs was 

analyzed using SEM. Figure 31 presents a detailed examination of the samples, 

highlighting distinct macro-morphological differences among the bare titanium discs 

(CTRL).  

https://www.mdpi.com/2073-4360/15/9/2140#table_body_display_polymers-15-02140-t003
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Figure 31. Representative SEM images of titanium discs illustrating various surface 

treatments: machined (M), sandblasted and DAE (S), S with linear roughness (L), and S 

with waved roughness (W). These discs were coated with differing concentrations of 

native type I collagen, specifically 0.1 mg/cm3 (N0.1), 1 mg/cm3 (N1), and 2 mg/cm3 (N2), 

and compared to their respective uncoated controls (CTRL). Magnification: 40×. Scale bar: 

1 mm. 

It was observed that the application of collagen coating led to a slight reduction of 

surface characteristics, with this effect becoming increasingly pronounced at higher 

collagen concentrations. However, these elevated concentrations also resulted in a more 

uniform distribution of coating across the disc surfaces. 

A comprehensive analysis of the micro-morphology of the coated discs is 

illustrated in Figure 32.  
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Figure 32. Representative SEM images of N-coated discs (N0.1, N1, and N2 on M, S, L, 

and W discs) and their corresponding CTRL samples. Magnification: 1000×. Scale bar: 50 

m. 

The M discs exhibited a relatively smooth surface, whereas the S discs displayed 

a rough, sanded texture. Additionally, the L and W discs incorporated the S treatment 

along with linear and wave-like grooves [105]. The deposition of collagen on the titanium 

discs was shown to alter their surface characteristics. Although the change was less 

pronounced at the lowest N concentration (N0.1), it was markedly evident at the highest N 

concentration tested (N2). Indeed, collagen casting completely transformed the surface 

micro- and nano-roughness of all discs. Notably, while the characteristics of collagen 

predominated in the N-coated M and S discs, the presence of grooves in the N-coated L 

and W discs allowed for the retention of the macro-geometry of the discs. 

Wettability of the Coated Surfaces  

The wettability of both CTRL and N-coated discs was evaluated using the sessile 

drop method. Contact angle (θ) measurements for all CTRL surfaces were recorded to be 

below 90°, indicating their hydrophilic nature [105]. It was observed that the surface 
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treatment of the discs greatly influenced their wettability properties. The characteristics of 

the M discs were found to be comparable to those of the S discs, with contact angle values 

of approximately 70°. In contrast, the L- and W-grooved discs exhibited enhanced 

hydrophilic properties, displaying contact angle values around 40° (p > 0.05), which were 

significantly lower than those noted for the M and S discs (p < 0.01 for M versus L; p < 

0.001 for M versus W; p < 0.0001 for S versus L and W).  

The deposition of a collagen layer influenced the surface properties of the discs in 

a concentration-dependent manner. For the M and W discs, the application of N0.1 did not 

result in a statistically significant alteration in contact angle values. Conversely, the same 

concentration applied to the S and L discs produced opposing effects. Specifically, the 

N0.1 coating led to a reduction in contact angle for the S discs (p < 0.0001) while yielding 

an increase for the L discs (p < 0.0001). Nonetheless, the hydrophilic characteristics of the 

discs were preserved across all samples with the lowest collagen concentration, except for 

the L disc, which demonstrated significantly higher contact angle values in comparison to 

the other N0.1-coated discs (p < 0.0001 versus M, S, and W discs). Furthermore, the N0.1-

coated W disc exhibited significantly enhanced hydrophilic properties relative to the N0.1-

coated M (p < 0.0001) and S discs (p < 0.01). However, significant differences were also 

observed between the N0.1-coated S and M discs (p < 0.0001). Additionally, statistically 

significant differences were found between the N0.1-coated discs and the N0.1 films (p < 

0.01 versus M; p < 0.0001 versus S, L, and W). 

As the concentration of N increased from 0.1 mg/cm3 to 1 mg/cm3, the N1 coating 

enabled the M surface to achieve a partially hydrophobic character (θ ≥ 90°, p < 0.0001). 

This resulted in a statistically significant increase in contact angle values for all sample 

types (p < 0.0001), with the exception of the L discs, where values remained unchanged. 

Notably, only the N1-coated S and W surfaces retained their hydrophilic nature (θ < 90°). 

In this context, the topographical differences among the discs also influenced the contact 

angles, resulting in an increase of approximately 30-40° for the N1-coated M, S, and W 

discs. There were no statistically significant differences in wettability between the N1 

films and the N1-coated M and S discs, indicating that the effects of the cast protein 

superseded those of the underlying material for flat surfaces, regardless of micro-

roughness. Conversely, the macro- and micro-patterns on the W-grooved discs resulted in 

a reduction in contact angle compared to the N1 film (p < 0.01), similar to the observations 

for N0.1 deposition. In contrast, the N1-coated L surfaces presented significantly higher 

contact angle values compared to the N1 film (p < 0.01). Moreover, statistically significant 
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differences were noted for N1-coated S and W surfaces when compared to M (p < 0.01 

versus S and p < 0.0001 versus W), as well as for N1-coated S and W discs when 

compared to L (p < 0.001 versus S and p < 0.0001 versus W). 

For N films alone, contact angle values exceeded 90° when a concentration of 2 

mg/cm3 was tested in comparison with N1 and N0.1 (p < 0.05 and p < 0.0001, 

respectively). Under these conditions, the values obtained for the M and S discs were 

comparable to those of the N2 film, while those recorded for the L and W discs were 

significantly higher (p < 0.01). In comparing the N1-coated discs, no statistically 

significant differences were observed for the M discs; however, significant increases were 

observed for the S, L, and W discs (p < 0.05, p < 0.05, p < 0.0001, respectively). Although 

the increase in contact angle from N1 to N2 on the M discs was not statistically significant, 

the overall increment was approximately 30° from N0.1 (p < 0.01). Conversely, the contact 

angles of all other N2-covered discs were significantly higher than those of the 

corresponding N0.1-coated discs (p < 0.0001 for S; p < 0.05 for L; p < 0.0001 for W). The 

observed increases in contact angle values for L and W discs (+20° and +50°, respectively) 

may be attributed to their grooved macro-morphology, with no statistically significant 

differences recorded among them with the N2 coating. Furthermore, no significant 

differences were identified between the N2-coated M and S discs; however, their values 

were significantly lower compared to those of the N2-coated L and W discs (p < 0.01 for 

M versus L and W; p < 0.01 for S versus L and W) (Figure 33). 

 

Figure 33. Wettability of the surfaces. (a) Representative snapshots and (b) relative 

histograms depicting the contact angle of water drops on N-coated discs (N0.1, N1, and N2 

on M, S, L, and W discs) and their corresponding N films (CTRL). a: p < 0.01 for L versus 

M and p < 0.001 for W versus M; b: p < 0.0001 for L and W versus S; #: p < 0.0001 for 
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N0.1+S versus S; §: p < 0.0001 for N0.1+L versus L; c: p < 0.0001 for N0.1+M, N0.1+S, 

and N0.1+W versus N0.1+L; d: p < 0.0001 for N0.1+W versus N0.1+M and N0.1+S; u: p 

< 0.0001 for N0.1+S versus N0.1+M; e: p < 0.01 for N0.1+M versus N0.1; p < 0.0001 for 

N0.1+S, N0.1+L, N0.1+W versus N0.1; $: p < 0.0001 versus N0.1; £: p < 0.0001 for 

N1+M versus N0.1+M; *: p < 0.0001 for N1+S versus N0.1+S; +: p < 0.0001 for N1+W 

versus N0.1+W; f: p < 0.01 for N1+W versus N1; o: p < 0.01 for N1+L versus N1; g: p < 

0.01 for N1+S versus N1+M; p < 0.0001 for N1+W versus N1+M; h: p < 0.001 for N1+S 

versus N1+L; p < 0.0001 for N1+W versus N1+L; /: p < 0.05 for N2 versus N1; p < 0.0001 

versus N0.1; i: p < 0.01 for N2+L and N2+W versus N2; @: p < 0.05 N2+S versus N1+S; 

%: p < 0.05 for N2+L versus N1+L; p < 0.0001 for N2+W versus N1+W; ?: p < 0.01 for 

N2+M versus N0.1+M; &: p < 0.0001 for N2+S versus N0.1+S; **: p < 0.05 for N2+L 

versus N0.1+L; p < 0.0001 for N2+W versus N0.1+W; l: p < 0.01 for N2+L and N2+W 

versus N2+M; h: p < 0.01 for N2+L and N2+W versus N2+S. 

Flow Cytometry Analysis 

In Figure 34, the flow cytometry analysis revealed elevated expression levels of 

mesenchymal stem cell markers: CD73 (PE-labeled; 98.14% ± 0.66), CD90 (FITC-labeled; 

97.16% ± 0.79), and CD105 (PE-labeled; 96.48% ± 0.63) in SCAPs. Furthermore, the 

analysis revealed minimal expression of hematopoietic markers, specifically CD34 (FITC-

labeled; 0.1% ± 0.003) and CD45 (PE-labeled; 0.07% ± 0.004). 

 

Figure 34. Cytometric analyses using FITC-labeled mouse monoclonal antibodies 
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targeting CD90 and CD34, which are markers for mesenchymal stem cells, as well as PE-

labeled mouse monoclonal antibodies against CD73, CD105, and CD45, which are 

associated with hematopoietic lineages. 

Stem Cells from the Apical Papilla (SCAPs) Viability on Collagen-Coated Discs 

The MTT assay was conducted at 24 h, 48 h, 72 h, and at 7 days, 14 days, and 21 

days on implant surfaces (M, S, L, and W), which were coated with N0.1, N1, and N2. 

This assessment aimed to evaluate their biocompatibility with SCAPs in comparison to the 

corresponding CTRL discs, as illustrated in Figure 35. 

 

Figure 35. Cell viability of SCAPs cultured on N-coated discs (N0.1, N1, and N2 on M, S, 

L, and W discs) compared to uncoated discs (CTRL) over time periods of 24 h, 48 h, and 

72 h, as well as 7 days, 14 days, and 21 days. The results are presented as the percentage of 

viable cells relative to the corresponding CTRL. 

The analysis of treated samples did not indicate significant cytotoxicity in SCAPs, 

even at the highest concentrations of N and extended incubation times. This conclusion 

was supported by the absence of any significant reduction in cell viability below 70% 

compared to the corresponding CTRL across all sample groups. Notably, the experimental 

M groups exhibited slightly lower viability compared to their CTRL at 72 h across all N 

concentrations, at 14 days with N2, and at 21 days with both N1 and N2. Other coating 

concentrations and time points generally produced similar or higher results than CTRL. 

The evaluated S groups demonstrated reduced viability relative to their CTRL with N1 at 
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48 h and 21 days, as well as with N2 at 72 h and 14 days, whereas the highest viability 

values were recorded with N0.1 at both 14 days and 72 h. The coated L surfaces 

consistently exhibited comparable results to their CTRL, displaying lower viability only 

with N0.1 and N1 at 48 h and N2 at 14 days. Increased cell viability was noted with all N 

concentrations following 7 days, with N0.1 and N1 after 14 days, and with N0.1 after 21 

days. The coated W discs demonstrated the highest viability compared to other discs when 

coated with N0.1 at 14 days. However, they exhibited slightly lower results than their 

CTRL with N0.1 and N1 at 48 h, across all N concentrations at 72 h, and with N1 and N2 

at 21 days. In all other combinations and time points, they displayed comparable or higher 

viability than the CTRL. 

Overall, Figure 35 indicated that the N coating resulted in an ascending trend in 

cell viability for all groups until 14 days, followed by a slight decline after 21 days. 

Bone Matrix Deposition on Collagen-Coated Discs 

The osteoconductive potential of coatings N0.1, N1, and N2 was evaluated using 

both qualitative and quantitative methods over periods of 7, 14, and 21 days on SCAPs. 

This evaluation included a comparison with the corresponding CTRL groups, where the 

cells and uncoated discs were subjected exclusively to OM treatment, as illustrated in 

Figure 36. 
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Figure 36. Representative inverted light microscopic images illustrating bone matrix 

deposition in the area immediately surrounding the N-coated discs, together with 

quantitative analyses following ARS assay on SCAPs. The percentage of bone matrix 

deposition is reported at (a) 7 days, (b) 14 days, and (c) 21 days. Various concentrations of 

N coating (N0.1, N1, and N2) and implant surfaces (M, S, L, and W) were evaluated. 

Original image magnification: 40×. The results are presented as the percentage of bone 

matrix deposition (%) relative to their controls (CTRL; cells and uncoated discs treated 

solely with the OM). *p < 0.05, **p < 0.01, ***p < 0.001, ****p < 0.0001. 

The formation of mineralized nodules exhibited a direct correlation with time 

across all experimental conditions. Statistical significance was observed at 7 and 14 days; 

however, data indicated the maximum mineralization potential occurred after 21 days of 

treatment for all N-coated discs at any concentration. It is important to note that all tested 

conditions demonstrated higher values compared to their respective CTRL groups at each 

time point, with the exception of the W disc coated with N0.1 at the 14-day mark. 

After 7 days (Figure 36a), the N2-coated W disc displayed a significantly higher 

percentage of bone matrix deposition when compared to its CTRL (p < 0.001) and also in 

comparison to the corresponding discs with N0.1 (p < 0.01) and N1 (p < 0.01) coatings. 

Significant differences were also evident between this and other discs with the same N2 

coating, with p < 0.05 observed versus the M surface, p < 0.01 versus the S disc, and p < 

0.0001 versus the L disc. A similar pattern was observed after 14 days, where the N2-

coated W disc exhibited the highest mineralization potential, demonstrating statistically 

significant differences compared to the N0.1-coated W (p < 0.0001) and N1-coated W (p < 

0.001) discs, as well as its CTRL (p < 0.01). Furthermore, as illustrated in Figure 36b, this 

condition yielded significantly higher results even when compared to other discs featuring 

the same collagen coating (N2) (p < 0.01 versus M and S, and p < 0.05 versus L). It is 

noteworthy that at 21 days, no significant differences were detected among the groups, 

although all tested conditions resulted in increased bone matrix deposition compared to 

their CTRL counterparts. Notably, at this time point, the discs coated with N0.1 and N1 

exhibited the most favorable outcomes (Figure 36c). 

Effect of Collagen-Coated Discs on ALP Activity 

The ability of N-coated discs to enhance osteogenic differentiation at various 

concentrations was further assessed by analyzing the ALP activity of SCAPs over 

durations of 7, 14, and 21 days. This evaluation included a comparative analysis with their 

respective CTRL groups, wherein the cells and uncoated discs were solely subjected to 

OM treatment, as illustrated in Figure 37.  
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Figure 37. ALP activity of SCAPs evaluated on N-coated implant discs over periods of 7, 

14, and 21 days. Various concentrations of N coating (N0.1, N1, and N2) and different 

implant surfaces (M, S, L, and W) were investigated. The results are presented as the 

percentage of ALP activity relative to the controls (CTRL; cells and uncoated discs treated 

solely with the OM). **p < 0.01, ***p < 0.001. 

In the analyses conducted over both the 7-day and 14-day periods, no statistically 

significant differences were observed among the groups assessed. Notably, the majority of 

the N-coated discs, particularly N2 at 7 days and N0.1, N1, and N2 at 14 days, 

demonstrated increased ALP activity in comparison to their respective CTRL groups. 

Specifically, only the N2-coated M disc at 7 days and the N0.1-coated W disc at 14 days 

exhibited marginally lower ALP activity relative to their CTRL counterparts. Importantly, 

the ALP activity of SCAPs cultured on N2-coated W disc after 21 days revealed 

significantly higher results when compared to the CTRL group (p < 0.01), although it did 

not present a statistically significant difference when compared to other N coatings. 

Moreover, this combination yielded significantly superior results in comparison to other 

discs coated with N2 (p < 0.01 versus M, p < 0.001 versus S, and p < 0.01 versus L). 

Given the remarkable outcomes observed in the osteogenic differentiation tests, 

the combination of N2 and W disc was selected for further evaluation. 

Modulation of Osteogenic Markers by the Selected Combination of Collagen-Coated Discs 

The results presented in Figure 38 demonstrated the gene expression of early-

stage osteogenic markers, specifically BMP4 and RUNX2, in conjunction with late-stage 

markers, namely OCN and BSP. These markers were assessed in SCAPs that were cultured 

exclusively on N2-coated W discs for 7, 14, and 21 days. This evaluation aimed to 

substantiate the osteogenic potential of the selected combination of collagen concentration 
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and disc. 

 

Figure 38. Influence of N2 coating on W discs (W+N2) regarding the mRNA expression 

of osteogenic markers (BMP4, RUNX2, OCN, and BSP) examined in SCAPs at 7, 14, and 

21 days. The results are presented as relative gene expression (2-ΔΔCT). The control group 

denotes cells and uncoated discs treated exclusively with the OM (CTRL). *p < 0.05. 

In relation to the early-stage biomarkers, significantly higher levels were observed 

after a period of 7 days (p < 0.05). In contrast, for the late-stage biomarkers, statistical 

significance was identified at 21 days for OCN and at both 14 and 21 days for BSP (p < 

0.05). 

Overall, consistently elevated results were noted for SCAPs cultured on N2-

coated W discs in comparison to the CTRL groups, including both the cells and uncoated 

discs cultivated exclusively with the OM, at every time point assessed, with the exception 

of the BSP marker at the 7-day mark. 

SCAPs Adhesion on the Selected Modified Surface 

Figure 39 presents a qualitative analysis of SCAP adhesion on the N2-coated W 
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surface at various magnifications (1300× and 7900×) following a 24-hour incubation 

period. Notably, on the CTRL surface, the cells demonstrated limited attachment to the 

titanium substrate, as indicated by white arrows, in contrast to the N2-coated surface, 

where cells exhibited a dense coverage, demonstrating a tissue-like behavior. Additionally, 

the cells on the N2-coated W disc displayed a more intertwined and elongated 

morphology, along with an increased presence of lamellipodia and filopodia structures. 

The black arrows highlight the distinctive fibrillar pattern of the collagen, which is notably 

different from that associated with the identifiable W surface treatment. 

 

Figure 39. Representative SEM images illustrating the adhesion of SCAPs on both 

uncoated discs (CTRL) and W+N2 surfaces. Magnifications: 1300× (upper line) and 

7900× (bottom line). Scale bars: 50 μm (upper line) and 10 μm (bottom line). White 

arrows: SCAPs, black arrows: N2 coating. 

Microbial Metabolic Activity in Biofilms 

The initial step in evaluating the biofilm susceptibility of the selected N2-coated 

W discs involved the quantification of metabolic activity in monomicrobial biofilms of S. 
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aureus, C. albicans, S. mitis, and P. gingivalis cultured on these discs. The assessment 

relied on the measurement of XTT formazan production, which indicated that the N2-

coated W discs demonstrated lower levels of metabolically active bacteria and fungi 

compared to the uncoated discs (CTRL) after the respective incubation periods (Table 7). 

However, it is important to note that no statistically significant differences were observed 

between the two groups for each strain. The reduction in metabolic activity was most 

pronounced in P. gingivalis, followed by S. aureus, S. mitis, and C. albicans (Figure 40). 

 

Figure 40. Absorbance measured at 492 nm for sodium 3´-[1-(phenylaminocarbonyl)-3,4-

tetrazolium]-bis (4-methoxy-6-nitro) benzene sulfonic acid hydrate (XTT) analyzed in 

relation to monomicrobial biofilms consisting of S. aureus, C. albicans, S. mitis, and P. 

gingivalis. These biofilms were cultivated on W+N2 discs and were compared against 

those cultured on uncoated W discs (CTRL). The OD of the medium containing W+N2 

discs devoid of bacteria was used as a baseline to reduce potential interference within the 

medium. The baseline was then subtracted from the other absorbance readings to ensure 

the accuracy of the results. 

Biofilm Quantification by CFU Counting 

The quantification of bacterial and fungal cells within monomicrobial biofilms 

established on N2-coated W titanium discs was executed by measuring the CFU/mL 

following the formation of the biofilms. The results are illustrated in Figure 41. 

 

Figure 41. Results of the colony-forming units (CFU) analysis indicating the presence of 

adhered monomicrobial biofilms of S. aureus, C. albicans, S. mitis, and P. gingivalis on 

W+N2, in comparison to the uncoated discs (CTRL). 

The reduction in monomicrobial biofilm CFU observed on N2-coated W discs, in 
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comparison to the uncoated discs (CTRL), closely mirrored the outcomes of the XTT 

assays, although the difference did not achieve statistical significance. Notably, the 

antibiofilm effects illustrated by the graphical data were more pronounced than those 

represented in the XTT analyses, particularly against C. albicans and S. mitis. In the 

context of CFU counting, the most relevant impact was evident in C. albicans, followed by 

S. mitis, S. aureus, and P. gingivalis. 

Bacterial and Fungal Adhesion 

Representative SEM micrographs of the specimens covered by monomicrobial 

biofilms are presented in Figure 42. 

 

Figure 42. Representative SEM images depicting monomicrobial biofilms consisting of S. 

aureus, C. albicans, S. mitis, and P. gingivalis on the surfaces of both uncoated discs 

(CTRL, upper line) and W+N2 discs (bottom line). Magnification: 7900×. Scale bar: 10 

μm. 

Following the designated incubation period (Table 7), a multilayer biofilm 

developed, accompanied by the production of ECM on the surfaces of uncoated W discs 

(CTRL), which were not entirely covered by microorganisms. In contrast, SEM images of 

N2-coated W samples revealed a consistent N2 coating featuring discernable fibrillar 

structures across all samples. Additionally, isolated areas of organized microorganisms 

were identified on the coated surfaces, with minimal or nonexistent ECM.  

Microscopic SEM analysis of the S. aureus CTRL group demonstrated the 

formation of monomicrobial biofilms characterized by cluster-shaped microorganisms 
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embedded within the ECM. Conversely, the N2-coated surface exhibited fewer small, 

round-shaped microorganisms. Micrographs of C. albicans indicated nearly complete 

coverage of the biofilm mass on the surface of the CTRL specimen. In contrast, images of 

the N2-coated W specimen displayed only a minimal presence of chain-grouped fungi, 

characterized by the pseudohyphal growth of C. albicans. On the N2-covered surface, the 

presence of chain-organized S. mitis cells was markedly reduced in comparison to the 

CTRL, and there was minimal or no observable ECM. Similar patterns were noted in the 

images of the P. gingivalis biofilm, where rod-shaped bacteria were distributed across the 

CTRL surface and embedded in the ECM. The visual representation of the covered discs 

exhibited a comparable arrangement, demonstrating a reduced presence of ECM and 

providing a clearer view of the linearly organized microorganisms.  

 

4.2.2.6. DISCUSSION 

This research investigated the effects of utilizing N collagen as a coating material 

on various titanium implant surfaces. The study aimed to thoroughly evaluate the 

cytotoxicity, osteogenic potential, and anti-biofilm properties of N in vitro, with the 

objective of enhancing clinical outcomes in dental care through the design and 

implementation of bioactive dental implants.  

The viability assay demonstrated the biocompatibility of all N concentrations 

across the different titanium surfaces, revealing no statistically significant differences. This 

finding confirmed the high biocompatibility of both titanium and equine type I collagen. 

Although titanium exhibits favorable properties such as low density, high strength, 

durability, and corrosion resistance, its osteoinductive and osteoconductive abilities are 

relatively modest. This limitation impacts cell migration and can result in poor integration 

with the host tissue [204]. Numerous in vitro and in vivo studies have established that the 

application of biomolecules, including type I collagen and other adhesive proteins or 

peptides that mimic the ECM, onto the surfaces of titanium-based implants is among the 

most effective strategies for enhancing the bioactivity of this material and promoting early 

osteogenesis [147,205,206]. Furthermore, it has been documented that collagen type I 

increases the hydrophilicity of titanium, thereby improving its osteoconductive and 

osteogenic properties, which are critical for optimal osseointegration [207]. The interaction 

between cells and materials is significantly influenced by surface properties. It is widely 

accepted that moderate wettability is ideal for facilitating cell adhesion and proliferation. 
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Nonetheless, it has been demonstrated that microroughness initially induces 

hydrophobicity but ultimately leads to increased hydrophilicity compared to titanium 

surfaces that lack microstructuring. This initial hydrophobic state may arise from air being 

trapped within the smallest micropores, resulting in a heterogeneous surface that cannot be 

spontaneously wetted; however, this can transition to complete wettability over time [208]. 

In the present study, contact angle measurements indicated significantly higher values than 

90° when N2 was applied, exhibiting a concentration-dependent effect, particularly on L- 

and W-grooved surfaces compared to other surfaces and the corresponding N0.1- and N1-

coated discs. This observed increase in the hydrophobic behavior of the coated discs may 

be attributed to the greater number of crosslinks present in the N2 coating. Such bonding 

formation reduces the availability of chemical groups that can interact with water 

molecules, leading to enhanced hydrophobicity and improved resistance to enzymatic 

degradation [159,207]. Additionally, it is important to note that the sessile drop method 

utilized a dry coating without the rehydration process prior to cell seeding (refer to Sample 

Preparation in section 3.2.2.4.), which may have further contributed to the decrease in 

hydrophilicity across all surfaces. 

The microstructure and the nanostructure of titanium surfaces considerably 

influence the behavior of mesenchymal precursors of osteoblasts, thereby affecting cellular 

proliferation and differentiation towards the osteoblastic lineage. Research has also 

indicated that surfaces subjected to acid-alkali treatment exhibit a greater capacity for 

collagen adsorption [206,209]. For instance, studies have demonstrated that modifying the 

surface of titanium implants utilizing SLA treatment, which increases surface roughness, 

can positively impact cell growth, adhesion, and differentiation compared to smoother 

surfaces [137,210,211]. However, it is crucial for cells to organize their cytoskeleton, 

adhere to an implant surface, and manage microbial adhesion, with a threshold of 0.2-μm 

Ra surface roughness being necessary; excessively rough surfaces can diminish overall 

adhesive strength and promote biofilm formation [212]. The S surface treatment previously 

revealed a higher average nano-roughness compared to the M surface (92.03 ± 6.32 nm 

versus 27.29 ± 5.66 nm of Ra), while the L and W surface treatments exhibited enhanced 

hydrophilicity, cell adhesion, and proliferation [105,213]. Although SEM analysis 

demonstrated that collagen coating slightly reduced surface characteristics, particularly on 

M and S discs—with this effect becoming more pronounced at higher collagen 

concentrations—higher concentrations facilitated a more uniform coverage of the disc 

surfaces, while maintaining the macro-geometry of the L and W discs.  
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In the present study, the deposition of bone matrix, ALP activity, and gene 

expression of osteogenic markers have been evaluated to ascertain the osteogenic 

differentiation of SCAPs and the osteoconductive potential of collagen-coated surfaces. 

Notably, ARS staining enabled the visualization of a greater number of calcium deposits 

surrounding the coated discs and the respective CTRL groups over time, thereby allowing 

for the quantification of bone matrix deposition across each experimental group. Although 

all conditions tested demonstrated increased bone matrix deposition when compared to 

their corresponding CTRLs at each time point, statistically significant differences were 

observed at 7 days (p < 0.001) and 14 days (p < 0.01) for the N2-coated W disc relative to 

its CTRL. Furthermore, significant differences were noted when comparing N2-coated W 

discs against W discs coated with different N concentrations (p < 0.01 versus N0.1-coated 

W disc and N1-coated W disc at 7 days; p < 0.0001 and p < 0.001 versus N0.1-coated W 

disc and N1-coated W disc, respectively, at 14 days), as well as with other N2-coated discs 

(p < 0.05 versus N2-coated M disc, p < 0.01 versus N2-coated S disc, and p < 0.0001 

versus N2-coated L disc at 7 days; p < 0.01 versus N2-coated M disc and N2-coated S disc, 

and p < 0.05 versus N2-coated L disc at 14 days). The ALP activity assay further 

confirmed the high osteoconductive potential of the N-coated discs. At 7 days, all 

experimental conditions exhibited enhanced results compared to their corresponding 

CTRLs, with the N2-coated S, L, and W discs yielding the highest values, although no 

significant differences were noted when compared to the CTRLs. It was only after 21 days 

that the N2-coated W disc demonstrated statistically significant higher values when 

compared to its CTRL (p < 0.01) as well as other N2-coated discs (p < 0.01 versus N2-

coated M disc and N2-coated L disc, and p < 0.001 versus N2-coated S disc). These 

promising findings allowed for the affirmation of osteogenic marker expression, 

particularly on the N2-coated W surface, where significant up-regulation (p < 0.05) of key 

early-stage (BMP4 and RUNX2) and late-stage (OCN and BSP) markers was noted in 

comparison to the CTRL. The data presented herein reflected and affirmed the osteogenic 

potential of N2 as assessed in our prior in vitro study, aligning with existing literature 

regarding the osteogenic properties of type I collagen as a coating for dental implants 

[147,214-217], as well as the relatively limited studies on equine collagen [178,179]. For 

instance, research conducted by Bellone et al. [199] and Cecconi et al. [218] substantiated 

the efficacy of equine collagen, although used in conjunction with other biomaterials such 

as hydroxyapatite, in significantly enhancing bone regeneration and implant 

osseointegration in vitro and in animal models involving New Zealand white rabbits. These 
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studies reported significantly enhanced viability and migration of bone marrow stromal 

cells, increased ALP activity in osteoblasts, as well as significant improvements in BIC% 

and trabecular thickness with coated implants compared to uncoated ones after 45 and 90 

days. To the best of our knowledge, these represent the only studies available in the 

literature regarding the application of equine collagen type I as a coating for dental 

implants within a bone-derived formulation. However, a broader range of in vivo studies 

addressing the osteogenic potential of equine collagen scaffolds exists [154,155,219]. 

Notably, significant reductions in bone resorption and enhanced new bone formation using 

equine collagen type I have been demonstrated over both short-term and long-term periods 

in comparison to negative controls. Additionally, recent investigations by Mozzati et al. 

[220] have indicated that the combined use of a bone substitute composed of equine 

collagen type I and magnesium hydroxyapatite can effectively induce new bone formation 

as early as two months post-application, thereby accelerating socket closure and tissue 

maturation following tooth extraction in a human cohort.  

Biofilm can be defined as a structured microbial community composed of cells 

that are adhered to a substratum and embedded in an ECM produced by the organisms 

themselves. Foreign implants introduced into a patient’s body present a colonization 

surface for bacteria, facilitating the adherence of both bacteria and plasma proteins, which, 

in turn, leads to the formation of bacterial biofilms. These biofilms confer increased 

resistance to antibiotics among the embedded bacteria and diminish their susceptibility to 

host immune defenses. Consequently, they are a source of persistent bacteremia and 

localized tissue damage. Clinical practice and experimental studies have consistently 

demonstrated that antibiotic therapy alone is frequently inadequate to eliminate biofilm 

infections. Therefore, the ideal implant surface should minimize bacterial adhesion, confer 

effective sterilization, and not interfere with bone healing and osteointegration processes, 

effectively preventing biofilm formation. To address these challenges, significant efforts 

have been directed toward reducing bacterial adhesion to implants through surface 

modifications that lower adhesive properties or through the design of antibacterial coatings 

[221]. Specifically, passive coatings achieve reductions in bacterial adhesion by modifying 

the implant surface chemistry or structure without the local release of fungicides, 

employing mechanisms such as steric or electrostatic repulsions and low surface energy by 

altering surface topography. In contrast, active coatings release pharmacologically active 

pre-incorporated bactericidal agents, thus reducing the risk of infection [19]. In the present 

study, the adhesion and metabolic activity of monomicrobial biofilms comprising early and 
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late oral colonizers have been assessed on a selected collagen-coated surface (N2-coated 

W surface) to mitigate frequent complications such as peri-mucositis and peri-implantitis. 

The findings indicated a reduction in biofilm formation on the treated surface compared to 

the CTRL group, suggesting a potential role for N2 in passively repelling microorganisms, 

even though collagen type I does not possess intrinsic antimicrobial properties [222]. 

Although some studies asserted collagen’s intrinsic ability to combat infections [223-225], 

it has been primarily utilized as a carrier vehicle for various antimicrobial and bioactive 

molecules due to its biostability and superior biological activities, which significantly 

enhance its resistance to microbial infections [149]. Comparative analyses revealed that 

conventional titanium implant surfaces demonstrated greater susceptibility to bacterial 

colonization when compared to modified collagen-coated surfaces [226-228].  

It is important to acknowledge the limitations present in this study. Recent 

literature has identified functionalization methods that may enhance the resistance and 

stability of collagen coatings over time compared to traditional adsorption techniques [229-

231]. Among them, the immobilization of type I collagen on implant surfaces has been 

proposed as a strategy to improve cellular responses and expedite the healing processes of 

both soft and hard tissues; however, functionalized implant surfaces have yet to be 

introduced into the market [232,233]. Furthermore, to fully exploit the diverse applications 

of collagen, there is a potential to develop collagen-modified titanium implant surfaces that 

incorporate antimicrobial and other bioactive molecules [149]. Such innovations could 

support the maintenance of peri-implant soft tissue health by ensuring a bacterial seal and 

preventing bacterial colonization, thus addressing the risk of peri-implantitis. The 

integration of topographical and biochemical surface modifications presents a significant 

advancement in surface engineering, particularly through the combination of type I 

collagen with other osteoinductive biomaterials, which could further enhance 

osseointegration and bone formation [230,234].   

In conclusion, the application of N2 coating to W titanium implant surfaces has 

resulted in a reduction of surface wettability, while concurrently increasing protein 

adsorption and cellular attachment. This interaction supported the osteoconduction of 

titanium implant surfaces and has been shown to slightly reduce the formation of 

monomicrobial biofilms. A comparison of these findings with relevant published literature 

suggested that the native conformation of N2 may be a crucial factor influencing the 

efficacy of the biological processes studied. The potential impact of collagen-coated dental 

implants in clinical settings also warrants exploration to validate and further analyze the 
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outcomes observed in animal experiments. In summary, collagen-coated dental implants 

may serve as a competitive alternative to traditional titanium surfaces by offering enhanced 

osteogenic properties and reducing the risk of infection. The observed benefits in improved 

osseointegration, along with reduced biofilm adhesion, underscore the potential for these 

coatings in future dental implant applications. Continued research is essential to establish 

comprehensive effectiveness metrics and promote broader clinical adoption. 
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4.2.3. IN VITRO BIOMECHANICAL ASSESSMENTS 

The loss of teeth, especially in the posterior maxillary region, leads to the atrophy 

of the alveolar ridges. As a result, it is imperative to ensure an adequate quantity and 

quality of alveolar bone to facilitate precise 3D positioning of dental implants and to 

achieve optimal aesthetic and functional outcomes. The long-term stability of dental 

implants relies on the establishment of a close and dynamic relationship between the 

implant surface and the surrounding bone [235]. This relationship is directly influenced by 

several factors, including the initial stability of the implant, the quality and quantity of the 

bone tissue, the macro- and micro-design features of the implant, as well as the surface 

characteristics and thread profile. Collectively, these factors are essential in promoting 

successful osseointegration of the implant [236]. Moreover, achieving a high level of 

primary stability allows for the immediate loading of implants, thereby minimizing the 

need for multiple surgical procedures and reducing patient discomfort [237]. 

Surface modifications of implants, including the application of roughness, 

biomaterial coatings, or the incorporation of growth factors, can significantly enhance bone 

regeneration. These modifications lead to a reduction in the time required for 

osseointegration, thereby improving the initial stability of the implant [238]. Research 

focused on the mechanical properties of collagen-coated implants has demonstrated that 

such coatings can enhance the mechanical performance of titanium implants. Specifically, 

the principal biomechanical advantage of collagen coatings on titanium implants is the 

promotion of osseointegration, which denotes the direct structural and functional 

connection between the implant and the surrounding bone [215]. Additionally, collagen 

coatings may provide enhancements in tensile strength, primary stability, and the overall 

durability of implant surfaces [239-241]. Numerous animal studies have already confirmed 

that collagen-coated dental implants are associated with significantly increased bone 

growth and a higher BIC [242,243]. 

Misch et al. [244,245] classified bone density into four distinct categories based 

on density, as well as the cortical and trabecular microstructure: (i) D1 bone: dense cortical 

bone featuring poor or absent trabecular bone, typically observed in the mandibular 

symphysis; (ii) D2 bone: characterized by thick cortical and dense trabecular bone tissue, 

found in the anterior mandible and anterior maxilla; (iii) D3 bone: identifies as having thin 

cortical and less dense trabecular bone, commonly encountered in the posterior mandible 

and maxilla; (iv) D4 bone: noted for poor or absent cortical bone alongside thin trabecular 



121 
 

tissue, which occurs in the posterior maxilla; and (v) D5 bone: indicative of immature bone 

tissue. Various mathematical and biomechanical models have been developed to simulate 

human bone for in vitro testing of implant-supported prostheses under load conditions 

[246-249]. In the present context, polyurethane is defined as an isotropic and homogeneous 

material recognized as a standard prototype by the ASTM for the assessment of force 

distribution around dental implants across various anatomical sites [250]. The synthetic 

foam blocks, which replicate the characteristics of oral bone, are categorized into four 

groups according to the Misch classification [244,245]: (i) 40 pounds per cubic foot (PCF), 

corresponding to D1 bone; (ii) 30 PCF, representing D2 bone; (iii) 20 PCF, simulating D3 

bone; and (iv) 10 PCF, emulating D4 bone.  

Numerous in vivo and in vitro investigations have evaluated the primary stability 

of implants by quantifying the maximum insertion torque (IT) during the implant 

placement procedure [251-253]. In the context of dental implantology, the term IT refers to 

the force necessary for maximum clockwise movement when displacing material. Elevated 

IT values have been demonstrated to enhance primary stability by reducing implant 

micromotion. Generally, insertion forces of 30 Ncm or greater are routinely utilized for 

implant placement in both healed ridges and fresh extraction sockets, particularly when 

immediate loading of the implant is intended in the treatment protocol. IT values between 

30 Ncm to 50 Ncm are generally regarded as the optimal range for immediate implant 

placement, even though research has shown that an IT ≥ 50 Ncm contributes to the 

reduction of micromotion without inflicting damage to the surrounding bone. However, 

high IT values may compromise the structural integrity of implants, irrespective of the type 

of implant connection used, and cause osseous pressure necrosis, which can subsequently 

lead to clinical complications [254-257]. In contrast, removal torque (RT) is clinically 

defined as the force required to extract the implant from the bone, serving as a reliable 

method for evaluating primary stability. Importantly, RT indirectly offers insights into the 

extent of BIC [258]. Furthermore, resonance frequency analysis (RFA) is essential for 

determining the implant stability quotient (ISQ) following implant placement. The ISQ 

values range from 0 to 100, with a designated cutoff value of 47 ISQ indicating good 

implant stability. However, the classification of implant stability is as follows: values ≤ 60 

ISQ suggest low stability, values ranging between 60 and 70 ISQ indicate medium 

stability, and values > 70 ISQ are associated with high stability [259]. This non-invasive 

technique is critical for assessing the risk of implant failure and provides valuable 

information regarding the predictability of dental implant outcomes [260].  
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Based on these considerations and following the encouraging in vitro results, the 

N2 coating has been selected for further investigation on the 3D implant corresponding to 

the specified W surface (refer to Materials in section 3.2.2.4.). The objective was to 

preliminarily evaluate the impact of collagen coating on the in vitro biomechanical 

behavior of this implant utilizing rigid polyurethane foam blocks. These artificial bone 

substrates simulated three distinct artificial bone densities—30, 20, and 10 PCF—

representing D2, D3, and D4 bone types, respectively, and were employed to analyze IT, 

RT, and RFA. 

 

4.2.3.1. MATERIALS AND METHODS 

Dental Implants 

The 3D implant models (CM AR Maestro, Implacil De Bortoli, Sao Paolo, Brazil) 

exhibited a conical design featuring progressive trapezoidal threads and an internal Morse 

cone fitting, along with an identical surface treatment and macro-geometry to the W discs. 

Notably, the macro-geometry displayed a straight head without micro-threads, while the 

body incorporated grooves and healing chambers (resembling waves on W discs). These 

design elements were intended to enhance the stability of blood clots and facilitate early 

bone formation without causing bone compression or necrosis in the peri-implant area 

during insertion, while simultaneously preserving high levels of stability. Clinically, these 

chambers serve as osteopromotive regions that accelerate osseointegration by creating 

spaces for the accumulation of bone chips and facilitating blood clot formation, which 

ultimately contributes to improved secondary implant stability [261,262]. In the present 

study, titanium Maestro implants coated with N2 collagen were designated as test 

(COATED), while uncoated implants were designated as control (CTRL). All implants 

utilized in the investigation possessed a length of 9 mm and a diameter of 4 mm.  

In Figure 43, the two implants being examined are illustrated. 
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Figure 43. Design of the implants under investigation (CM AR Maestro, Implacil De 

Bortoli, Sao Paolo, Brazil). (a) A three-dimensional (3D) reconstruction of the Maestro 

implant design; (b) Representative images of the uncoated (CTRL) and N2-coated 

(COATED) Maestro implants tested in this study.  

The preparation of the N2-coating required for the production of COATED 

implants was conducted in accordance with a previously established protocol (refer to 

Sample Preparation in section 3.2.2.4.). The integrity and uniformity of the coating were 

assessed using toluidine blue staining [263]. To summarize, the CTRL implant did not 

absorb the dye, whereas the COATED implant did, as the uncoated areas exhibited no 

staining, while the collagen-coated regions readily absorbed the cationic toluidine blue 

dye. This demonstrated the effectiveness of the coating process (Figure 44). 

 

Figure 44. Images depicting the fixtures used for testing, showcasing unstained CTRL 

implants (on the left) and toluidine blue stained COATED implants, which illustrate the 

uniformity of the coating. (a) Apical view; (b) Lateral view. 

Bone Models 

Recent findings have indicated that polyurethane possesses biomechanical 

properties analogous to those of human bone tissue, including linear elasticity and isotropic 

constitutive symmetry [264]. These characteristics render polyurethane an appropriate 

material for conducting biomechanical assessments on dental implants, specifically in 
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evaluating IT, RT, and RFA. To accomplish this, various types of solid rigid polyurethane 

foam blocks (Sawbones Europe AB, Malmö, Sweden), each with uniform dimensions (120 

mm × 170 mm × 40 mm), were selected to mimic different bone densities as classified by 

Misch [244,245]. The following types were utilized: (i) 10 PCF polyurethane block (cod. 

1522-01) with a density of 0.16 g/cm3, simulating extremely low-density bone 

characterized by poor mechanical properties, typically observed in the posterior maxilla or 

in patients with advanced osteoporosis (D4 bone type). This bone type has sparse or absent 

cortical bone and thin trabecular tissue; (ii) 20 PCF polyurethane block (cod. 1522-03) 

with a density of 0.32 g/cm3, representing low-density bone commonly found in the 

posterior mandible and maxilla or in individuals with moderate osteoporosis. This variety 

presents a thin cortical bone and trabecular bone of slightly improved quality relative to D4 

bone (D3 bone type); and (iii) 30 PCF polyurethane block (cod. 1522-04) with a density of 

0.48 g/cm3, which features thicker cortical bone and denser trabecular bone compared to 

D3 and D4 bone types, thereby providing enhanced conditions for primary implant 

stability. Such bone is typically found in the anterior maxilla and mandible, representing 

mildly osteoporotic bone (D2 bone type), indicative of bone quality that is moderately 

compromised yet better than optimal. This type of bone is often observed in younger 

elderly patients or those presenting with mild osteoporosis.  

The artificial bone blocks utilized in this study are illustrated in Figure 45. 

 

Figure 45. Solid rigid polyurethane foam blocks used in the present study. (a) A block 

with a density of 10 pounds per cubic foot (PCF); (b) A block designated as 20 PCF 

density; and (c) A block designated as 30 PCF density. 

Implant Drill 

The drilling procedure was calibrated by a single operator. Notably, the 

manufacturer’s drilling sequence was followed, starting with an initial lance drill and then 

using Ø 2 mm and Ø 3.5 mm conical drills for bone bed under-sizing, particularly due to 

low bone densities. Drilling was executed at a calibrated speed of 800 rpm, with an 

operating of 30 Ncm (Figure 46).  
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Figure 46. Details of the drills used for the implants in this study.  

A Bien Air Chiropro (Bien Air SA, Bienne, Switzerland) surgical implant motor 

was used for this procedure. The final implant insertion was performed at a speed of 20 

rpm with a maximum calibrated torque value of 75 Ncm. Then, the IT and the RT were 

measured during the last 1 mm of implant placement, which was considered at 2 mm 

below the surface of the polyurethane block. A Smart Peg n° 16 (Osstell AB, Gothenburg, 

Sweden) was used to assess the RFA values in both the buccolingual (BL RFA) and 

mesiodistal (MD RFA) directions. 

Experimental Design and Statistical Analysis 

In the present investigation, a total of 120 implants (20 per group) were included 

for testing on three polyurethane blocks with varying densities (10, 20, and 30 PCF). This 

configuration will provide 40 drilling sites for each block (Figure 47). 
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Figure 47. Scheme of the study design. 

The sample size calculation and power analysis were performed utilizing the 

G*Power 3.1.9.4 program (Heinrich Heine Universität Düsseldorf, Düsseldorf, Germany). 

The analysis involved the F tests family and a “fixed effects, special, main effects, and 

interactions analysis of variance (ANOVA)” with an effect size of 0.3, α err of 0.05, power 

(1-β) of 0.8, numerator df of 2, and 6 groups. The dependent variables for the sample size 

calculation included IT, RT, BL RFA, and MD RFA measurements. In contrast, the 

independent variables were the implant type (CTRL and COATED) and the polyurethane 

density (10, 20, and 30 PCF). The statistical significance was set at p-values ≤ 0.05, with a 

minimum sample size requirement of 111 implants, encompassing 19 samples per group. 

Additionally, the study utilized a 3 × 2 factorial design and applied a two-way 

ANOVA model followed by Tukey’s post-hoc test. Descriptive statistics were proposed as 

means ± standard deviations. GraphPad Prism Software Analysis version 9 was used for 

statistical analyses. 
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4.2.3.2. RESULTS 

Insertion Torque (IT) Measurements 

The values of IT exhibited a direct proportionality to the density of the 

polyurethane, with the lowest values recorded in the lowest-density block (10 PCF). 

Specifically, the IT values measured were 15.50 ± 0.45 Ncm for the CTRL implants and 

15.31 ± 0.55 Ncm for the COATED implants, exhibiting no statistically significant 

differences. Conversely, the highest IT values were observed in the block characterized by 

30 PCF density, with mean values of 73.50 ± 4.12 Ncm for CTRL implants and 62.21 ± 

1.79 Ncm for COATED implants. Notably, the test implants presented significantly lower 

values (p < 0.0001) in comparison to the CTRL group. The 20 PCF density block yielded 

intermediate IT values for all implant types, specifically 32.46 ± 2.63 Ncm for CTRL 

implants and 31.14 ± 1.25 Ncm for COATED implants, without significant differences 

between the two groups. Statistically significant higher values (p < 0.0001) were 

documented for each implant type inserted in the highest-density block when compared to 

their corresponding implants positioned in the 10 and 20 PCF density blocks. Furthermore, 

each implant type placed in the 20 PCF density block demonstrated significantly elevated 

IT (p < 0.0001) in comparison to its counterpart implanted in the 10 PCF density block. 

In summary, the COATED implants displayed comparable IT values under all 

experimental conditions, with the exception of the 30 PCF density block, which yielded 

significantly lower IT values. Nonetheless, these implants exhibited acceptable IT values 

(15–62 Ncm), indicative of mechanical implant stability, particularly in cases involving 

extremely low-density bones (Figure 48). 
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Figure 48. Insertion torque (IT) values recorded for CTRL and COATED implants across 

various artificial bone densities. The data are shown as the mean ± standard deviations. 

****p < 0.0001. 

Removal Torque (RT) Measurements 

The RT values exhibited a proportional relationship with the density of the 

polyurethane blocks, demonstrating the highest values in the 30 PCF density block. 

Specifically, the mean RT was recorded at 58.61 ± 5.46 Ncm for the CTRL implants, while 

the COATED implants yielded a mean of 47.61 ± 4.56 Ncm. Conversely, the lowest RT 

values were observed in the 10 PCF density block, where the mean RT for CTRL implants 

was 17.39 ± 0.84 Ncm, and for COATED implants, it was 17.02 ± 1.11 Ncm. Notably, no 

significant differences were identified between the implant groups within the lowest-

density block; however, in the highest-density block, the CTRL implants demonstrated a 

significantly greater RT compared to the COATED implants (p < 0.001). The 20 PCF 

density block yielded intermediate RT values across all implants, with measurements of 

25.06 ± 2.03 Ncm for CTRL implants and 25.26 ± 2.23 Ncm for COATED implants, 

which did not exhibit any significant differences. In terms of IT, statistically significant 

higher values (p < 0.0001) were observed for each implant type placed in the highest-

density block when compared to their respective implant types inserted in the 10 and 20 

PCF density blocks. Furthermore, each implant type in the 20 PCF density block 

demonstrated significantly higher RT values (p < 0.05 for CTRL implants and p < 0.01 for 

COATED implants) relative to their counterparts in the 10 PCF density block (Figure 49). 
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Figure 49. Removal torque (RT) values recorded for CTRL and COATED implants across 

various artificial bone densities. The data are shown as the mean ± standard deviations. *p 

< 0.05; **p < 0.01; ***p < 0.001; ****p < 0.0001. 

Overall, the test implants displayed slightly lower RT values across all 

experimental conditions, with the exception of the 30 PCF density block, which exhibited 

significantly lower RT measurements. It is noteworthy that the RT registered lower results 

for both implant types than the corresponding IT values exclusively in the 20 and 30 PCF 

density blocks. In the 10 PCF density block, the RT values were marginally higher than the 

corresponding IT values for both implant categories. Additionally, the difference between 

IT and RT values was slightly more pronounced for CTRL implants (approximately 15 

Ncm in the 30 PCF density block) in comparison to the test implants, which ranged 

between 14–15 Ncm. 

Resonance Frequency Analysis (RFA) Measurements 

In the assessment of stability values, it was noted that discrepancies related to 

bone density exhibited a more uniform distribution compared to the trends observed in IT 

and RT. Importantly, no statistically significant differences were found between the groups 

in any of the artificial bone blocks. However, as per the other evaluated biomechanical 

parameters, the ISQ values were directly proportional to the density of the blocks. Indeed, 

the highest ISQ results were recorded in the bloc with a density of 30 PCF, followed by 

intermediate results in the block with a density of 20 PCF, and the lowest values in the 

block with a density of 10 PCF. Specifically, statistically significant higher ISQ values (p 
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< 0.0001) were determined for each implant type placed in the highest-density block 

compared to their counterparts implanted in the 10 and 20 PCF density blocks. Similarly, 

for each implant type in the 20 PCF density block, significant differences were noted when 

compared to the corresponding implants positioned in the 10 PCF density block. 

 The CTRL implants demonstrated slightly lower results than the test implants 

across all experimental conditions, with the exception of the MD RFA at the 20 PCF 

density block. Specifically, at the 10 PCF density block, the CTRL implants yielded results 

of 40.80 ± 0.45 ISQ for BL RFA and 43.21 ± 1.79 ISQ for MD RFA, compared to the 

COATED implants that exhibited 43.21 ± 2.86 ISQ for BL RFA and 43.01 ± 2.12 ISQ for 

MD RFA. Conversely, at the highest-density block, the BL RFA and MD RFA values for 

the CTRL implants were both 69.60 ± 0.55 ISQ, whereas the COATED implants reported 

70.21 ± 0.45 ISQ and 69.81 ± 0.45 ISQ, respectively. Intermediate values at the 20 PCF 

density block for the CTRL implants were recorded as 61.81 ± 1.64 ISQ and 62.80 ± 1.92 

ISQ, while the COATED implants yielded values of 62.40 ± 0.55 ISQ and 62.21 ± 0.45 

ISQ in both the BL and MD orientations (Figure 50). 

 

Figure 50. Resonance frequency analysis (RFA) measuring the implant stability quotient 

(ISQ) values in the buccolingual (BL) and mesiodistal (MD) orientations for CTRL and 

COATED implants across various artificial bone densities. The data are shown as the mean 

± standard deviations. ****p < 0.0001. 

The implants consistently exhibited high primary stability in the block with 30 

PCF density, moderate stability in the block with 20 PCF density, and low stability in the 

block with 10 PCF density. The latter stability is deemed adequate, particularly in light of 

the extremely low density of the artificial block. 
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4.2.3.3. DISCUSSION 

The primary objective of this study was to evaluate the effects of the N2 collagen 

coating on the biomechanical behavior of the W surface-corresponding implant, 

specifically in terms of IT, RT, and ISQ. An in vitro biomechanical assessment was 

conducted using various densities of artificial bone blocks composed of polyurethane, 

which simulated bone types D2, D3, and D4.  

The findings of this study indicated that the application of N2 coating 

significantly decreased IT (p < 0.0001) and RT levels (p < 0.001) when compared to the 

CTRL group, particularly at higher polyurethane densities (30 PCF). This reduction was 

achieved without compromising the initial ISQ and even exceeding 60 ISQ at the highest 

density, thereby demonstrating high stability. Notably, the IT of the COATED implant 

remained below the established safe threshold of approximately 30-50 Ncm required for 

immediate loading [257], even in the context of the highest bone density (62.21 ± 1.79 

Ncm). This effectively mitigates the risk of bone necrosis and fracture during implant 

placement, in contrast to the higher IT levels recorded in CTRL implants (73.50 ± 4.12 

Ncm). A general consensus previously suggested that elevated IT values may compromise 

the structural integrity of both the implants and the surrounding bone, potentially leading 

to compression bone necrosis, a recognized risk factor for bone fracture and peri-implant 

disease. Compression of bone beyond physiological limits can induce ischemia, 

subsequently resulting in bone necrosis. Additionally, excessive torque may exert high 

strain levels in the adjacent bone [265]. Certain researchers contended that when the strain 

imposed on the bone exceeds a tolerable threshold, it may inflict irreversible damage 

characterized by plastic deformation and microcracking, ultimately causing early bone loss 

and implant failure. Moreover, bone compression is particularly likely to occur in denser 

bone types, such as type D1 or type D2 bone. Another factor contributing to early implant 

failure is the overheating of bone tissue during insertion, which can trigger necrosis 

surrounding the implant. It is well-established that bone necrosis may occur when 

temperatures reach 47°C for a duration of one minute or longer [256,257]. In contrast, 

other studies posited that IT values equal to or exceeding 50 Ncm could contribute to a 

reduction in micromotion without damaging the adjacent bone [254,255]. It is also crucial 

to highlight that the presence of healing chambers within the tested implants may 

significantly facilitate bone decompression during the placement of Maestro implants, 

thereby alleviating the risk of excessive bone stress and necrosis, as previously 
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documented in various biomechanical and histomorphometric studies [261,262]. In this 

context, research by Gehrke et al. [266,267] has indicated that implants equipped with 

healing chambers, despite exhibiting lower IT values, demonstrated less vertical bone loss 

in comparison to those with higher IT values, along with enhanced ISQ, BIC, and other 

histological parameters. Clinically, these healing chambers act as osteopromotive regions, 

expediting osseointegration by providing space for the accumulation of bone chips and 

facilitating the formation of blood clots, which ultimately enhances secondary implant 

stability [261,262]. 

Moreover, due to the absence of comparative data from existing biomechanical 

evaluations of collagen-coated implants available in the literature, this study proposes a 

potential explanation for the significantly reduced IT. The collagen coating is known to 

create a smoother or more lubricated interface when interacting with bone, thereby 

diminishing friction during the insertion process. In contrast, uncoated titanium presents a 

rougher surface, which can lead to increased resistance during insertion. As a result, the 

collagen coating may facilitate a more even distribution of stresses, thereby reducing the 

risk of micro-damage to the bone and minimizing resistance associated with localized 

deformation [268]. Additionally, the collagen coating can "mask" the roughness of the 

implant, temporarily smoothing the interface for easier placement while retaining the long-

term advantages of rough surface characteristics for osseointegration. Although no studies 

specifically addressing IT or ISQ values for collagen-coated implants have been identified, 

some research indicated that pull-out tests or extraction torque assessments conducted in 

animal models suggest these implants may enhance bone repair and BIC more effectively 

than their uncoated counterparts, showing superior values after healing periods exceeding 

six weeks [238,269,270].  

It is important to underline that, as detailed in the literature [271], a high IT does 

not invariably correspond with a high ISQ. Instead, elevated values of RFA may prove 

more advantageous for immediate loading protocols, thereby enhancing BIC. Notably, 

regardless of bone density, COATED implants consistently demonstrated slightly higher 

ISQ values (ranging from 43 to 70 ISQ) in comparison to CTRL implants (ranging from 40 

to 69 ISQ). Although no significant differences were observed between the two, significant 

variations were evident based on bone density (p < 0.0001). This led to the inference that 

collagen-coated implants provided comparable primary stability to uncoated implants, 

despite presenting lower IT values. These findings indicated that a high level of primary 

stability can be achieved, particularly in areas of high bone density, with a lower IT value 
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being adequate for immediate implant placements. Furthermore, this phenomenon may be 

attributed to the incorporation of healing chambers on the Maestro surface, which are 

strategically designed to enhance the stability of blood clots and promote early bone 

formation while concurrently preserving high stability levels, thus expediting the 

osseointegration process for improved secondary implant stability. These results have been 

further corroborated by other in vitro biomechanical studies comparing Maestro implants 

to alternative implant macro-geometries [272,273]. Specifically, it has been established 

that the integration of healing chambers within the macro-structure of dental implants can 

significantly reduce IT and RT values without adversely affecting ISQ values. This 

outcome suggests the potential to mitigate compression and damage to peri-implant bone 

while sustaining consistent levels of primary stability. 

The outcomes of this study are subject to specific limitations due to the utilization 

of an artificial bone model. Consequently, it is essential to acknowledge that the results 

may not be directly applicable to clinical settings. Although polyurethane foam blocks are 

recognized as a reliable in vitro model for implant research, serving as alternatives to 

cadaver or animal bones owing to their consistent and reproducible testing attributes, they 

fail to fully replicate the complex characteristics of natural bone [264]. Several factors 

warrant consideration for thorough data analysis, including the lack of individual human 

variability, the natural response of bone, and the intricate microenvironment associated 

with both healthy and pathological bone states. Additionally, the surgical technique should 

be considered to enable a more accurate interpretation of these results. It is, therefore, 

imperative to validate these findings through animal and clinical studies to facilitate their 

future application and implementation. To further optimize the use of polyurethane blocks 

as a model for human bone in studying implant behavior, conducting biomechanical 

assessments through finite element analysis (FEA) studies is advisable [274,275]. In 

conclusion, despite the limitations inherent in an in vitro study using non-human bone 

tissue, it can be inferred that these preliminary results may offer valuable insights into the 

biomechanical behavior of these implants, ultimately aiming to assist clinicians in refining 

their surgical rehabilitation strategies. 

The findings of this research indicated that the integration of titanium can be 

enhanced through the proposed combination of surface coating and the concept of healing 

chambers, potentially facilitating stable implant fixation and allowing for early or 

immediate loading of the device, while also promoting the osseointegration process. To the 

best of our knowledge, this study represents the first investigation into the combination of 
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a collagen coating with an implant macro-geometry featuring healing chambers. The 

application of type I collagen as a coating for titanium implants may not only improve 

biocompatibility but also enhance mechanical interlocking between the implant and bone, 

thereby facilitating a more rapid and effective healing process. As ongoing research aims 

at optimizing collagen coatings, it is anticipated that such advancements may enhance 

implant performance and longevity. Ultimately, the objective is to improve patient 

outcomes through the implementation of advanced surface modification techniques that 

bolster the safety and efficacy of dental implant treatments. Furthermore, comprehensive 

studies examining the mechanics of collagen constructs—considering the mechanisms of 

stress transfer across different hierarchical levels—would significantly improve our 

understanding of the in vivo behavior of these materials. 
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4.2.4. SIMULATION OF IN VIVO BIOMECHANICAL 

BEHAVIOR 

The alveolar bone possesses the ability to adapt to mechanical stresses through a 

process known as remodeling. It is essential to subject the bone to mechanical stimuli in 

order to maintain its structural integrity and density. The loss of a tooth, however, results 

in a lack of stimulation to the residual bone, which subsequently leads to a decrease in 

density and structural integrity. This reduction may manifest as a decrease in width, height, 

and thickness [276]. Over time, the bone loses its original morphologic characteristics and 

begins to acquire different properties, as indicated by the classifications of Misch or 

Lekholm and Zarb [277,278]. Additionally, factors such as the individual's age, overall 

health, gender, and the duration since tooth extraction play a significant role in determining 

the quality and quantity of bone and influence how the bone adapts to and responds to 

masticatory forces. For instance, when the bone is subjected to repeated loading or stress, it 

may adapt by altering its shape or density to enhance its strength. Conversely, a loss of 

bone density, as observed in conditions such as bone atrophy or osteoporosis, results in a 

decrease in bone strength, rendering it more vulnerable to fractures and other injuries 

[278].  

Therefore, to ensure a high success rate and stability of dental implants, it is 

imperative to establish a favorable biomechanical environment that facilitates the effective 

distribution of masticatory loads to the surrounding tissues [279]. The success of dental 

implants is critically dependent on the initial stability and long-term osseointegration of the 

implant with the surrounding bone. Previous research has demonstrated that surface 

modifications using biomaterials, such as various coating techniques, can enhance bone 

strength and improve the initial rate of osseointegration [280]. In this context, as discussed 

in section 3.2.3., research assessing the mechanical properties of collagen-coated implants 

has demonstrated that such coatings can considerably enhance the mechanical performance 

of titanium implants. The primary biomechanical advantage of collagen coatings on 

titanium implants is improved osseointegration, which refers to the direct structural and 

functional connection established between the implant and the surrounding bone [215]. 

Furthermore, collagen coatings facilitate enhancements in tensile strength, stability, and 

the overall durability of implant surfaces [239-241]. These enhancements render the 

implants more robust and biocompatible throughout the healing process, potentially 

facilitating improved stress distribution across the implant surface [281]. It is essential to 
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recognize that the use of removable implants in biomedical applications may pose 

challenges due to the pronounced difference in Young's modulus between metallic 

implants and bone tissues. This discrepancy can induce a stress-shielding effect, which 

may lead to suboptimal osseointegration. Therefore, it is advisable for materials employed 

in such applications to possess a lower Young’s modulus in order to mitigate the stress-

shielding effect, which could otherwise result in excessive bone resorption due to 

diminished mechanical stimulation in the bone regions replaced by metallic medical 

devices. Ultimately, this approach is likely to enhance the performance of the prosthesis 

and ensure its permanent attachment to the surrounding bone [282]. 

Many interrelated factors influence load transfer at the bone-implant interface, 

including the type of loading, material properties of the implant and prosthesis, implant 

geometry, surface structure, design aspects such as diameter and length, as well as the 

quality and quantity of the surrounding bone, and the nature of the bone-implant interface 

[283]. Consequently, a deeper understanding of how stress is distributed from dental 

implants to the surrounding bone is crucial for the advancement of future dental prosthesis 

applications. 

In this regard, FEA serves as a valuable tool for simulating the behavior of 

implanted devices within bone structures, thereby allowing researchers to model dental 

implants and their interactions with bone with enhanced accuracy and efficiency. This 

capability helps to address the challenges associated with in vivo testing [284]. 

Specifically, the assessment of von Mises stress distribution is particularly significant, as it 

serves as a critical indicator of dental implant stability and the integrity of the surrounding 

bone—factors that directly affect the longevity and success of implant procedures. Indeed, 

the biomechanics associated with the chewing process generates axial and bending forces 

that propagate a series of moments to the dental implant and subsequently to the adjacent 

bone. Excessive stress can lead to bone resorption and potential implant failure [285]. 

According to Frost’s theory [276], bone initiates growth and remodeling processes in 

response to biomechanical demands based on the intensity and direction of applied stress. 

Moderate mechanical stress may stimulate bone remodeling, thereby enhancing bone 

density and strength while promoting Semaphorin-3A secretion and osteocyte 

proliferation. In contrast, excessive stress may result in pathological damage, as described 

in a study conducted by Uto et al. [286]. Typically, within a stress range of 11–30 MPa, the 

bone remains in a state of equilibrium, known as the lazy zone, maintaining stable 

conditions referred to as the homeostatic state. Exceeding this equilibrium may result in 
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bone deposition, whereas stress levels beyond a certain threshold may induce bone 

microfractures and subsequent resorption due to overload. Conversely, stress levels lower 

than the equilibrium value can lead to decreased mineral density and bone atrophy. 

Numerous studies have been conducted to analytically characterize bone remodeling as a 

function of load, emphasizing the critical importance of efficient load transfer from the 

implant to limit bone resorption [287]. It is also essential to consider that bone type 

significantly affects implant stability and stress distribution. Azcarate-Velàzquez et al. 

[288] conducted an FEA to investigate the influence of bone quality on two different types 

of dental implants, revealing that a decline in bone quality adversely affects stress 

distribution and results in the overloading of the cortical bone at the implant collar. 

Consequently, treatment plans should incorporate strategies to mitigate stress, thereby 

reducing the likelihood of initial bone loss, such as surface treatments and the method of 

implant placement [289].  

Currently, there is a lack of FEA studies examining the biomechanical behavior of 

collagen-coated implants. Few studies have reported on the effects of other bioactive 

coatings on dental implants using the finite element method (FEM), particularly 

concerning stress distribution within both the bone and the implant under masticatory 

loads. These studies have indicated that the application of coatings such as hydroxyapatite, 

monticellite, and TiN significantly reduces induced stress concentrations and total implant 

displacements, in addition to demonstrating superior bonding strength [290-292]. Thus, the 

present study aimed to be the first of its kind to simulate the mechanical behavior of a 

collagen-coated implant (N2 collagen-coated Maestro implant) within the surrounding 

tissues under specific loading conditions via FEA. The objective was to analyze the stress 

and strain distribution on the implant and adjacent bone by applying a perpendicular load 

of 150 N, akin to a static masticatory force, along with a horizontal load of 100 N to assess 

the resultant micro-movements through numerical methods, facilitating a correlation with 

the ISQ measurements obtained from in vitro biomechanical tests performed on artificial 

bone.  

 

4.2.4.1. MATERIALS AND METHODS 

Modeling 

A computer-aided design (CAD) software (Autodesk Inventor 2023, San 

Francisco, CA, USA) was used to develop a 3D prototype of a segment of the mandibular 
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bone derived from a cone-beam computed tomography (CBCT) scan (NewTom Giano HR, 

Cefla, Imola, Italy) [248]. The dimensions of the modeled block were defined as 10 mm × 

14 mm × 24.22 mm, corresponding to the anatomical region of the first right molar. 

Additionally, Maestro dental implants (9 × 4 mm) were modeled, including both uncoated 

implants (CTRL) and N2-coated implants (COATED) with varying coating thicknesses 

between 0.082 and 0.482 mm, with these specifications determined based on SEM 

measurements of the implant surface (Figure 51). 

 

Figure 51. A 3D model of Maestro implants utilized in this study, featuring a straight 

abutment, developed using computer-aided design (CAD) software (Autodesk Inventor 

2023, San Francisco, CA, USA). (a) The uncoated implant (CTRL) showing the details of 

the healing chambers present on the implant body; (b) The N2-coated implant (COATED) 

illustrating the variation in the thickness of the coating. 

Subsequently, following the biomechanical in vitro study previously conducted on 

polyurethane blocks, three distinct bone block models were developed, classified as D2, 

D3, and D4 in accordance with Misch’s classification [245]. These models corresponded to 

the polyurethane blocks identified as 30 PCF, 20 PCF, and 10 PCF, utilized during the in 

vitro test. Both the bone and polyurethane models were employed to subtract the geometric 

thread profile after the insertion of the implant in a crestal position, thereby ensuring an 

accurate fit between the implant and the bone, as illustrated in Figure 52. 
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Figure 52. A detailed description of the 3D models analyzed in this study. (a) A 3D model 

of the bone incorporating both the CTRL and COATED implants (upper line) and a section 

illustrating the crestally inserted implants within the bone model (bottom line); (b) 3D 

models of both implant types positioned within polyurethane block models of varying 

densities. 

Materials 

To accurately simulate the mechanical behavior of materials, various Young's 

moduli (E), which serve as indicators of material stiffness, and Poisson’s Ratios (ν), which 

measure material deformability, were assigned. The characteristics of the bone in the 

mandibular region and polyurethane blocks represented the three distinct bone classes 

examined in this study. The material selected for the implants was the titanium alloy 

Ti6Al4V. For the collagen coating, type I collagen (N2) was utilized, with the 

corresponding properties supplied by the manufacturer. This native collagen, derived from 

horse tendons, is characterized by well-organized collagen fibers, which afford the 

collagen substantial mechanical stability and resistance [43]. For the purposes of this 

investigation, all examined materials were assumed to demonstrate linear elastic and 

isotropic behavior, thereby simplifying the computational models [293,294]. Detailed 

mechanical properties of the materials employed in this study are presented in Table 8. 

 

 

  



140 
 

Table 8. Mechanical properties of the materials used [250,295,296]. 

Material Young’s Modulus (MPa) Poisson’s Ratio (ν) 

D2 Bone 5500.00 0.30 

D3 Bone 1600.00 0.30 

D4 Bone 690.00 0.30 

Ti6Al4V 110000.00 0.30 

N2 2.10 0.16 

Polyurethane 

(PCF) 

10 (0.16 g/cm3) 5800.0 0.30 

20 (0.32 g/cm3) 2100.0 0.30 

30 (0.48 g/cm3) 4450.00 0.30 

Pounds per cubic foot (PCF). 

Finite Element Method (FEM) 

The models constructed in CAD were imported into Ansys Workbench 2023 R1 

software (Canonsburg, PA, USA) for FEA, with file formats converted for numerical 

evaluation (Figure 53). The mechanical properties of the structural materials (Table 8) 

were implemented into the software based on data obtained.  

 

Figure 53. Application of the N2-coating on the surface of Maestro implants into Ansys 

Workbench 2023 R1 software (Canonsburg, PA, USA) for finite element analysis (FEA). 

The FEA involves discretizing the continuous body into smaller elements known 

as meshes, followed by the application of elasticity equations to each element to assess the 

body’s behavior. The mesh size is critical for achieving accurate results [297]. In this 

study, a linear tetrahedral mesh with an element size of 0.5 mm was generated for all 

components. The mesh size was further refined for the collagen coating to facilitate more 
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precise convergence on von Mises stress, reducing the element size to 0.3 mm due to the 

thinness of the coating (Figure 54). 

 

Figure 54. Discretization of the continuous model with mesh sizes of 0.5 mm and 0.3 mm. 

Loads and Constraints 

All faces of the block, except for the upper face, were subjected to constraints in 

all directional movements. Physical interactions were evaluated in the contact zones 

between the implant and the bone structure, the abutment and the implant, as well as the 

coating and the external surface of the implant, utilizing fixed contact types. Specifically, it 

was assumed that upon the insertion of implants into the bone models, all surrounding 

bone surfaces adhered to the implant’s outer surface. This assumption supports the 

principle of ideal osseointegration, thereby streamlining the modeling process [293]. Full 

osseointegration indicates that the implant is stabilized through bony attachment, which 

facilitates optimal load transfer during functional loading. In clinical practice, achieving 

successful osseointegration represents a fundamental objective in implant therapy, thus 

proving a coherent framework for FEA simulations that model an optimal scenario in 

which the implant operates as a unified entity with the bone. The use of simplified models 

is particularly beneficial in exploratory studies, as it enables an initial understanding of 

stress behavior without imposing excessive demands on computational resources. 

The loading conditions for the implants encompassed a vertical load of 150 N 

applied to the upper surface of the abutment to simulate masticatory forces [298], 
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alongside a horizontal load of 100 N to assess the micro-mobility of dental implants, as 

shown in Figure 55. This evaluation is useful for determining primary stability and 

calculating the ISQ, in accordance with the study conducted by Pagliani et al. [299]. It is 

essential to note that the application of a horizontal load may not directly correlate with 

ISQ values, as the ISQ is derived from dynamic measurements rather than static loading 

conditions. 

 

Figure 55. The 3D model showing (a) the vertical load and (b) the axial load applied to 

the abutments. 

This study analyzed the stress induced by applied masticatory forces on both 

implant surfaces and surrounding bone, in conjunction with the assessment of implant 

micro-movements under axial loads. The von Mises criterion, which is based on equivalent 

stress, was employed to evaluate the system’s stress, demonstrating particular effectiveness 

in scenarios involving multi-directional and time-varying loads. This approach also 

accounted for shear and normal stresses, thereby providing a more accurate criterion than 

alternative models in the presence of complex loading conditions [300]. Data derived from 

mathematical solutions have been converted into visual representations employing color 

gradients that transition from red to blue, with blue indicating minimum stress and red 

signifying maximum stress. All intermediate shades present in this gradient represent 

varying levels of stress. Subsequently, stress values were measured at various points 

collected from the models under investigation and then compared. The levels of von Mises 

equivalent stress were employed to identify regions exhibiting the highest stress 
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concentrations within the analyzed models [301]. This investigative methodology 

facilitated a comprehensive understanding of the biomechanical behavior of the bone–

implant system in both COATED and CTRL implant configurations.  

Assessment of Implant Stability Quotient (ISQ) Using FEM 

In 2013, a study conducted by Pagliani et al. [299] demonstrated a nonlinear 

correlation between implant micro-mobility and ISQ. The study revealed that micro-

mobility decreases by approximately 50% when the ISQ increases from 60 to 70. Through 

interpolation using nonlinear regression analysis, the authors established a mathematical 

relationship between ISQ and micro-mobility, expressed by the following formula: 

                              𝐼𝑆𝑄 = 74.94 − 5.21 ∗ ln (𝑀𝑖𝑐𝑟𝑜 𝑚𝑜𝑏𝑖𝑙𝑖𝑡𝑦 − 0.24) 

This formula delineates the ISQ as a function of micro-mobility, defined as the 

ratio of the implant’s micro-displacement to an applied force (mm/N), which quantifies the 

extent of implant movement under a transverse load. Consequently, employing the FEM 

allows for the calculation of micromovements for the implants analyzed. This established 

formula was then used to assess the ISQ, facilitating a comparison of these results with 

those derived from previous in vitro testing. Figure 56 illustrates a summary of the 

methodological steps involved in the numerical evaluation of the ISQ parameter through 

this method. 

 

Figure 56. Steps for the numerical assessment of ISQ: (i) Application of a 100 N 

horizontal load to the implants inserted in polyurethane blocks; (ii) Assessment of micro-

movements of the implants using the FEA, focusing on the highest micro-movements at 

the neck of the implants (‘Probe’ command); (iii) Input of the micro-movement results into 

the formula that correlates the ISQ with the micro-movements. 
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4.2.4.2. RESULTS 

Evaluation of Stress on Bone Blocks 

Using the FEM, it was possible to evaluate the stress distribution on the bone 

blocks following the application of a masticatory load. This analysis allowed for an 

understanding of how the use of the N2 coating influenced the stress on the bone compared 

to an uncoated implant. The visual results are presented in Figure 57. 

 

Figure 57. Distribution of von Mises stress on implants and various bone types. 

In reference to Figure 57, it is evident that maximum stress levels increased 

concomitantly with a decrease in bone quality. Specifically, stress rose from 48.647 MPa 

for a D2 bone type to 62.219 MPa for a D4 bone type. The stress distribution was observed 

to be similar across all bone types for both implants. However, it was noted that the 

application of collagen as a coating resulted in enhanced force distribution on the bone in 

contact across all configurations. This phenomenon was particularly prominent in the D4 

bone type, where stress values ranged from 33.723 MPa in the crestal region to 51.449 

MPa in the apical region of the implant for the COATED implant. In contrast, the CTRL 

implant exhibited stress values ranging from 32.125 MPa to 51.273 MPa. Table 9 provides 
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the numerical stress values for both the implants on the bone, considering three points of 

analysis (A: crestal; B: middle; C: apical). 

Table 9. Results of von Mises stress values on the bone at three analysis points (A: crestal; 

B: middle; C: apical). 

Position     D2 Bone   D3 Bone D4 Bone 

A 15.242 15.365 25.477 28.126 32.125 33.723 

B 13.463 14.418 18.136 19.256 42.778 45.336 

C 17.526 17.621 42.215 43.369 51.273 51.449 

 CTRL COATED CTRL COATED CTRL COATED 

 Von Mises Stress (MPa) 

 

Upon examining the three groups of bone types, it became evident that stress 

levels increased progressively from the crestal region to the apical region of the implant. 

Additionally, the average stress values calculated for the three conditions indicated that the 

application of N2 coating resulted in an increase in bone stress of 2.537% for the D2 bone 

type, 5.736% for the D3 bone type, and 3.433% for the D4 bone type. This underscored the 

effectiveness of the collagen coating, particularly for D3 and D4 bone classifications, as it 

enhanced stress distribution within the bone, thus mitigating stress-related issues that may 

result in resorption. 

Regarding the implant itself, as observed from Figure 57, there were no 

significant differences observed between the COATED and CTRL implants due to the 

markedly low stiffness of collagen (2.1 MPa) in relation to titanium (110,000 MPa). 

However, it is noteworthy that the areas experiencing the greatest stress on the implant 

were located at the Morse cone connection, where stress levels ranged between 18.23 MPa 

and 35.42 MPa across all three groups. Elevated results were particularly noted when the 

implant was placed in the D4 bone. Despite this, given titanium’s compressive strength of 

930 MPa, all configurations analyzed exhibited adequate mechanical resistance, 

confirming their structural integrity. 

Evaluation of Micromovements and ISQ Using FEM Analysis 

The numerical results derived from the FEM simulation were systematically 
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collected, analyzed, and graphically represented using color maps. In Figure 58, the 

distribution of micro-movements, measured in mm, is illustrated for both COATED and 

CTRL implants in the context of a 100 N load, specifically across bone types D2, D3, and 

D4. 

 

Figure 58. Results of micro-movements of the implants in the horizontal direction under 

applied load across different bone types: (a) D2 (b) D3, and (c) D4. 

As illustrated in Figure 58, the application of a COATED implant resulted in 

higher micro-movements. Specifically, the recorded values were 0.0605 mm for the 

COATED implant in D2 bone, 0.0772 mm in D3, and 0.1022 mm in D4. In comparison, 

the CTRL implant exhibited micro-movements of 0.0446 mm for D2, 0.0653 mm for D3, 

and 0.0831 mm for D4 bone. Furthermore, it is noteworthy that as bone quality decreased 

from D2 to D4, an increase in the micro-movements of the implant was observed.  

Then, utilizing the mathematical relationship that correlates maximum micro-

movements expressed in mm (Figure 56), it became possible to calculate the ISQ values. 

These values were subsequently compared with those obtained in vitro from the previous 

study conducted on polyurethane blocks, as presented in Table 10. 

Table 10. Results of the implant stability quotient (ISQ) values obtained from the in vitro 

study on polyurethane blocks and the finite element analysis (FEA) correlated using the 

formula proposed by Pagliani et al. [299].  

 in vitro TEST 
FEA 

TEST 

 CTRL COATED CTRL COATED 

10 PCF/D4 40.800 43.200 41.244 43.457 

20 PCF/D3 61.800 62.400 61.422 61.724 

30 PCF/D2 69.600 70.200 68.422 69.125 
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The results indicated no notable differences between the COATED and CTRL 

implants across any of the examined bone blocks. Notably, higher ISQ values were 

recorded in the D2 block, intermediate values in the D3 block, and lower values in the D4 

block. However, it is important to highlight that a slight enhancement in ISQ was noted for 

the D4 bone block, where the placement of a COATED implant resulted in a stability 

increase of 5.882%, in comparison to increases of 0.9709% in the D3 block and 0.8621% 

in the D2 block. 

Utilizing FEA, it was possible to assess ISQ values predicted on the micro-

movements calculated according to the formula proposed by Pagliani et al. [299]. The 

results indicated that the discrepancy between the two methods (FEA and in vitro 

experimentation) remained below 2% across all cases. 

 

4.2.4.3. DISCUSSION 

The objective of the current study was to conduct numerical simulations to 

investigate the mechanical behavior of the N2-coated implant within the surrounding 

tissues under specified loading conditions utilizing FEA. Following the development of 3D 

models that accurately represented the implants and bone densities observed in the 

polyurethane blocks used during the in vitro study, the mechanical properties of all 

materials were established, and it was possible to proceed with the discretization of the 

models. Two distinct types of forces were subsequently applied to the implants. Initially, 

an evaluation of stress and strain was performed on both the COATED and CTRL 

implants, as well as the surrounding bone, employing a perpendicular force of 150 N, 

which simulated a static masticatory load. Furthermore, a horizontal load of 100 N was 

applied to assess the micro-movements generated through numerical methods [299], 

thereby facilitating a correlation with the ISQ measurements obtained from prior in vitro 

assessments conducted on the artificial bone.  

The results of the study demonstrated a comparable stress distribution between the 

two implant types, with increased stress being associated with lower bone density. 

Notably, elevated stress values were particularly observed when the implants were 

positioned within the D4 bone, as bone quality is recognized as a significant factor 

influencing stress distribution [302]. Nevertheless, the COATED implants exhibited an 

improved and more uniform stress distribution within the surrounding bone, particularly in 

the D3 (28.126 MPa and 43.369 MPa in the crestal and apical zones, respectively, 
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compared to 25.477 MPa and 42.215 MPa for the CTRL implants in the same zones) and 

D4 (33.723 MPa and 51.449 MPa in the crestal and apical zones, respectively, compared to 

33.125 MPa and 51.273 MPa for the CTRL implants) bone classifications. The application 

of the N2 coating resulted in an increase in bone stress of 5.736% for the D3 bone type, 

3.433% for the D4 bone type, and 2.537% for the D2 bone type. This finding underscored 

the effectiveness of the collagen coating, particularly in low-quality bone classifications, in 

enhancing stress distribution within this type of bone. This enhancement may provide the 

necessary mechanical stimuli to prevent declines in bone density and structural integrity, 

which can lead to a reduction in bone volume. Furthermore, it achieved this without 

surpassing the strength threshold of bone, which could result in stress-related conditions 

leading to bone resorption [276,303]. Additionally, with regard to the implants, no 

considerable differences in stress distribution were noted between the COATED and 

CTRL implants. However, it is significant to observe that the regions experiencing the 

highest stress on the implant were located at the Morse cone connection across all three 

groups (18.23-35.42 MPa). Despite these observations, given the compressive strength of 

titanium (930 MPa), all examined configurations showed sufficient mechanical resistance, 

thereby affirming their structural integrity. Furthermore, the evaluation of implant stability 

through FEM indicated an increase in micro-movements of COATED implants correlated 

with a decrease in bone density. The subsequent ISQ calculations demonstrated an 

enhancement in stability associated with improved bone quality (69.125 ISQ compared to 

68.422 ISQ in the D2 bone type, 61.724 ISQ compared to 61.422 ISQ in the D3 bone type, 

and 43.457 ISQ compared to 41.244 ISQ in the D4 bone type). Although the findings 

revealed no notable differences between the COATED and CTRL implants across the 

examined bone blocks, it is noteworthy to highlight that a slight enhancement in ISQ was 

recorded for the D4 bone block, where the placement of a COATED implant resulted in a 

stability increase of 5.882%, in contrast to increases of 0.9709% in the D3 block and 

0.8621% in the D2 block. Comparatively, the numerical method yielded results that 

aligned with the in vitro tests (error < 2%), enabling the conclusion that the N2-coated 

implant has the potential to reduce stresses and strains on the surrounding bone, 

particularly within D3 and D4 bone types. Consequently, this may mitigate resorption 

phenomena while maintaining high implant stability.  

The phenomenon of stress-shielding arises when a titanium implant fails to 

adequately transfer mechanical loads to the surrounding bone, often resulting in bone 

resorption [304]. The quality and quantity of bone significantly influence how its adaptive 
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response to mechanical forces, leading to alterations in shape or density that enhance 

strength. Specifically, a reduction in bone density, as observed in conditions such as bone 

atrophy or osteoporosis, diminishes bone strength, rendering it more susceptible to 

fractures and injuries. This scenario necessitates the application of appropriate stimuli to 

maintain bone integrity [278]. Despite the existing body of FEA studies addressing various 

implants, there remains a paucity of research focused on the efficacy of collagen-coated 

implants in mitigating these challenges. Previous FEA investigations have demonstrated 

that the incorporation of bioactive coatings can substantially reduce induced stress 

concentrations and overall implant displacements while also exhibiting enhanced bonding 

strength. Research findings indicated that the application of bioceramics, apatite-based 

coatings, and ceramic/polymer composites onto metallic implants facilitates secondary 

fixation and encourages a more gradual transition between the mechanical properties of 

rigid implants and the surrounding bone. This approach led to a reduction in stress 

distribution and implant displacements [290-292]. The results from these studies contrasted 

with the findings of the present investigation. For instance, coating such as hydroxyapatite, 

poly-lactic acid combined with hydroxyapatite, monticellite, and TiN on titanium implants 

exhibited substantially higher Young’s moduli compared to N2 (with reported values of 

71800, 440000, 51000, and 305000 MPa as opposed to 2.1 MPa). This disparity suggested 

that these coatings reduce stress distribution on surrounding tissues more than N2 collagen, 

which has been shown to increase stress distribution in surrounding tissue, particularly in 

cases of poor bone quality. However, this may potentially stimulate bone remodeling, 

thereby diminishing the stress-shielding phenomenon that could result in progressive bone 

resorption, in accordance with Frost’s theory [276]. Importantly, this occurs without 

inducing excessive stress that could lead to bone resorption, while also indicating enhanced 

stability of the implant. Furthermore, the same studies indicated improved BIC and bond 

strength in comparison to uncoated implants, which aligns with the properties of collagen 

in promoting the osseointegration process over time [147,215-217]. 

FEA serves as a critical tool for predicting the behavior of the implant materials 

and surrounding bone. The FEM can be employed to examine various aspects of dental 

implant design, particularly the influence of implant thread design on stress distribution. 

This methodology thus allows for the identification of parameters that significantly affect 

stress distribution both in the surrounding bone and within the implant itself. In this regard, 

numerous FEA studies have been conducted to explore the effects of factors such as bone 

density, implant geometry and materials, implant positioning, and surgical technique on 
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the distribution of stresses and strains experienced by implants and the surrounding bone 

[248,274,305-307]. Among them, prior FEA investigations conducted by our research 

group have demonstrated the efficacy of Maestro implants in substantially mitigating stress 

distribution in the surrounding bone. This research corroborates the beneficial role of 

healing chambers in promoting bone decompression, alongside enhancing bone integration 

and stability [272,308,309]. 

However, like any modeling and simulation tool, there are some limitations that 

are important to consider when using FEA to assess stress variations. Among them, we 

find the accuracy of the input data. In fact, the accuracy of FEA results depends on the 

quality of the input data used, such as loading conditions and material properties. With 

respect to this last point, all materials were considered homogeneous, isotropic, and 

linearly elastic, although the mandibular bone was crosswise isotropic and inhomogeneous. 

Alternatively, considering the materials as anisotropic, with mechanical properties that 

vary in different directions, they would require the use of more sophisticated and complex 

FEA models and the consideration of additional parameters to describe and determine the 

mechanical behavior of the material. Therefore, simplifying a material as isotropic can be 

an approximation and may not fully reflect the actual behavior of the material. Consistent 

with previous literature, this study assumed that bone is homogeneous and isotropic to 

facilitate the modeling process. Such assumptions, however, may lead to considerable 

underestimations of stress distributions, thereby potentially compromising the accuracy 

and reliability of clinical outcomes [293]. Furthermore, a fixed contact between the bone 

and implant was assumed to simplify the analysis; yet, from a clinical perspective, 

achieving perfect osseointegration is implausible due to the inherent micro-movements 

present at the implant interface [310]. Nonetheless, enhanced osseointegration is associated 

with increased implant stability and minimized bone deformation. The rationale for this 

assumption is derived from the clinical focus on attaining optimal mechanical stability and 

effective load transfer from the implant to the adjacent bone. Moreover, it is essential to 

recognize that FEA studies are numerical analyses, providing approximations of the actual 

component behavior rather than a true representation. The results obtained through FEA 

should be carefully assessed by comparing them with clinical outcomes. This approach, for 

instance, can be utilized to evaluate stress and deformation within the bone, offering 

advantages over the use of strain gauges that only detect alterations in surface deformation. 

The acquired data can aid designers in optimizing the implant and offer valuable insights 

to clinicians regarding insertion techniques. Stress and strain are crucial parameters for 
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bone maintenance and implant survival, and studying the stresses directly on the patient is 

impractical. Therefore, the FEM becomes useful in evaluating these parameters on the 

implant. 

In conclusion, to the best of our knowledge, this represented the first FEA study 

assessing the stresses and stability associated with a collagen-coated dental implant across 

various bone densities. The findings indicated that N2-collagen coating may effectively 

modulate stress distribution around the implant, especially in low-density bone, while 

maintaining high implant stability. By facilitating a better interface and promoting 

intraosseous reactions, collagen helps distribute mechanical loads more uniformly, which 

may reduce the likelihood of bone loss and improve the implant's overall stability during 

functional loading. Additionally, it is essential to recognize that N2 collagen possesses a 

biological function that may promote superior osseointegration and long-term stability of 

the implant. 
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4.3. A COLLAGENATED XENOGRAFT TO IMPROVE 

ANGIOGENESIS 

Vascularization is essential for the health and regeneration of oral bone, 

particularly in regions such as the alveolar bone, which provides support for teeth and is 

critical for optimal oral function [311]. Bones within the oral cavity are perpetually 

undergoing remodeling, growth, and repair, processes that are heavily reliant on a complex 

network of blood vessels. The vascular system supplies oxygen, nutrients, hormones, and 

growth factors that are vital for sustaining the structure and function of bone tissue. 

Specifically, blood vessels facilitate the activity of cells responsible for bone turnover, 

including osteoblasts (bone-forming cells) and osteoclasts (bone-resorbing cells), thus 

ensuring an equilibrium that maintains bone density and strength [312]. The significance of 

vascularization is particularly pronounced during oral interventions such as tooth 

extractions, periodontal surgeries, or the placement of dental implants. When bone is 

injured or lost, the capacity for bone regeneration largely depends on an adequate blood 

supply. Inadequate vascularization can impede wound healing and bone regeneration, 

resulting in a slow or incomplete healing process, which poses significant challenges in 

complex procedures like dental implants or bone grafting [313]. Conditions such as 

periodontal disease, which induces chronic inflammation and vascular damage, as well as 

systemic diseases like diabetes, can also compromise vascular health and adversely affect 

bone regeneration, resulting in diminished bone integrity and an increased risk of 

complications following dental interventions [314,315].  

In light of the pivotal role of vascularization in oral bone health, enhancing 

vascular supply and promoting angiogenesis—the formation of new blood vessels—have 

become focal points of interest in dental and oral medicine. Researchers are investigating 

innovative therapies, including the application of growth factors, such as vascular 

endothelial growth factor (VEGF) and stem cell treatments, to stimulate the formation of 

new blood vessels and improve bone regeneration [316]. Additionally, the development of 

vascularized bone grafts, which integrate blood vessels from adjacent tissues, aims to 

enhance the efficacy of bone reconstruction surgeries [317]. These advanced therapeutic 

strategies seek to improve bone healing, prevent bone loss, and elevate the likelihood of 

success in dental implants and other restorative procedures, ultimately fostering both 

functional and aesthetic outcomes in oral health treatments. Therefore, the interplay 

between vascularization and oral bone health remains a critical area of focus for enhancing 
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long-term oral health and optimizing the outcomes of dental interventions.  

The ECM provides a vital framework for angiogenesis, offering both structural 

support and molecular signals that are essential for all stages of blood vessel formation. 

This includes vascular sprouting, lumen formation, vessel maturation, and, ultimately, 

vessel stabilization. The 3D network of the ECM comprises glycosaminoglycans, 

proteoglycans, collagens, fibronectin, laminin, and elastin. Consequently, the initial stages 

of sprouting angiogenesis are typically believed to occur within an environment enriched 

with preexisting interstitial collagens and supplemented by fibrin, vitronectin, and 

fibronectin sourced from blood plasma. Although the fundamental significance of the 

ECM and its principal components in facilitating endothelial cell migration, proliferation, 

survival, and angiogenesis has been extensively studied, the specific role of collagen fibers 

in supporting these processes remains less defined [318]. Type I collagen fibrils, which are 

commonly associated with capillaries and larger blood vessels, constitute a predominant 

element of most tissue stroma. Given that type I collagen is also recognized as an optimal 

substrate for angiogenesis, it can be regarded as the principal intermediate matrix 

constituent driving angiogenesis processes throughout the body [319]. However, it is 

notable that angiogenesis can occur during development in certain tissues that may lack 

fibrillar collagen or fibrin, such as the brain [320]. This suggests the possible speculation 

that angiogenesis may not be strictly dependent on the presence of collagen, but rather that 

collagen may expedite capillary tube formation when rapid revascularization is necessary 

for tissue healing.  

Nonetheless, type I collagen remains one of the most pro-angiogenic molecules 

known, and collagen-based biomaterials have emerged as promising solutions for 

enhancing vascularization and angiogenesis in tissue engineering applications [321,322]. 

Research indicated that collagenated biomaterials not only support the formation of 

capillary-like structures in vitro but also enhance neovascularization in vivo, thereby 

improving the integration of implants within host tissues. This capability is particularly 

significant in the context of ischemic conditions and tissue regeneration, where adequate 

blood supply is essential for the survival and functionality of tissues [323,324]. 

Particularly, collagenated porcine bone grafts are currently recognized as the gold standard 

for bone regeneration procedures in dentistry, aiming to provide the optimal handling, 

granulometry, consistency, biocompatibility, chemical composition, gradual resorption, 

and elevated angiogenic potential to achieve ideal regenerative outcomes [51,325,326]. 

Over the past decade, the zebrafish model has emerged as a powerful alternative 
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in vivo model for studying angiogenesis and tissue regeneration [327]. Its optical 

transparency, high fecundity, potential for genetic manipulation, ease of maintenance, 

rapid developmental timeline, and exceptional regenerative capabilities have led to its 

widespread adoption in the field. Although the anatomical and physiological characteristics 

of zebrafish may appear distant from those of humans, there are significant similarities at 

the molecular level. Transgenic zebrafish lines, which express fluorescent proteins under 

specific tissue promoters, facilitate the investigation of the proliferation and migration of 

cells involved in the formation of new blood vessels in vivo [328]. Notably, zebrafish 

possess the remarkable ability to regenerate a variety of tissues, including the heart, retina, 

spinal cord, scales, and fins. This model has also proven particularly useful for elucidating 

the immune response mechanisms and signaling networks during wound healing, as well 

as for examining vascular regeneration, owing to its simple morphology, relative 

transparency, accessibility, and virtually unlimited regenerative potential [329].  

In the final section of this doctoral project, the angiogenic and regenerative 

capabilities of a collagen-based bone graft material were explored using the zebrafish 

model. This study emphasized the critical importance of promoting vascularization, as the 

establishment of a robust blood vessel network within newly forming tissues is essential 

for ensuring optimal bone regeneration and long-term implant stability. By elucidating the 

material’s potential to stimulate blood vessel formation, this research provided valuable 

insights into its broader applications and potential enhancements in regenerative therapies. 

 

4.3.1. MATERIALS AND METHODS 

The Collagen-Based Biomaterial 

GTO® (OsteoBiol®, Tecnoss® s.r.l., Giaveno, Italy) is a heterologous bone 

grafting material derived from porcine origin, composed of a mix of collagenated cortico-

cancellous granules with sizes ranging from 600 to1000 µm (80%), combined with TSV 

Gel (20%), which is formulated from heterologous type I and III collagen gel, 

polyunsaturated fatty acids, and a biocompatible synthetic copolymer, all diluted in an 

aqueous solution. GTO® has demonstrated a gradual resorption process, exhibiting 

significant osteoconductive properties. Moreover, the preserved collagen matrix inherent to 

the granules promotes effective blood clotting and facilitates the infiltration of repairing 

and regenerative cells. These distinctive characteristics ensure a substantial rate of new 

bone formation, while maintaining adequate graft volume and promoting healthy new bony 
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tissue, which collectively contribute to successful implant rehabilitation [330,331]. GTO® 

is available as a ready-to-use, pre-hydrated biomaterial, thus eliminating the need for 

additional hydration with saline or blood at the defect site. The incorporation of TSV Gel 

provides optimal stickiness of the material, enhancing its adaptability to the recipient site 

and ensuring stability during application. 

Preparation of the Biomaterial for Testing 

GTO® was evaluated through two methodologies: direct application into the 

embryos’ water (0.2 g/mL; GTO® suspension) and as an extract (GTO® supernatant), with 

comparisons made to untreated control groups (CTRL). The preparation of the extracts 

from the tested material adhered to the ISO 10993-12 standard. Specifically, 0.2 g of the 

biomaterial were dissolved in 1 mL of E3 medium (5 mM NaCl, 0.17 mM KCl, 0.33 mM 

CaCl2, and 0.33 mM MgSO4 in distilled water; Sigma-Aldrich, St. Louis, MO, USA), or in 

E3 medium supplemented with 5% FBS, or in E3 medium supplemented with 2.5% 

DMSO. Subsequently, the distinct extracted phases of the material were consolidated and 

incubated for 3 days at 37 °C with agitation at 180 rpm. Following this extraction phase, 

the resultant suspension was subjected to centrifugation at 13,000× g for 15’, and the 

supernatant was meticulously separated from the pellet for immediate use in subsequent in 

vivo experiments utilizing the zebrafish (Danio rerio) embryo model. 

In Vivo Experiments in the Zebrafish Model 

All experiments with zebrafish (Danio rerio) embryos were performed in 

accordance with the European Directive 2010/63/EU and the Ethical Guidelines for the 

Care and Use of Laboratory Animals of the Institute of Molecular Genetics and Genetic 

Engineering of the University of Belgrade, Serbia. Wild-type (AB) zebrafish embryos, 

kindly provided by Dr. Ana Cvejić (Wellcome Trust Sanger Institute, Cambridge, UK), 

were reared to the adult stage in a temperature- and light-controlled zebrafish facility at 28 

°C and a standard 14:10 h light-dark photoperiod. The fish were fed twice daily with 

commercial dry food (SDS200 and SDS300 granular food, Special Diet Services, Essex, 

UK; and TetraMinTM flakes, Tetra Melle, Germany) and daily with Artemia nauplii. 

In Vivo Toxicity Assessment 

The toxicity of the GTO® formulations was assessed in accordance with the 

established guidelines set forth by the OECD for the Testing of Chemicals [332]. Embryos 

generated by pairwise mating were thoroughly washed to eliminate debris and 
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subsequently distributed at a density of 10 embryos per well in 24-well plates containing 1 

mL of E3 medium, which were maintained at a temperature of 28 °C. To evaluate both 

acute (lethal) and developmental (teratogenic) toxicity, embryos were exposed to a 

concentration 0.2 g/mL of each tested formulation at 6 h post-fertilization (hpf), an early 

embryonic stage that ensures heightened sensitivity to the evaluated specimens. Treated 

embryos were observed daily under a stereomicroscope (Carl Zeiss™ Stemi 508 doc 

Stereomicroscope, Oberkochen, Germany) for the emergence of apical endpoints (Table 

11), continuing this evaluation until 120 hpf. Dead embryos were systematically collected 

and discarded every 24 h. E3 medium served as a negative control. The experiments were 

conducted in duplicate, involving a total of ten embryos for each experimental condition. 

At 120 hpf, embryos were anesthetized through the addition of a 0.1% (w/v) Tricaine 

solution (cat. E10521, Sigma-Aldrich, St. Louis, MO, USA), subsequently photographed, 

and euthanized by freezing at -20 °C for a minimum of 24 h. 

Table 11. Lethal and teratogenic effects observed in zebrafish (Danio rerio) embryos at 

different hours post-fertilization (hpf). 

aNo clear organ structure is recognized; bMalformation of the eye was recorded, including 

retardation in eye development and abnormality in shape and size; cPresence of none, one, 

or more than two otoliths per sacculus, along with reduction and enlargement of the otic 

vesicles; dTail malformation is recorded when the tail is bent, twisted, or shorter than that 

Category 
 

Toxicological parameters 
 Exposure time (hpf) 

  24 48 72 96 120 

Lethal effect  Coagulated eggsa  ● ● ● ● ● 

  Lack of the heart beating  ● ● ● ● ● 

  Non-detachment of the tail  ● ● ● ● ● 

  Lack of somite formation  ● ● ● ● ● 

Teratogenic effect Malformation of head  ● ● ● ● ● 

  Malformation of eyesb  ● ● ● ● ● 

  Malformation of sacculi/otolithsc  ● ● ● ● ● 

  Malformation of chorda  ● ● ● ● ● 

  Malformation of tailsd  ● ● ● ● ● 

  Scoliosis  ● ● ● ● ● 

  Yolk edema  ● ● ● ● ● 

  Yolk deformation  ● ● ● ● ● 

  Growth retardatione   ● ● ● ● 

  Hatching    ● ● ● 

  Swim bladder development      ● 

Hepatotoxicity  Yolk absorption    ● ● ● 

  Liver darkening    ● ● ● 

Cardiotoxicity  Pericardial edema   ● ● ● ● 

  Heart morphology    ● ● ● 

  Heart beating rate (beat/minute)     ● ● 
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of control embryos, as assessed through optical comparison; eGrowth retardation is 

recorded by comparing the body length after hatching with that of the control embryos. 

Determination of Inflammatory and Immunosuppressive In Vivo Responses 

To evaluate the potential inflammatory and/or immunosuppressive effects of the 

tested materials, 6-hpf old embryos from transgenic Tg(mpx:GFP)i114 zebrafish line, 

which express green fluorescent protein (GFP) specifically in neutrophils were utilized 

[333]. These embryos were exposed to GTO® formulations (0.2 g/mL) and incubated at 28 

°C. At 72 hpf, the embryos were subjected to imaging using a fluorescence microscope 

(Olympus BX51, Applied Imaging Corp., San Jose, CA, USA), and the occurrence of 

neutrophils, quantified as fluorescence intensity, was determined using ImageJ software 

version 1.52. This methodology allowed for direct visualization of the impact of the tested 

material on neutrophil occurrence and accumulation within the exposed tissues or internal 

organs, as previously documented [334]. The experiments were performed in duplicate, 

employing ten embryos per group. Subsequently, five embryos were randomly selected for 

imaging and analysis of neutrophil occurrence through ImageJ software version 1.52. The 

effects of the applied treatments were analyzed in comparison to the CTRL sample. 

Wound Healing Assay 

The embryos were exposed to GTO® formulations (0.2 g/mL) and incubated at 28 

°C. For the purpose of inducing wounds, zebrafish embryos at 72 hpf were anesthetized 

using 0.02% (w/v) Tricaine solution. A full-thickness wound was created at the 

intersection of the anterior anal and dorsal fins by a sterile scalpel. The experimental 

procedure was conducted over a 120-hpf period, with ten embryos per group. 

Subsequently, five embryos were randomly selected for analysis. The extent of tissue 

regrowth (µm3) was quantified using a stereomicroscope and ImageJ software version 

1.52. The effect of applied treatments was analyzed in relation to the CTRL sample. 

In Vivo Angiogenic Potential 

The impact of GTO® on the development of blood vessels was examined in 

transgenic zebrafish Tg(fli1:EGFP)y embryos characterized by GFP-expressing endothelial 

cells [335], as previously described [336]. Briefly, zebrafish embryos at 6 hpf were 

exposed to GTO® formulations (0.2 g/mL) and incubated at 28 °C. At the 72 hpf stage, the 

embryos were anesthetized utilizing a 0.02% (w/v) Tricaine solution, followed by imaging 

under a fluorescence microscope to assess the development of subintestinal vessels (SIVs). 
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A total of ten embryos were utilized per group. To evaluate the effect of the treatments on 

new SIV formation within the designated basket, five embryos were randomly selected for 

imaging, and the number of normally developed SIVs was quantified by ImageJ software 

version 1.52. The results of the treatments were analyzed in comparison to those of the 

CTRL group. 

Statistical Analysis 

Statistical analyses were conducted utilizing GraphPad Prism Software Analysis 

version 9. The normality of the data distribution was assessed via the Kolmogorov-

Smirnov test. Subsequently, the data were analyzed employing one-way or two-way 

ANOVA with the Bonferroni post-hoc test, or the Kruskal-Wallis test, contingent upon the 

distribution of the data. The level of statistical significance was established at p ≤ 0.05. 

Results are reported as the mean ± standard deviations. 

 

4.3.2. RESULTS 

Toxicity Assessment 

To assess the biocompatibility of GTO®, the toxicity profiles of two distinct 

formulations of the material—supernatant and suspension—were evaluated using an in 

vivo zebrafish model and compared against a CTRL group. AB zebrafish embryos were 

exposed to the GTO® formulations (0.2 g/mL), and a systematic analysis was conducted to 

examine various toxicity endpoints (Table 11). The in vivo data collected from this assay 

indicated that GTO® did not produce any adverse effects in either formulation on the 

developing embryos during exposure lasting up to 120 hpf. The results demonstrated no 

significant differences when compared to the CTRL group. All exposed embryos exhibited 

survival rates without any skeletal malformations, and there were no adverse effects 

observed on heart rate or blood circulation in the caudal region relative to the CTRL 

embryos. Additionally, there were no discernable changes in liver coloration or yolk 

consumption. These findings suggested that the material exhibits a safe profile at the tested 

concentration and merits further in vivo investigation (Figure 59). 
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Figure 59. Evaluation of the toxicity of GTO® suspension and supernatant (0.2 g/mL) in 

vivo using the zebrafish (Danio rerio) model over a period of 120 h post-fertilization (hpf). 

Both GTO® formulations did not adversely affect (a) the survival of the exposed embryos 

or (b) their morphological characteristics, regardless of the duration of exposure. 

Magnification: 10×. 

Immunotoxicity Assessment 

Inflammation is a prevalent concern associated with dental materials; therefore, 

we investigated whether both GTO® formulations elicited such a biological response in 

vivo. The transgenic Tg(mpx:GFP)i114 zebrafish embryos were utilized and directly 

exposed to the tested materials for up to 72 hpf, allowing for monitoring the presence of 

neutrophils within the exposed organism in real-time using fluorescence microscopy. 

Notably, the data obtained from this assay demonstrated that none of the materials tested 

induced an inflammatory response or an immunosuppressive reaction (neutropenia) in the 

treated embryos. The number of neutrophils remained stable, showing no significant 

increase or decrease when compared to the CTRL group. This indicated that neither the 

GTO® suspension nor the supernatant resulted in tissue inflammation or neutropenia 

(Figure 60). 
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Figure 60. The biocompatibility of GTO® suspension and supernatant (0.2 g/mL) 

evaluated in the Tg(mpx:GFP)i114 zebrafish line, utilizing fluorescently labeled 

neutrophils. The presence of neutrophils is quantified as the percentage (%) of the control 

group after 72 hpf, and representative images illustrating fluorescence intensity are 

presented. n.s.: Not statistically significant. Magnification: 20×. 

Caudal Fin Regeneration 

Zebrafish caudal tail fins were transected at 72 hpf, and images were captured 

over a 3-day period to assess regeneration using a stereomicroscope. The extent of 

regeneration in embryos was evaluated immediately following the initial wounding and 

again 3 days post-wounding. The results indicated that the embryos achieved nearly 

complete regeneration by the third day post-wounding when treated with GTO®. At this 

time, the regeneration area returned to levels observed prior to injury. Both formulations of 

GTO® displayed a statistically significant enhancement in embryo-tail wound healing 

compared to the CTRL group (p < 0.01), with no significant differences detected between 

the two GTO® formulations (Figure 61). 
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Figure 61. Zebrafish caudal amputation and regeneration test. A full-thickness wound was 

created at the intersection of the anterior anal and dorsal fins by a sterile scalpel, then the 

regrowth area (µm3) was quantified at 3 days post-wounding. **p < 0.01. Magnification: 

10×. 

Angiogenic Effect 

To evaluate the angiogenic potential of GTO® suspension and supernatant, the 

development of new SIVs was analyzed in Tg(fli-1:EGFP)y zebrafish embryos, which 

exhibit GFP expression in their endothelial cells. Observations were conducted using a 

fluorescent microscope. As illustrated in Figure 62, the number of SIVs present in the yolk 

region of Tg(fli-1:EGFP)y embryos in both GTO® formulation-treated groups 

demonstrated a statistically significant enhancement when compared to the CTRL group 

after 72 hpf.  

 

Figure 61. The effect of GTO® suspension and supernatant on the formation of new 

subintestinal vessels (SIVs) in the yolk region (basket) of Tg(fli-1:EGFP)y zebrafish 
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embryos after 72 hpf. The number of normal SIVs was quantified using a fluorescence 

microscope, which allowed for the counting of intersegmental vessels (asterisk) and new 

sprouts (arrow). *p < 0.05, ***p < 0.001. Magnification: 20×. 

Specifically, the GTO® suspension showed a significant increase with a p < 0.05, 

whereas the GTO® supernatant exhibited an even more significant increase with a p < 

0.001. No substantial differences were identified between the treated groups; however, 

embryos in the supernatant group displayed some instances of new vessel branching. 

Conversely, SIVs in the CTRL group were nearly absent. These findings indicated that 

GTO® has the potential to promote angiogenesis in zebrafish, particularly highlighting the 

efficacy of the supernatant. 

 

4.3.3. DISCUSSION 

The present research aimed to elucidate the role of collagen in facilitating and 

enhancing vascularization and tissue regeneration. This investigation specifically focused 

on assessing the toxicity, wound healing capabilities, and neoangiogenesis properties of a 

novel collagenated xenograft (GTO®), employing an in vivo preclinical model of zebrafish. 

The establishment of a robust blood vessel network in newly developing tissues is essential 

for facilitating optimal bone regeneration and ensuring the long-term stability of implants 

[29]. By elucidating the potential of the material to stimulate angiogenesis, this study 

provided valuable insights that may enhance its applicability and effectiveness in 

regenerative therapies. The zebrafish model is widely acknowledged by regulatory bodies 

such as the Food and Drug Administration (FDA), National Institutes of Health (NIH), and 

the National Centre for the Replacement, Refinement and Reduction of Animals in 

Research (NC3Rs) as an important biotech platform for preclinical investigations 

concerning biomaterials and pharmaceuticals, owing to its high degree of genomic, 

molecular, physiological, immunological, and pharmacological similarity to humans. 

Moreover, it serves as a viable alternative to mammalian models for preclinical 

experimentation due to its cost-effectiveness, reduced timeframes, ease of maintenance, 

high reproductive capacity, rapid ex utero development, absence of ethical concerns, and 

the transparency of embryos [337]. The investigated collagenated bone graft material was 

evaluated both in its suspended form and as a supernatant extract in the culture water of 

Danio rerio embryos. Over a period of 72 to 120 hpf, the findings indicated that neither 

formulation of the tested biomaterial exhibited toxicological effects on the embryos or 



163 
 

triggered an inflammatory response, as corroborated by the quantification of fluorescent 

neutrophils. Furthermore, both formulations demonstrated a statistically significant 

increase in the percentage of regrowth area (p < 0.01) following caudal amputation and in 

the number of new SIVs emerging from the yolk region (p < 0.05 for the suspension and p 

< 0.001 for the supernatant) when compared to the untreated groups. Notably, in the latter 

case, no significant differences were detected between the two formulations, indicating that 

both the biomaterial in its original form and the released supernatant, derived from the 

extraction of the organic and inorganic components over a period of 3 days, were capable 

of exerting similar beneficial outcomes. Consequently, the in vivo preclinical data obtained 

from the exposure of zebrafish embryos to either the suspension or supernatant of the 

collagenated biomaterial demonstrated the complete biocompatibility of the product, along 

with its effective promotion of wound healing and new vessel formation. 

The zebrafish model has shown promise in the field of dentistry, particularly for 

preclinical testing of dental implants and materials. A literature review indicated that much 

of the research in this domain focuses on genetics, craniofacial development, infectious 

diseases, chemical toxicity, and material safety, although the application of this model 

remains relatively infrequent [338]. For example, Radunovic et al. [339] demonstrated the 

biocompatibility and safety of graphene-oxide functionalized titanium surfaces on Danio 

rerio embryos. In a separate investigation of the same group, the angiogenic and non-toxic 

or immunomodulatory effects of newly synthesized calcium phosphate and acetylsalicylic 

acid-based cements were evaluated [340]. In this case, the study reported minimal or no 

inhibitory effects on the development of intersegmental vessels (ISVs) associated with the 

tested cements. This stands in contrast to the significant collagen-dependent enhancement 

observed in the formation of SIVs in the current investigation. Further research conducted 

by Zhu et al. [341] examined the effects of zinc ions released from novel zinc-modified 

titanium surfaces on angiogenesis and osteogenesis, revealing that both processes were 

enhanced in zebrafish embryos.  

Notably, there is a paucity of studies addressing the application of the zebrafish 

model for the investigation of collagenated biomaterials used in dentistry. However, a 

limited number of investigations have explored the role of collagen in wound healing, 

tissue repair, and vessel formation within zebrafish models. Specifically, Xiong et al. [342] 

demonstrated that particular collagen peptide mixtures derived from fish promoted caudal 

wound healing and vessel proliferation while mitigating inflammatory responses. One 

specific peptide mixture not only facilitated repair and proliferation but also led to the 
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clearance of cellular debris and apoptotic cells within the cutaneous lesion. These findings 

appeared to be aligned with the enhancement of wound healing demonstrated in the current 

research. Additionally, a study by Senk and Djonov [343] corroborated our findings on the 

angiogenic potential of collagen, illustrating how collagen fibers provide guidance cues for 

capillary regrowth during the process of regenerative angiogenesis. 

The capabilities of GTO® in facilitating vascularization and promoting tissue 

regeneration have been demonstrated in an in vitro study and in numerous clinical 

investigations, respectively. In the first case, the authors have confirmed enhanced 

secretion of VEGF and fibroblast growth factor 2 (FGF-2), as well as the recruitment, 

proliferation, and organization of endothelial cells [344]. In clinical studies, GTO® has 

shown an excellent rate of new bone formation, effective graft volume preservation, and 

the presence of healthy new bony tissue, ultimately leading to successful implant 

rehabilitation. Its adhesive properties make it particularly effective in treating peri-implant 

lesions and in horizontal augmentation procedures, such as two-wall defects resulting from 

crest resorption, as well as for socket preservation in cases with compromised buccal plates 

[330,331,345,346]. However, although the efficacy of this collagenated biomaterial in new 

bone formation has been extensively investigated, this research represents the first in vivo 

assessment of its angiogenic potential using a zebrafish model. 

Overall, the present study provided significant insights into the role of 

collagenated xenograft GTO® in promoting vascularization, wound healing, and 

neoangiogenesis, utilizing a zebrafish model to evaluate its potential applications in oral 

regenerative therapies. While the findings indicated that both the material's suspension and 

supernatant forms support angiogenesis and demonstrate biocompatibility, several 

limitations merit consideration. Firstly, the reliance on the zebrafish model, though 

beneficial due to its physiological similarities to humans, may not fully replicate the 

complex interactions that occur in mammalian systems. This limitation raises concerns 

regarding the translational applicability of the results to human clinical settings, as the 

vasculature and immune responses in zebrafish can differ from those in larger mammals. 

Moreover, while the study demonstrated significant effects on vascularization and healing, 

the mechanisms underlying these processes remain only partially elucidated, and further 

investigation into specific pathways activated by the collagenated biomaterial is warranted. 

The absence of long-term follow-up in the zebrafish model also limited the ability to assess 

the durability of the observed outcomes—specifically, whether the angiogenic benefits 

translate to sustained improvements in tissue regeneration in more complex environments. 
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Additionally, while the study showed that both the suspended and supernatant forms of the 

biomaterial yield positive outcomes, it did not explore potential dosimetric effects or the 

precise concentrations of active components involved, which could influence the efficacy 

of the treatment. Lastly, the literature highlights a relative scarcity of studies directly 

linking collagenated biomaterials to effective angiogenesis and tissue regeneration in 

dental applications using the zebrafish model. While related research exists, the limited 

scope of comparison underscores the need for more comprehensive evaluations of 

collagen's effects in oral and maxillofacial contexts. Future studies should address these 

limitations by incorporating mammalian models to validate findings, exploring the 

mechanistic pathways involved in collagen-mediated angiogenesis, and considering the 

long-term effects on tissue integration and regeneration. However, while the current 

research laid a foundational understanding of the potential of GTO® in neovascularization, 

a thorough exploration of its biological mechanisms and the broader applicability of the 

findings will be critical for advancing its clinical use. 
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5. CONCLUSIONS AND FUTURE PERSPECTIVES 

This doctoral research project has thoroughly demonstrated the significant 

potential of various collagen-based biomaterials in advancing dental regenerative 

therapies. The studies have underscored collagen’s intrinsic biocompatibility, 

osteoconductive properties, and ability to modulate critical biological processes such as 

cell adhesion, proliferation, differentiation, and vascularization. The development of 

collagen-coated dental implants and the investigation of innovative collagen-based 

scaffolds has shown promising results in enhancing osseointegration, soft tissue healing, 

and angiogenesis, paving the way for more predictable and sustainable outcomes in clinical 

settings. The findings emphasized the importance of tailoring biomaterial properties to 

mimic the hierarchical structure of natural ECM components, thus creating an optimal 

microenvironment for tissue regeneration. Moreover, the in vitro, ex vivo, and in vivo 

models used in this research have validated the feasibility and efficacy of the proposed 

biomaterials, offering significant insights into the interaction dynamics between the 

biomaterials and host tissues.  

Building on the findings presented in this doctoral project, several promising 

avenues could be pursued for future exploration: 

- Enhancing the N2 functionalization technique on implant surfaces could 

significantly improve the stability of the coating and the clinical outcomes related to dental 

implants;  

- Further optimization of the N2 coating properties through the incorporation of 

bioactive molecules and antimicrobial agents may augment the osteogenic and antibiofilm 

properties of the collagen-coated implants, thereby reducing infection risks and improving 

the implants’ resilience against bacterial colonization, as well as promoting their long-term 

stability and maintenance; 

- It is imperative to evaluate the in vitro soft tissue adhesion and regeneration 

capabilities of the N2-coated surfaces in relation to the abutment section. This assessment 

will provide crucial insights into the capacity of the coated implants to integrate with soft 

tissues, a vital aspect influencing overall implant success;  

- Following these in vitro assessments, subsequent animal studies should be 

conducted to rigorously evaluate the overall beneficial potential of collagen-coated 

implants. Specifically, these investigations will aid in establishing the efficacy of N2 in 

fostering new bone formation, soft tissue adhesion, and the long-term stability of the 
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implants in a living organism, thereby bridging the gap between laboratory findings and 

clinical applications; 

- It is important to acknowledge that the biomechanical evaluations conducted 

during this project predominantly utilized in vitro bone models or numerical simulations. 

While these methodologies provided invaluable preliminary insights, they cannot 

completely replicate the complexities of in vivo environments. Therefore, additional 

validation through comprehensive in vivo studies is essential to confirm the biomechanical 

performance of the coated implants under actual physiological conditions. This progression 

towards in vivo analysis will be crucial in the development of an innovative implant 

surface coated with N2, specifically designed to enhance integration with periodontal 

tissues, ensure an effective antibacterial seal, and confirm biomechanical robustness. 

In conclusion, while the current research establishes a strong foundation, the 

proposed future inquiries hold substantial promise for advancing the field of dental implant 

technology. By addressing the identified limitations and exploring the enhancement 

avenues outlined above, future work can lead to the development of superior collagen-

coated implants that improve clinical outcomes, enhance patient satisfaction, and ensure 

long-term implant success. Ultimately, the integration of improved functionalization 

strategies and comprehensive in vivo evaluations will contribute to a new generation of 

dental implants that are not only effective but also tailored to meet the complex 

requirements of periodontal health and tissue integration. Through continued innovation 

and resolution of existing challenges, collagen-based biomaterials have the potential to 

redefine standards in both dental and regenerative therapies. This doctoral research may 

significantly contribute to the foundation of this endeavor, setting the stage for future 

advancements that emphasize both functional and aesthetic outcomes for patients. 
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